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THE DEVELOPMENT OF PAPER-BASED MICROFLUIDIC DEVICES FOR 
ENVIRONMENTAL AND FOOD QUALITY ANALYSIS 
 
  Providing safe and nutritious food and water, both domestically and internationally, has 
long been a goal for improving global health. Recent legislations enacted within the United States 
have enabled government agencies to further regulate agricultural and industry standards, 
necessitating the need for more preventative approaches with regards to food and beverage quality 
and safety. Increasing detection speed and enabling field and production detection of point-source 
contamination are crucial to maintaining food and beverage safety as well as preventing 
detrimental disease outbreaks, such as those caused by bacterial contamination. The development 
of simple, inexpensive, and portable methods for detecting contamination indicators are key to 
reaching this goal. Moreover, recent developments into microfluidic approaches for analysis have 
shown great promise as platforms for providing faster simplified methods for detection. The work 
conducted within this dissertation focuses on the development of simple, inexpensive and 
disposable platforms for colorimetric and electrochemical analysis of food and beverage quality. 
Aside from more commonly studied polymer-based devices, recent advances in paper-based 
diagnostics have demonstrated use as an analytical platform capable of self-pumping, reagent 
storage, mixing, and implementation of various detection motifs.  
Herein, the development of microfluidic paper-based analytical devices (μPADs) is 
presented as aplatform for the colorimetric detection of bacteria in food and water samples. Initial 




Salmonella Typhimurium, and E. coli O157:H7 bacteria species, all of which have been associated 
with fatal, multistate food- and waterborne outbreaks. Detection was performed on ready-to- t 
meats using a swabbing technique to collect and quickly culture surface contamination of bacteria 
using enzymatic assays within paper-based microwells. A scanner was used for imaging followed 
by use of image analysis software for semi-quantitative measurement determination. This method 
was further applied to the detection of bacteria in irrigation water, a known source of foodborne 
contamination, using a 3D-printed filter for collection and culture of bacteria present in low 
concentrations within water.  
Although colorimetric detection offers a simple, visual detection method, electrochemistry 
is an alternative, sensitive and portable method for detection. Use of common office materials such 
as transparency film and copy paper, as well as laboratory filter papers were studied and developed 
for optimal electrochemical platform performance. The use of microwires as a simple fabrication 
method for incorporating metallic or modified metallic electrodes into electrochemical paper-
based devices (ePADs) was also developed. Electrochemical behavior in both well-based and 
flow-based ePADs was studied and implemented for the nonenzymatic detection of sugars in 
beverages using copper oxide modified microwires, and for the in-line flow detection of enzymatic 
assays using gold and platinum microwire electrodes respectively. Furthermore, the fast, 
inexpensive, and simple fabrication of carbon stencil-printed electrodes (CSPEs) on transparency 
film were demonstrated for the electrochemical detection of E. coli and Enterococci bacteria 
species, both indicators of fecal contamination, in food and water samples using enzymatic assays.  
These same assays could also be determined colorimetrically and a more portable cell phone was 




use in place of a more bulky and expensive plate reader, and results were used for comparison to 
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1.1 Chapter Overview 
Microfluidic devices have shown considerable promise in both point-of-care (POC) and 
point-of-need (PON) diagnostics due to several inherent advantages1 including; a small footprint, 
small reagent volumes generating small waste volumes, and increased portability and accessibility 
for detection relative to traditional laboratory testing methods. While microfluidic technology has 
continued to develop in an academic research setting, a considerable gap has developed between 
their use in the lab and the ability to deploy devices in real world settings.2 More recent 
microfluidic approaches have sought to mitigate this problem by implementing battery or even 
power-free methods for solution flow and detection.3, 4 A large portion of the burden associated 
with developing microfluidic devices capable of performing on-site or in-the-field measurements 
cost effectively lies in the platform material. Paper as an analytical platform material, has the 
advantage of providing inexpensive, power-free fluid manipulation, and an easily modifiable and 
deployable approach for microfluidic device development,5, 6  
An area of increasing interest in the field of microfluidics and microfluidic paper-based 
analytical device (μPAD) development lies in the detection of food and waterborne contamination, 
including bacterial contamination.7, 8 Pathogen contamination, including bacterial contamination, 
is of concern both globally and domestically, as it can have serious human health and financial 
consequences.9 As such, increasing regulations for preventing bacteria associated outbreaks in 
these and related industries have imposed the need for more portable, simple, low-cost, and rapid 
methods of detecting bacterial contamination.  
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Within this dissertation, μPADs are presented as an alternative detection platform for 
detecting bacterial contamination in food and water.10, 11 In this chapter, the prevalence and health 
effects of food and waterborne bacterial contamination as well as the current methods for detecting 
and monitoring pathogens are discussed. Subsequent chapters discuss experimental progress 
towards our goals. The development of novel paper-based methods in combination with 
preconcentration techniques is then presented as a f ter method for first level screening of 
bacterial contamination. Subsequent chapters demonstrate two approaches towards the use of 
paper and inexpensive transparency film as an analytical platform and in the detection of food and 
waterborne bacteria. 
 
1.2 Food and Waterborne Disease 
 The prevalence of food and waterborne diseases are some of the most significant causes of 
global morbidity and mortality.12, 13 While children under the age of five only make up 9% of the 
global population, they make up nearly half of the global foodborne and waterborne disease 
burden.12, 14, 15  In the United States alone, a country with some of the highest levels of food and 
water safety, it is estimated that 1-in-6 Americans fall ill from foodborne pathogens each year, 
totaling around 50 million cases, and costing an estimated $15.6 billion.16 The latest reports from 
the Centers for Disease Control (CDC) found that 47% of waterborne (study between 2011-2012)  
and foodborne illnesses (study between 2009-2010) reported were due to bacterial 
contamination.17, 18 While viruses have been more common in foodborne illness (52% of cases), 
bacterial contamination has been responsible for higher severity cases that resulted in 
hospitalization (80% of cases) and death (77% of cases).19 Although the Environmental Protection 
Agency (EPA) has enforced compliance and regulation of water quality standards for several 
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decades within the United States, the CDC and the US Food and Drug Administration (FDA) have 
primarily only had protocols in place for responding to foodborne disease outbreaks. It has only 
been recently with the FDA’s Food Safety Modernization Act (FSMA) in 2011 that the focus has 
changed toward foodborne disease prevention. Within the last few years, regulations have passed 
that require both agricultural and food processing industries to test for bacterial contamination. As 
a result, the frequency and volume of bacterial testing has significantly increased over the past few 
years, imposing serious time and cost burdens to both industries. With this new legislation and the 
ongoing goals of agencies such as the World Health Organization (WHO) to improve food and 
water quality conditions globally, there is a need for alternative, simple and inexpensive methods 
for bacterial contamination detection.  
 
1.3 Conventional Bacteria Analysis Methods 
The importance of bacteria in human health has led to the development of numerous 
methods for detecting bacteria. Common methods for bacteria detection include immunoassays, 
DNA amplification/detection methods such as polymerase chain reaction (PCR), and traditional 
culture methods.20 Each methodology has its own inherent advantages and disadvantages and are 
discussed below. 
The gold standard and oldest method for bacterial detection has been in using culture-based 
methods.21 Culturing allows for the verification and identification of live cells using selective 
growth medias and conditions, chromogenic reagents, and microscopy of cell morphologies. Cells 
are grown in nutrient rich medias and/or growing conditions that can selectively inhibit or enhance 
growth of certain organisms based on their metabolic and reproductive processes. Further reactions 
with substrates specific to certain metabolic processes within strains or serotypes (classification 
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based on antigens that elicit an immune response) of bacteria species then generate detectable 
products.22 Cell culture has been the standard method for providing quantifiable values for viable 
bacteria within a sample, and is used as the basis for reporting and regulating bacteria 
concentrations in both food and water. Numbers for bacteria concentration are reported based on 
the number of colonies grown on a media plate, or colony forming units (CFU), and then reported 
as the number of CFU per sample unit volume, mass, or area tested (i.e. CFU/mL, CFU/g, or 
CFU/cm2). The major limitation to this method is that it is time and material intensive. Bacteria 
detection and identification can take hrs to days for analysis while requiring large volumes of 
media and reagents. Another issue is the possibility that not all pathogenic strains of bacteria can 
be cultured using conventional methods and/or are in dormant stages of growth.23 While there have 
yet to be pathogenic strains discovered that cannot be cultured due to the similar environments that 
both culture techniques and the human body provide, this remains an argument for the use of 
alternative molecular-based methodologies.24  
Because, of these limitations, DNA- and immuno-assays have also been used as secondary 
and/or alternative detection approaches.25 In fact, both methods have received considerable 
attention and development over the years, however, while DNA assays and immunoassays have 
advantages such as selectivity and sensitivity, both can suffer from inhibition effects from the 
environment that lead to false positives as well as high instrument and/or test costs.26, 27 Although, 
lateral flow assay platforms are significantly cheaper than DNA amplification platforms both are 
still relatively expensive when considering testing in developing countries or on large scales.28, 29  
DNA assay techniques are most commonly associated with amplification methods 
including PCR, as near single bacteria detection limits can be achieved using this method due to 
the amplification and subsequent detection of target DNA.30 The process requires the extraction of 
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DNA followed by denaturation (splitting of double stranded DNA into two strands at a high 
temperature of about 95°C), primer (strand of complimentary DNA to the target sequence) 
annealing, and elongation using DNA polymerase to replicate the target strand of DNA by pulling 
from a reagent pool of nucleic acids. The process is repeated until enough copies are formed for 
detection, usually via the binding of a fluorescent probe. Detection specificity is highly dependent 
upon the primer sequence, and mutations or nonspecific binding can lead to false results.31 
Detection limits themselves are also highly dependent upon DNA extraction efficiencies, which 
can be effected by the sample matrix.32 Despite certain limitations, such as the inability to 
determine live or dead cells and the need for trained personnel, the use of DNA assays have become 
standard methods for detection due to their fast response time (several minutes) and selectivity.33 
While instruments for PCR detection can be expensive and bulky, recent advances have developed 
miniature, and less expensive (~$650) PCR systems.34  
Immunoassays can cover a range of formats, however, the core to each assay is the specific 
binding of an antibody to a target antigen associated with a specific strain or serotype of bacteria.26 
Serotyping uses immunoassays to categorize bacteria based on the presence of specific cellular 
component antigens.35, 36 Immunoassays for bacteria detection have generally been employed in a 
lateral flow assay strip (LFA), or well-based enzyme linked immunosorbent assay (ELISA) format. 
Both processes use antibody labels or bacterially produced reactions to produce a visual, 
spectrophotometric, or fluorescent signal.37 As evidenced by the name ELISA’s use enzyme labels 
to react with a substrate and produce a detectable product in combination with plate readers for 
detection, making it more of a laboratory-based technique. LFAs however, provide more portable 
detection and have been developed in the literature and as commercial products for on-site 
detection of bacteria.38, 39  Additional advantages to using immunoassays, especially LFAs, lies in 
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their ability to selectively capture target bacteria and speed of detection, however LFAs are 
generally a yes/no indicator of bacteria and not a quantitative method for detection. Limitations to 
immunoassays include high detection limits (~103 CFU/mL reported in literature, and 104-107 in 
commercial strips CFU/mL)40 without preconcentration and/or culture methods, interference or 
inhibition from environmental effects, and target antigen expression inhibition or mutation.26 
Commercially available lateral flow assays for food and waterborne bacteria detection usually 
come with culture medias for overnight enrichment to overcome  issues in sensitivity.41 
 
1.4 Introduction to Paper-Based Devices 
While paper has been used in analytical testing for several centuries,42 the use of paper as 
a platform for microfluidic assay testing only recently gained interest, with the publication of a 
paper-based device for bioassays.43, 44  The device concept was simple, inexpensive and required 
minimal use of sample and reagents, resulting in a more easily disposable, simple to use, and low-
cost analysis platform.  Paper is made with a porous network of hydrophilic fibers that can wick 
solution via the use of capillary action. Reagents can then be stored and subsequently mixed within 
the capillary network, all without the use of an external power supply that would normally be 
necessary for traditional microfluidics. Fluid control and manipulation was managed by patterning 
hydrophobic barriers, creating hydrophilic regions for sample addition and subsequent detection 
within multiple detection regions. Since the publication of this work, realization of paper as a more 
potable and inexpensive method for analysis in the field and in developing countries has led to the 
development and deployment of several paper-based technologies,44, 45 and the field has grown in 




Figure 1.1 Examples of paper-based devices printed with different device geometries, 
capabilities, and fabrication processes (Image taken from Appendix 1)6 
 
We have recently written a comprehensive review on the fabrication and utilization of 
paper-based devices for applications in biological, environmental and food and beverage quality 
control monitoring (Appendix I).6 This review also covers the many forms of fabrication for paper-
based devices. The utility of using paper in printing processes allows formation of device barriers 
and structures, application of reagents, and deposition of sensor materials to be either mass-
produced or easily optimized on a research scale. µPADs can be manufactured as fluidic networks 
or spot tests using a variety of methods such as photolithography, inkjet printing, stamping, and 
wax printing.43, 46-49 Wax printing in particular provides a simple and fast method for creating 
hydrophobic barriers in paper. Examples of fluidic designs (Figure 1.1) can be simple straight 
channel devices or more complex dendritic channel patterns where the sample is deposited in the 
center and subsequently flows into outer detection regions for multiplexed detection. μPADs have 
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been demonstrated with several different detection methods including colorimetric, 
electrochemical, fluorescent, chemiluminescent, and electrochemiluminescent detection.6, 50 
Colorimetric detection in particular can provide a simple visible qualitative analysis method that 
does not necessitate the need for expensive or bulky analysis equipment. As such, paper has been 
proposed as an alternative platform for the colorimetric determination of food and waterborne 
bacteria detection and is discussed further in the next few sections.  
 
1.5 Development of Paper-Based Analytical Devices for Pathogen Determination 
Seminal work in the field of paper-based devices for food and waterborne bacteria 
contamination was published by the Henry group, and was one of my first graduate manuscripts. 
These works are reviewed in the next section of this dissertation while the body of my individual 
work is described in subsequent chapters. A review of other works published in the field since that 
time is presented below. 
Since we first published the use of paper as a substrate for the colorimetric detection of 
bacteria in food samples in 2012,10 further development of μPAD devices for bacteria detection in 
food have relied primarily on enzymatic activity and/or immunoassays.51, 52 In a similar manner to 
our work, one example used the same assays that we published for E. c li detection in a 
multiplexed lateral flow test strip.10, 11, 40 These assays generally require bacterial growth for 
enzyme production and detection which has the advantage of being able to detect live bacteria. 
This method, improved time to detection, by incorporating the use of an immunomagnetic 
separation step (IMS). Magnetic beads with antibodies selective to E. c li were used to capture 
and concentrate bacteria from a sample, prior to culturing. Detection of a pathogenic and non-
pathogenic strains of E. coli were reported within 5 hr for 100 CFU/mL. In another work, a gold 
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nanoparticle (AuNP)/β-galactosidase/CPRG assay was also used for the non-selective detection of 
bacteria in an inkjet-printed test strip format. While not selective to bacteria, it did show sensitive 
(103 CFU/mL from culture dilutions) detection without culture. AuNPs were used as an inhibitor 
to printed β-galactosidase and CPRG reagents. Upon introduction to sample, bacteria present 
would bind to the AuNPs and decrease inhibition of the assay, creating a visual color change. 
However, the method suffered from severe inhibitory effects with salt content.  
An alternative detection method presented by Park et al. used antibody conjugated 
polystyrene nanoparticles for Salmonella Typhimurium detection.53 Instead of colorimetric 
detection, however, portable cell phone detection was used to measure light scattering intensity. 
Lysed bacteria added to a paper-based device flowed over pre-loaded antibody conjugated 
polystyrene beads. The presence of the target antigen caused immunoagglutination and increased 
measured light scattering with a reported detection limit of 102 CFU/mL without culture. While 
no real samples were tested, and because this method relies on light scattering, interference f om 
background contaminants or matrix effects could cause issues with detection.  
Recently, promising research has developed paper-based culturing devices to take the place 
of traditional culture procedurs..54, 55 Diess et al. developed a paper-based culture plate capable of 
measuring antibiotic resistance of bacteria grown within the device shown in Figure 1.2.54 After 
the addition of only 400 μL of growth media to a printed paper-based culture well, the device was 
sealed in plastic and autoclaved, similar to a traditional culture plate. When ready to use, the device 
was opened and 50 μL of blue chromogenic reagent were added as an indicator for cell viability 
and changed to pink with the occurrence of cell death. Two regions in the plate imbedded with two 
different antibiotics took the place of antibiotic infused discs usually used to detect antibiotic 
susceptibility of different strains of bacteria. This device proved simpler to use as only bacteria 
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had to be added to the culture plate and grown overnight. The distance color change occurred from 
blue to pink occurred from the antibiotic spots was simply measured using printed markers within 
the culture plate. The ease of use and low-cost of the device makes this device a viable option for 
in-the field measurements and could be combined with our current methods for bacteria detection. 
 
Figure 1.2 Image showing comparison of paper-based culture plate (A-D) to a traditional culture 
plates (E-H) with antibiotic regions (T and K) taking the place of inserted discs, with increasing 
applied cell concentrations (CFU).54 
 
Currently the only example of paper-based electrochemical detection of bacteria was 
presented by Wang et al. 56 The working electrode consisted of antibody-conjugated AuNPs on a 
reduced graphene oxide paper-based electrode. The antibodies on the electrode surface captured 
target bacteria, which caused a measured change in impedance that correlated linearly with 
bacteria concentration. This method successfully detected E. coli O157:H7 from both ground beef 
(LOD of 1.5 x 104 CFU/mL) and cucumber (LOD of 1.5 x 103 CFU/mL) food samples.  
Due to the success of our approach, and a lack of other inexpensive electrochemical 
methods for food and waterborne pathogen detection, I further studied the development of paper- 
and transparency film-based platforms for electrochemical detection. The development and 
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application of paper-based electrochemical platforms for well-based and flow-based detection is 
presented in Chapters 2 and 3. Further work, presented in Chapter 4, developed alternative assays 
for the colorimetric detection of bacteria and implemented a more portable cell-phone capable of 
monitoring reactions with time instead of our previously reported end-point measurements.  These 
assays were also capable of electrochemical detection and were developed as an alternative m thod 
for bacteria detection in Chapter 4. 
 
1.6 My Early Contributions to Paper-Based Analytical Devices for Foodborne Pathogen 
Determination. 
Early in my graduate studies, I worked with another Henry group member, Jana Jokerst to 
develop the first paper-based analytical devices for bacterial detection. In this early work, paper-
based colorimetric spot test for the detection of foodborne bacteria were developed.10 This was the 
first example of paper-based bacteria detection development in the literature and was published in 
Analytical Chemistry. We further applied this detection technique to the detection of bacterial 
contamination in irrigation water and was published in the Journal of Visualized Experiments 
(JoVE). Three pathogenic species known for causing serious health problems in food and 
waterborne disease outbreaks were tested. Listeria monocytogenes, E. coli O157:H7 and 
Salmonella Typhimurium.13 Production of specific enzymes indicative of certain strains of 
bacterium were used to elucidate bacterial contamination based on reactivity with substrates 
imbedded into the paper-based well devices. Figure 1.3. shows the substrate structure and starting 




Figure 1.3 Bacteria-indicative colorimetric reactions.  Substrates (X-Gluc, CPRG, MC, and X-
InP) imbedded in the microspots of the µPADs react with bacteria-indicative enzymes (β-
glucuronidase, β-galactosidase, C8-esterase, and PI-PLC) to produce a colorimetric change.  (A) 
A positive X-Gluc reaction is an indication of generic E. coli, but not E. coli O157:H7; (B) a 
positive CPRG reaction is an indication that E. coli are present; (C) a positive MC reaction 
indicates the presence of Salmonella spp.; (D) and a positive X-InP reaction indicates the presence 
of L. monocytogenes. 
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For detection, 7-mm-diameter paper-based wells capable of holding 30 μL of total solution volume 
were imbedded with 5-bromo-4-chloro-3-indolyl and β-D-glucuronide (X-Gluc) Chlorophenol red 
β-D-galactopyranoside (CPRG) for detection of β-glucuronidase and β-galactosidase produced by 
E. coli (Figure 1.3A and B respectively); 5-bromo-6-chloro-3-indolyl caprylate (magenta caprylate 
or MC) for the detection of C8-esterase produced by Salmonella spp. (Figure 1.3C); and 5-bromo-
4-chloro-3-indolyl-myo-inositol phosphate (X-InP) for detection of phosphatidylinositol-specific 
phospholipase C (PI-PLC) produced by L. monocytogenes (Figure 1.3D). Thus, the presence of a 
particular bacterium can be observed visually without the need for complex equipment or data 
interpretation.  All of these assays are well accepted in the identification of each of their 
corresponding bacterium within traditional culture methods. PI-PLC and C8-esterase area both 
specific for Listeria and Salmonella spp. respectively, all of which are pathogenic.57-59 However, 
while the enzymes produced by E. coli are more common and reactive for E. c li spp., they can be 
produced by other bacteria species, and are used more as indicators for total coliform and fecal 
contamination in both food and water.60  
 Each assay was imaged according to the process shown in Figure 1.4A. Colorimetric results 
can be either used as a visual indicator for the presence of pathogenic bacteria (yes/no) or ca  be 
semi-quantified using an image analysis software (Figure 1.4A). A scanner is used to image the 
device once the assay well has completely dried and the average grey intensity of the spot test is 





Figure 1.4 Visual and ImageJ analyses of the bacteria-indicative colorimetric µPAD tests.  Panel 
A shows digitized colorimetric images for each assay with both a negative (-) and positive (+) test.  
Negative tests were performed using lysates of bacterial species that do not encode the target 
enzymes and positive tests with lysates or enrichments of the target bacteria.  (1) Unmodified 
scanned images.  (2) Scanned images converted to greyscale using ImageJ software, and (3) color 
inverted images for subsequent interpretation of grey intensity.  (4) Average grey intensity 
measured using ImageJ within each microspot of the µPAD (an example microspot is indicated by 
the yellow arrow and circle).  Panel B shows the average grey intensities (determined by ImageJ) 
for each colorimetric µPAD positive and negative test. 
 
 
Sampling food samples was done using a surface swabbing technique shown in Figure 
1.5A. Inoculated or control ready to eat meat samples of bologna were swabbed using a “Phast 
swab” that was then used as a small volume enrichment vial (Figure 1.5B). Creating a simple and 
easily disposable and portable all-in-one sampling and enrichment device that, provided a heat 
source could be used to quickly culture bacteria in the field. The low volume of enrichment was 
found to more rapidly produce detectable concentrations of bacteria. An example result for Listeria 
detection is shown in Figure 1.5C. Detection of live bacteria was achieved in 4 to 12 hrs for 100 to 
103 CFU/cm2 of contaminated bologna respectively. Listeria provided the slowest results due to 
the slow initial growth of bacteria and results for Salmonella and E. coli were achieved in 4-8 hrs 
for the same inoculation concentrations. These results are significantly faster than the traditional 





Figure 1.5 (A) Detection scheme for the swabbing of a contaminated food, a ready to eat (RTE) 
meat, using a developed (B) “Phast Swab” technique for sampling and enrichment, followed by 
subsequent colorimetric detection in a paper-based well with chromogenic reagents. (C) Example 
results are shown for Listeria monocytogenes detection with time (0-12 hrs) and inoculation 





Figure 1.6 (A) The listeria outbreak results from the Jensen Farm Listeria monocytogenes 
outbreak in October of 2011. (B) Six isolates from infected cantaloupe, two positive Listeria 




Furthermore, the Listeria assay was additionally used for the successful determination of 
genetically different Listeria monocytogenes i olates from infected cantaloupe in the Jensen Farm 
(Holly, CO) outbreak in September 2011 that resulted in 33 deaths and a total of 147 illnesses in 
28 states (Figure 1.6. unpublished work).  
 
1.7 Colorimetric Paper-Based Detection of Escherichia coli, Salmonella spp., and Listeria 
monocytogenes from Large Volumes of Agricultural Water 
Rapid detection of foodborne disease agents on-site, or in-the-field can reduce the burden of 
foodborne disease.  To improve the likelihood of microbial detection, the United States Food and 
Drug Administration has mandated the testing of agricultural water (such as wash water and 
irrigation water) which either comes in contact with a large surface area of fresh produce or serves 
as a vehicle for produce contamination should be tested several times annually for the presence of 
bacterial pathogens.61  However, the often low natural pathogen-burden coupled with washing 
dilution effects makes sample preparation methods for pathogen concentration essential.  Sampling 
of large volumes of water (≥10 L), would need to be measured in order to create an adequate 
pathogen-concentration for current detection strategies. 
Modified Moore swabs (MMS) are inexpensive, simple, and rugged devices used for 
concentrating bacteria from large volumes (≥10 L) of water.62-64  The MMS consists of a plastic 
cassette filled with gauze, which serves as a coarse filter for large volumes of water pumped 
through the cassette using a peristaltic pump (Figure 1.7).  The MMS is a non-discriminatory 
method of concentration (≥10-fold concentration) that captures organic and inorganic particulate 
material including microorganisms in processed liquid samples.  It is likely that the excellent 
efficacy of concentration of target microorganisms by the MMS can be explained by the fact that 
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microorganisms are expected to be attached to the silt-clay fraction or organic micro-aggregates 
of the suspended solids.63 The rugged design of the MMS allows for overcoming most 
shortcomings associated with other filtration methods for capture and concentration of bacteria 
from water, such as clogging of filters, inability to process large volumes, filter samples with high 
turbidity, and high costs.  For these reasons, the FDA is recommending that MMS’s be 
incorporated into official procedures for environmental and produce-related sample collection 
procedures.65 
 
Figure 1.7 The Modified Moore Swab (MMS) cassette.  (A) The disassembled MMS.  The MMS 
is produced in a 3-D printer from acrylonitrile butadiene styrene (ABS) and consists of three main 
components:  A cartridge with an incorporated spigot assembly into which a cylindrical 
cheesecloth swab (folded 4-ply) is inserted and is capped with a lid having an integrated spigot 
assembly.  (B) The assembled MMS. 
 
 
Figure 1.8 Process for filtering water through the MMS using a portable peristaltic pump. The 




Following our success in foodborne bacteria determination we further developed a protocol 
for the rapid colorimetric detection of Escherichia coli, Salmonella spp., and Listeria 
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monocytogenes from large volumes (10 L) of agricultural waters. Figure 1.8 show the process for 
filtering water through sterile MMS.  The MMS was used for concentration was 3D printed in 
house, and was used for the selective or non-selective bacterial enrichment.  The process for 
colorimetric detection is the same as previously described for foodborne contamination.10 This 
bacterial concentration and detection platform is inexpensive, sensitive (0.1 CFU/ml detection 
limit), easy to perform, and rapid (concentration, enrichment, and detection are performed within 
24 hr), justifying its use as an initial screening method for the microbiological quality of 
agricultural water. Figure 1.9 shows example assay results for the X-Gluc and β-glucuronidase 
assay for E. coli contamination in filtered irrigation water and tap water samples. Positive detection 




Figure 1.9 Time study result for tap and irrigation water samples and inoculated irrigation water 
samples with E. coli. Use of MMS was used for the ‘Post Concentration’ enrichment of 10 L of 




Paper-based devices have been developed as a preventative detection method to provide 
simple, low-cost, and on-site detection of food and waterborne contaminants.10, 11 The µPADs used 
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for pathogen detection are simple-to-use single spot arrays that cost as little as $0.002/device prior 
to the addition of the colorimetric reporter substrate.  Even accounting for enrichment reagents and 
colorimetric substrates, the cost of each test is a few cents, except for the L. monocytogenes test 
which is estimated at $1.28/test due to the currently high cost of X-InP. Colorimetric detection 
based on the reaction of enzymes produced by bacteria with chromogenic substrates was used for 
the identification pathogenic bacteria contamination. Ready-to-eat meat samples inoculated with 
Listeria monocytogenes, E. coli O157:H7 and Salmonella Typhimurium were successfully 
detected, using the “Phast Swab” approach. Detection limits as low as 101 CFU/mL were achieved 
in 12 hrs or less, which is significantly less time than the gold standard culture methods. We further 
developed the utility of this method by incorporating filtration to lower the detection limit to 0.1 
CFU/mL of contaminated water. Both sampling methods utilize an all-in-one collection and 
enrichment method used to simplify detection. These detection limits and faster detection times, 
further showcase the utility of these methods for inexpensive and in-the-field based determination 
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CHAPTER 2. ELECTROCHEMICAL DETECITON IN PAPER-BASED ANALYTICAL 
 




2.1 Chapter Overview 
 Microwire electrodes are presented as an alternative to screen-printed electrodes for 
electrochemical detection in electrochemical paper-based analytical devices (ePADs). Compared 
to carbon ink electrodes, microwire electrodes offer lower resistance and a significant increase in 
current density. Various microwire compositions and diameters, including 30 μm Pt, 25 μm Au, 
18 μm Pt with 8% W, and 15 μm Pt with 20% Ir, were tested and compared to theoretically 
predicted behavior. The measured current in static solution was below predicted levels for 
cylindrical microelectrodes but greater than levels predicted for hemi-cylindrical electrodes m st 
likely as a result of the proximity of the electrode to the paper surface. Furthermore, the current 
response was indicative of semi-thin layer behavior, likely due to the confined solution volume in 
the paper. After electrode characterization, a device was developed for the non-enzymatic 
detection of glucose, fructose, and sucrose using a Cu electrode in alkaline solution. The limits of 
detection for glucose, fructose, and sucrose were 270 nM, 340 nM, and 430 nM, respectively, 
which are significantly below sugar concentrations found in sweetened beverages or glucose levels 
in serum. This work was published in A alytica Chimica Acta.1 
 
2.2 Introduction 
 Microfluidic paper-based analytical devices (μPADs) have become an area of interest since 
the first published multiplexed diagnostic detection using photoresist-patterned paper as a substrate 
material 2. Most μPAD research has focused on providing simple, easy to use, inexpensive, and 
rapid measurements for point-of-care (POC) diagnostics and environmental monitoring 3-5. 
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Original μPADs used common filter paper that is inherently inexpensive, renewable, easy to 
modify, disposable, and consists of a hydrophilic capillary network capable of transporting fluid 
without external pumps 6-8. To control flow direction and maintain analyte concentration, 
hydrophobic barriers were created using wax printing 9-11, photolithography 2,12, or printing of 
hydrophobic polymers such as polystyrene 13-15. A wide range of detection methods have also been 
used with μPADs, including colorimetric, electrochemical, fluorescence, chemiluminescence  and 
electrochemiluminescence  3. Colorimetric detection is most common due to its simple reactions, 
ease of visualization and semi-quantitative results. However, electrochemistry has also been used 
due to its fast sensor response, lower detection limits relative to colorimetric methods, quantitative 
results, and ability for external electronics to be miniaturized 16,17.  
 Fabrication of electrochemical paper-based analytical devices (ePADs) has relied heavily 
on the use of carbon inks 11. Carbon electrodes are typically fabricated by screen-printing or 
stenciling pastes or inks and the carbon material can be modified before electrode fabrication 11,18. 
Using stencil-printing for example, microelectrodes with a chemical mediator have been fabricated 
for ePAD detection 18. Metallic ink and sputter-coated electrodes have also been used, albeit to a 
lesser extent 11,19,20. However, sputter-coated electrodes require expensive fabrication equipment 
and thus are not preferred when trying to keep device cost low. The most printed metallic ink is 
silver, and has been used primarily for reference electrodes 11,21. Screen-printed gold ink has also 
been used as a working electrode material 22,23.  While inks and pastes are attractive and will 
continue to be used, they suffer from higher resistance due to the presence of polymer binders. The 
high electrode resistance and low electrode active surface area have led to the use of large electrode 
surface areas 24. 
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Recently, Crooks and coworkers fabricated ePADs with cylindrical microwire electrodes 
25 using a similar concept to that reported by Garcia et al. for polydimethylsiloxane (PDMS) 
microfluidic devices 26. Microwires have many advantageous characteristics including high 
conductivity, ease of modification, and availability in many different pure and alloyed 
compositions. They can also be cleaned and modified prior to incorporation using chemicals and 
solutions that cannot be used with ink, paste, or sputter-coated electrodes without contaminating 
or destroying the ePADs. The ePAD fabricated by Crooks et al., for example, used piranha solution 
(mixture of hydrogen peroxide and sulfuric acid) and subsequently modified electrodes with a self-
assembled monolayer (SAM) prior to incorporation into the device 25.  Another advantage of 
incorporating an electrode with a micron-scale dimension is enhanced mass transport due to radial 
diffusion, leading to increased current density that should provide improved sensitivities and 
detection limits 27,28.   
Although an ePAD device with microwires has been developed and studied for hollow and 
cellulose filled channels 25, a direct comparison of an ePAD made with carbon ink electrodes and 
microwires has not been reported nor has demonstration of alternative electrode materials. Here 
we report a direct comparison with carbon electrodes, demonstrating that microwire electrodes 
provide an improved current density. Electrode performance was studied using different 
compositions and diameters of microwires and comparing the results to established theory for 
cylindrical and hemicylindrical electrodes. Measured current density at varying cylinder radii 
followed theoretically predicted trends, but the paper acted to decrease electroactive area. As an 
example of the utility of this approach, a microwire ePAD device with a Cu electrode was 
developed for the non-enzymatic electrochemical detection of the carbohydrates glucose, fructose, 
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and sucrose in a variety of beverage samples 29-31. Good agreement was found between the method 
and a commercial glucose assay. 
 
2.3 Experimental 
Materials and equipment.  
Potassium chloride (KCl), potassium nitrate (KNO3), potassium hydroxide (KOH), iron 
(III) chloride hexahydrate (FeCl3∙6H2O), potassium ferricyanide (K3Fe(CN)6), 30% hydrogen 
peroxide (H2O2), acetone, sucrose and Whatman #1 filter paper were purchased from Fisher 
Scientific (Fairlawn, NJ). Potassium ferrocyanide (K4Fe(CN)6) was purchased from Mallinckrodt 
Chemical Works (St. Louis, MO). Graphite (<20-μm diameter) and D-(+)-glucose were purchased 
from Sigma (St. Louis, MO). Cellulose acetate and cyclohexanone were purchased from Sigma-
Aldrich (St. Louis, MO). High-purity silver ink was purchased from SPI Supplies (West Chester, 
PA). D-(-) Fructose was purchased from Eastman (Rochester, NY). Glucose oxidase reagent set 
was purchased from Pointe Scientific (Canton, MI). Electrode materials, 99.99% pure gold (25 
μm), platinum (30 μm), copper (25 μm), silver (25 μm), platinum with 8% tungsten (18 μm) and 
platinum with 20% iridium (15 μm) microwires (diameter), were purchased from California Fine 
Wire Company (Grover Beach, CA). All reagents were used as received without further 
purification. All electrochemical measurements were done using an eDAQ EA161 Potentiostat and 
EC201 e-Corder (Denistone East, Australia). Copier transparency sheets PP2200 and 2-in-wide 
Scotch® brand heavy duty clear shipping packaging tape were purchased from 3M (St. Paul, MN). 
Devices were printed using a Xerox (Norwalk, CT) ColorCube 8870 wax printer and stencils, 
paper and tape components were cut using a 30 W Epilog (Golden, CO) Zing Laser Cutter and 
Engraver. All beverage samples were purchased from a local store and stored at 4 °C until use.
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Microwire ePAD Fabrication .  
ePADs were designed using CorelDRAW (Corel, Ottawa, Ontario), a graphic design 
program, and fabricated on Whatman #1 filter paper. Fluid flow and containment were achieved 
by printing hydrophobic wax barriers using a wax printer 32. Wax printed designs of 4-pt line 
thickness were melted through the filter paper on a 150 °C hotplate for 90 s to create wax barriers. 
Packing tape was used to seal the bottom of the device and prevent leaking. On the printed side, 
microwires were spaced 1 mm apart across the device using the printed alignment marks as guides 
and taped in place (Figure 2.1).  
 
Figure 2.1 Well-based ePAD fabrication showing (A) the device layers, (B) resulting side view of 
the device, (C) top view of the fabricated device with alternatingly covered and silver painted 
electrode ends, and (D) device image with electrode leads attached and 30 μL of solution in the 7-
mm diameter well. 
 
 
The paper-based well devices used a 7-mm diameter (4.6-mm inner diameter after melting) 
wax printed well (Figure 2.1). Transparency film is an easily obtained office supply product that 
can be used to generate ePADs. The film is a solid substrate that does not require wax melting 
through a porous substrate or a taped back to confine and control solution (Figure 2.2A and 2.2B) 
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and was used for comparison purposes. Transparency film-based wells were wax printed with a 5-
mm well (4.6-mm inner diameter) without melting (Figure 2.2A), and raised electrode 
transparency film-based wells were made by placing two laser-cut rectangular (10 mm x 12 mm) 
transparency film pieces with a cut out 6-mm diameter well stacked and centered on the wax 
printed well, while leaving the well open for solution and reagent addition (Figure 2.2B). For all 
well devices, electrodes were then aligned across the well and a laser-cut rectangular (10 mm x 12 
mm) piece of packing tape with a 6-mm well in the center was used to seal the electrodes in place 
while leaving the wax-defined well open for solution and reagent addition (Figure 2.1, Figure 2.2A 
and 2B).  
The end-channel devices were used to compare the measured cylindrical microelectrode 
response in paper from both saturated paper with one-sided (Figure 2.2C) and two-sided 
sandwiched (Figure 2.2D) electrode contact. The end-channel devices were fabricated by 
connecting a 6-mm diameter (4.0-mm inner diameter after melting) sample inlet well to a 7-mm 
long × 5-mm (4.6 x 3.4 mm after melting) wide channel with alignment marks perpendicular to 
the channel length (Figure 2C and 2D). Electrodes were taped in place across the channel using 
the alignment marks by two different methods. In one method, tape was used to seal the channel 
and secure the electrodes (Figure 2.2C). Alternatively, a laser-cut strip (4.6 x 3.4 mm) of Whatman 
filter paper was placed within the inner wax-printed channel region of the device over the 
electrodes and then sealed with packing tape (Figure 2.2D) while leaving the sample well open for 
solution. Silver paint was applied to wire ends to create touchpads that could be connected to the 
potentiostat. Ag/AgCl reference electrodes were made by dipping silver wire into 50 mM iron (III) 





Figure 2.2 Schematics of ePAD devices used in electrochemical behavior studies for electrodes in 
well-based devices in contact with (A) non-porous transparency film or (B) just solution (raised 
above transparency), and end-channel devices in contact with (C) paper on one side or (D) paper 
on both sides.  Each schematic shows the device layers, and a top and angled side view of the 
finished device without the painted touch pads shown in Scheme 1. 
 
 
Carbon Electrode ePAD Fabrication.  
Carbon ink electrodes were fabricated on paper-based devices to provide maximum signal 
response per area using the highest ratio of graphite to binder that could be stencil-printed 18. 
Graphite powder mixed with a binder was stencil-printed onto Whatman #1 filter paper (Figure 
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2.3A). The binder consisted of a 1:1 ratio by volume of cyclohexanone and acetone mixed with 
7.5% by weight cellulose acetate. A ratio of 3:5 by weight graphite to binder was then mixed 
together to make the carbon ink. The electrodes were stencil-printed through designs cut into 4-
mil (100 μm) thick transparency film sheets and only used the surface of the printed designs that 
were defined by laser-cut packing tape to reduce device-to-d vice variability and create a 
reproducible surface to do electrochemistry (Figure 2.3). Stencils were fabricated using CorelDraw 
and cut from transparency film sheets using a laser cutter. A three-electrode cell was used with 
either all three electrodes made of the carbon ink or with the addition of a silver-ink layer painted 
on top of the reference electrode (Figure 2.3B). The electrode areas were defined wells laser cut
into a (10 x 12 mm) piece of packing tape where the counter, working, and reference electrodes 
had 2-, 1.5-, and 1-mm diameter wells cut, respectively. A second piece of tape (10 x 12 mm) with 
a 6-mm diameter well was used to define the solution well above the electrodes (Figure 2.3B). 
Device fabrication is shown in Figure 2.3. 
 
Figure 2.3 Schematic of carbon ink ePAD device fabrication used for comparison to microwire 
electrode behavior.  (A)  Carbon ink electrodes are stencil-printed through a laser-cut transparency 
stencil onto a wax printed and melted paper device with a taped back using alignment marks.  (B) 
The resulting dried electrodes are painted with silver ink for touch pads and laser-cut packing tape 
is used to make electrode wells on top of the electrodes and a defined solution well. 
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A combined carbon and microwire electrode device was fabricated with carbon ink counter 
and/or reference electrodes or silver painted carbon ink reference electrodes printed onto the same 
7-mm (4.6 mm inner diameter after melting) ePAD well shown in Figure 2.1 (Figure 2.4). A laser-
cut transparency film stencil was used to print 3 mm x 7 mm long electrodes on paper.  Alignment 
marks printed 1 mm apart were used to align the stencil on the device and the counter and/or 
reference electrodes were spaced 1 mm from the microwire working electrode. A laser-cut 5-mm 
well cut into (10 x 12 mm outer square) packing tape was used to define the well geometry above 
the printed electrodes and to seal the microwire electrodes in place. 
 
Figure 2.4 Schematic of combined microwire and carbon ink ePAD device fabrication (A) Carbon 
ink electrodes are stencil-printed through a laser-cut transparency stencil onto a wax printed and 
melted paper device with a taped back using alignment marks (Same as in Figure 2.1).  (B) The 
resulting dried electrodes are painted with silver ink for touch pads, (C) a microwire is laid across 
the device using printed alignment marks, and laser-cut packing tape is used to define a solution 




ePAD Device Characterization.  
The microwire and carbon ink well-based designs and microwire end-channel design were 
characterized with cyclic voltammetry using 5 mM K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl(aq) to 
generate a Randles-Sevcik plot, determine peak splitting, current response, and electron-transfer 
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kinetics for different device configurations and electrode materials. A three-electrode cell was used 
in all electrochemical measurements and the potential was scanned from -450 mV to +450 mV vs 
a pseudo-reference electrode of the same material as the working electrode or from -150 mV to 
+500 mV vs Ag/AgCl. Scan rate studies were done at intervals between 25 and 400 mV s-1.
Counter electrodes were carbon ink for carbon-based ePADs or Pt microwire for all microwire 
ePADs. 
 Well-based devices with electrodes on paper, transparency, and raised transparency were 
tested using amperometry at 600 mV applied potential for 10 s with a 2 s quiet time in 5 mM 
K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl(aq). The resulting current-time curve was plotted and 
compared to the theoretical behavior at a cylinder electrode in quiescent solution described by 
Equation 2.1 34,35. 
���� = 2������ ��2  
Here, the quasi-steady-state current (iqss) is directly proportional to the number of electrons 
transferred per mole of analyte (n), Faraday’s constant (F), electrode area (A), analyte diffusion 
coefficient (D) and concentration (C), and indirectly proportional to the radius (r) of the cylinder. 
The current is also dependent on time (t) and is consequently not a steady-state limit, but because 
it is an inverse logarithmic function, the current declines slowly and is therefore considered a quasi-
steady-state current 34. 
Copper Microwire ePAD Sugar Characterization. 
The ePAD device was fabricated with the well design using copper or copper oxide-
modified copper wire as the working electrode and platinum as the counter and pseudo-reference 
electrode material. Copper oxide was formed on the copper wire by attaching a length of copper 
wire to a potentiostat as a working electrode and anodizing the surface using cyclic voltammetry 
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from -1 V to +1 V vs a platinum pseudo-reference electrode at 100 mV s-1 for 5 cycles in 0.5 M 
sodium potassium tartrate 31. The resulting ePAD device was characterized in 0.1 M NaOH using 
cyclic voltammetry and differential pulse voltammetry (DPV). Fructose, glucose and sucrose we e 
electrocatalytically oxidized at the copper oxide electrode surface using DPV 31. Glucose was also 
detected using cyclic voltammetry at a copper wire working electrode 30. All sugar solutions were 
made and tested in 0.1 M NaOH. 
Sugar Determination in Beverages.  
Coca-ColaTM, Orange PoweradeTM, Strawberry Lemonade PoweradeTM, Red BullTM and 
Vitamin WaterTM were labeled to contain 110, 58, 58, 110, and 52 g mL-1 of sugar respectively. 
Dilutions of each beverage with 100 mM NaOH were made and measurements were done using 
concentrations of 744, 739, 759, 735, and 776 μg mL-1 respectively.  30 μL of each beverage 
dilution was added to an ePAD well for detection. The resulting DPV oxidation peak or the average 
current increase between 0.5 and 0.6 V was measured. For comparison purposes a spectroscopic 
glucose oxidase assay kit was used to determine the concentration of glucose in the diluted 
beverage samples. The kit directions were followed and 1 mL of the assay was added to a cuvette 
with 10 μL of sample, incubated for 10 minutes at 37°C, and measured spectroscopically at 500 
nm. Three replicate measurements each were made for a blank (DI water), 1, 2.5, and 5 mM 
standard glucose solutions, and the beverage samples. 
 
2.4 Results and Discussion 
Electrochemical Comparison of Carbon and Microwire ePADs.  
Although carbon ink electrodes have been widely used in ePADs, they can suffer from high 
resistance and decreased electroactive surface area due to use of nonconductive binder materials.24 
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Recently, low resistance, high current density microwires were used to fabricate ePADs but 
thorough electrochemical characterization was not performed 25. The cyclic voltammetry (CV) 
comparison between carbon ink and gold microwire ePADs using 5 mM of model redox-active 
analytes K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl is shown in Figure 2.5. The CV scan-rate studies 
performed on carbon ink electrodes show an increase in peak-to-peak potential separation from 98 
± 10 mV (n=3) at 25 mV s-1 to 165 ± 9 mV (n=3) at 400 mV s-1 (Figure 2.5A). The increase in 
peak separation is indicative of slow electron-transfer kinetics associated with the use of 
nonconductive binder material on the surface of the carbon ink electrodes 24. In contrast, the peak-
to-peak separation (∆Ep) at Au-microwire electrodes is 95.5 ± 0.3 mV (n=4) at 100 mV s-1 
(compared to ∆Ep = 124 ± 8 mV (n=3) at 100 mV s-1 for carbon ink electrodes), and remains nearly 
constant with scan rate (Figure 2.5B). The peak current as a function of the square root of the scan 
rate was linear for both the carbon ink and gold microwire electrodes (R2 = 0.9964 and 0.9915 
respectively for oxidation), suggesting diffusion controlled behavior at both electrodes (Figure 2.6) 
36. The measured oxidative peak current density at the carbon ink electrode is significantly less 




Figure 2.5 Results of cyclic voltammetry scan-rate study comparison for (A) carbon ink electrodes 
and (B) gold-wire electrodes in well-based ePAD devices (arrows added for visualization) (C) 
Current density comparison for carbon ink and gold-wire electrodes and (D) comparisons of well 
device, one-sided saturated paper contact, and two-sided electrode contact of gold-wire electrodes 
at 100 mV s-1 using cyclic voltammetry. (All gold-wire electrodes were 25-μm diameter, all 






Figure 2.6 Cyclic voltammetry scan-rate study and Randles-Sevcik plot comparisons for (A) 
homemade carbon ink electrodes and (B) 25-μm diameter gold-wire electrodes using cyclic 
voltammetry (n=3 devices for each electrode material) in well-based device measuring 5 mM 
K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl. 
 
Using all microwire electrodes to fabricate ePADs shows the utility of incorporating 
microwires, but as shown by Crooks and coworkers a combination of carbon and microwire ePADs 
is also possible 25. Figure 2.4 shows the combined use of a gold microwire working electrode with 
a silver painted carbon reference electrode and carbon counter electrode in an ePAD well device. 
Although carbon requires larger surface areas to compensate for nonconductive materials within 
the electrode, it provides an inexpensive alternative to using microwire counter and reference 
electrodes while still maintaining the benefits of a microwire working electrode. Figure 2.7 
indicates that the combined use of a much larger silver reference and carbon counter electrode can 




Figure 2.7 Cyclic voltammetry comparisons for varying compositions of counter and reference 
electrodes with 25 μm diameter gold wire working electrodes at 100 mV/s using cyclic 
voltammetry (n=3 devices for each electrode material) in well-based device measuring 5 mM 
K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl. (Au is gold microwire, C is carbon ink, and AgC is silver 
painted carbon ink). 
 
 
Microwire Electrochemical Behavior in Paper.  
 Another advantage of using microwires is ease of incorporation of different electrode 
materials. As a proof-of-concept, different microwire compositions were used in well-based 
ePADs and CV was performed for each material (Figure 2.8). Gold, platinum, and platinum with 
20% iridium all had similar reversible electrochemical behavior with diffusion-controlled signal 
response and fast electrode kinetics as demonstrated by the linearity of current versus square root 
of scan rate and the low peak potential splitting (Figure 2.9). Palladium, however, has unique 
surface chemistry and, due to weak Pd-Pd bonds that can easily form adsorbate bonds on the 
surface, did not generate reversible electrochemistry (Figure 2.8D)37. As the diameter of the 
microwire electrode on paper decreases the curvature increases; therefore, the radial flux of species 
to the surface increases resulting in greater current density (Figure 2.10). The measured trend 
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agrees with theory (Equation 2.1) where current density increases in a linear relationship with 
decreasing cylinder radius 27.  
 
Figure 2.8 Results of electrode composition study for (A) 25-μm diameter gold, (B) 30-μm 
platinum, (C) 15-μm platinum with 20% iridium alloy, and (D) 25-μm palladium wires in well-
based ePAD devices measured at 100 mV s-1 using cyclic voltammetry of 5 mM K3Fe(CN)6 and 







Figure 2.9 Results of electrode composition study.  Randles-Sevcik oxidation plot with for 30-μm 
diameter Pt, 25-μm Au, 18-μm Pt with 8% W alloy, and 15-μm Pt with 20% Ir alloy wires in paper-
based well devices (n=4 for each electrode material) using cyclic voltammetry with 5 mM 
K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl.  Results of using a reference electrode of either Ag/AgCl 
or the same material as the working electrode are shown labeled with the working electrode 
material.  No statistical difference is shown between using either reference material with the same 




Figure 2.10 Plot of current density with microwire radius for 30-μm diameter Pt, 25-μm Au, 18-
μm Pt with 8% W alloy, and 15-μm Pt with 20% Ir alloy wires in paper-based well devices (n=4 
for each electrode material) measured at 100 mV s-1 using cyclic voltammetry with 5 mM 
K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl and using a Ag/AgCl reference electrode.   
40 
 
After demonstrating fundamental electrode behavior, we studied the impact of device 
configuration on electrochemical behavior (Figure 2.5D). Voltammetry at open well electrodes 
gave the highest currents as a result of maximal solution contact. While the well design is excellent 
for single spot-tests, multiplexed detection from a single sample inlet could be accomplished by 
wicking solution down channels that have electrodes in contact with the surface of the paper as we 
have already shown with screen-printed carbon electrodes 11. Similar to the screen-printed carbon 
electrode ePADs, a single-channel flow-through device was fabricated (Figure 2.2C) to measure 
microwire behavior in an ePAD with single-sided saturated paper contact (Figure 2.5D). The 
oxidative peak current density for the one-sided channel design decreases (from 38.5 ± 0.2 μA 
mm-2 for a well-based device) to 13.7 ± 2.1 μA mm-2 due to the electrode contact with the paper, 
decreased contact with bulk solution, and electrochemical use of only a portion of the electrode 
that is in contact with saturated paper. Finally, a design that sandwiched the electrodes between 
two pieces of paper (Figure 2.2D) was developed, giving a current density of 21.5 ± 3.0 μA mm-2 
(Figure 2.5D). The sandwiched design offers an effective way to maximize the electrode area in 
contact with solution when considering multiplexed detection in paper while maintaining the 
ability to transport solutions through the device. Although there is a decline in signal response 
when going from well to channel designs, the measured current density for a microwire electrode 
is still higher than when using carbon ink electrodes and offers an alternative electrode material to 
maximize current density while minimizing the electrode footprint. 
Paper porosity provides a unique substrate property that can affect solution and 
electrochemical behavior at the microwire electrode surface. To better understand this 
phenomenon, a comparison to bulk quiescent solution theory at a cylindrical electrode using 
amperometry (Equation 2.1) was performed and is shown in Figure 2.11. Both platinum (Figure 
41 
 
2.11A) and gold (Figure 2.11B) wires were measured in well-based devices with varying contact 
to a substrate surface. Similar to bulk behavior, when a wire was suspended above a planar 
(transparency film) surface (Figure 2.2B), the measured amperometric i-t curve was closest to 
theory for a cylindrical electrode and the average measured current was 8.2 ± 2.3% and 10.6 ± 
3.3% lower for Pt and Au, respectively, than theoretically predicted. However, when the wire was 
in contact with either the paper or the transparency film, a more rapid decrease was observed in 
the amperometric i-t curve. The sharp initial decline is indicative of thin-layer electrochemical 
behavior 38 and is thought to occur because a confined area is created between the electrode and 
paper or transparency. Figure 2.11C shows that the electrode response on paper follows the same 
trend as the theoretical current response with increasing cylinder radius but is 19.3 ± 4.1 % and 
14.5 ± 4.1% lower for Pt and Au, respectively, than the raised electrode well device. Both the 
paper and transparency film contact also serves to decrease surface contact with solution. Paper 
fibers have a greater surface coverage around the electrode and decrease the current response more 
than planar surface contact. Figure 2.11C shows that the combined thin film and decreased surface 
contact with bulk solution results in measured current behavior that is approximately halfway 




Figure 2.11 Amperometry comparisons for (A) platinum and (B) gold microwires on paper, 
transparency film, and raised above transparency film with the cylindrical theoretical current 
calculation (Eq 1).  (C) Comparison of average current between 11 and 12 s from theoretical 
cylindrical current and hemicylindrical current, experimentally determined at 600 mV vs Pt 
applied potential for varying radius and electrode composition in well-based devices using 5 mM 
K3Fe(CN)6 and K4Fe(CN)6 in 0.5 M KCl. (PtIr: 15-µm Pt with 20 % Ir, PtW: 18-µm Pt with 8% 
W, Au: 25-µm Au, Pt: 30-µm Pt) (n≥3 devices for each measurement) 
 
 
Modification of Microwire Electrodes for ePADs.  
Prefabricated wire electrodes have the advantage of being modifiable before being 
incorporated into a device. For example, electrode cleaning requiring harsh chemicals cannot be 
done on carbon ink electrodes after they have been incorporated into paper devices. With 
microwires, electrode cleaning and modification can occur prior to incorporation. To demonstrate 
this concept, microwires were cleaned by dipping the wire into 50 mM KOH with 25% (v/v) H2O2 
to remove surface contamination and improve electrochemical response (Figure 2.12) 39. Cleaning 
resulted in a measured increase in oxidative peak current from 9.84 ± 0.76 μA to 12.05 ± 0.41 μA 
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(a 22.5 % signal increase), and decreased peak splitting from 136.7 ± 16.3 mV to 97.5 ± 4.0 mV. 
Devices fabricated with cleaned microwire and stored open to air at room temperature for 4 weeks 
showed no significant difference in measured current; however, peak splitting did increase slightly 
to 116.5 ± 7.5 mV. The same simple dip-step modification was also used to make silver chloride 
reference electrodes by dipping silver wire into 50 mM iron (III) chloride [37]. Devices made with 
silver chloride reference electrodes did not vary significantly from those made with pseudo-
reference electrodes of the same material as the working electrode when measuring K3Fe(CN)6 
and K4Fe(CN)6 (Figure 2.9). While only a Cu wire working electrode was modified for real sample 
analysis (discussed in the next section), other modifications can be done using published protocols 
by simply dipping the wire into solutions. Crooks and coworkers for example modified gold 
microwire working electrodes with a self-assembled monolayer (SAM) to selectively  block 
certain redox species based on electrostatic interactions 25. Individual and specific modifications 
can be made to each microwire electrode in bulk, and are only limited by the specific chemistries 
compatible with electrode composition and the desired application. Depending on microwire 
composition, durability could be an issue, but using alloys can strengthen materials while still 
maintaining good electrochemical performance. Iridium for example was added to platinum to 




Figure 2.12 Cyclic voltammetry results for well-based ePADs fabricated with uncleaned (Pre-
Cleaning) gold electrodes, electrodes cleaned within one day of measurements (Clean), and 
cleaned electrodes incorporated into devices and stored for one month (4 Weeks Post-Cleaning). 
A 50 mM KOH and 25% H2O2 solution was used to chemically clean gold microwires prior to 
device incorporation. (Scan rate 100 mV/s for n=4 devices per treatment in 5 mM K3Fe(CN)6 and 
K4Fe(CN)6 in 0.5 M KCl.).   
 
 
Non-enzymatic Carbohydrate Detection.  
The combined ease of electrode modification and incorporation allows the electrochemical 
detection to be tuned. One such application is the non-enzymatic detection of carbohydrates using 
copper electrodes. Copper electrocatalytically reacts with glucose in alkaline media 29. Here, we 
used this method with cyclic voltammetry in 0.1 M NaOH to detect carbohydrates in beverages 
(Figure 2.13). Anodization of the copper surface to create copper oxide has been shown to increase 
the sensitivity of the non-enzymatic determination of carbohydrates 31. Copper oxide was formed 
on a 60 cm length of copper microwire, and the microwire was cut into individual 1 cm electrodes 
for integration into ePADs. A platinum pseudo-reference was used as it provided improved 
stability in chloride free solutions when compared to a Ag/AgCl microwire reference electrode. 
Alternatively, carbon ink can also be used to decrease the cost of ePAD counter and reference 
electrode fabrication. However, larger carbon electrode areas are necessary, and because 
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microwire provides improved conductivity compared to carbon, microwire electrode cost can be 
minimized by decreasing the amount of microwire used. The Cu/CuO ePADs were used to detect 
glucose and fructose whose peak currents increased linearly with carbohydrate concentration 
(Figure 2.14). Sucrose did not produce a distinguishable peak, but current increased linearly with 
concentration from the baseline after 350 mV (Figure 2.14A). Therefore, sucrose was detected by 
averaging the current between 0.5 and 0.6 V (Figure 14B).  
 
Figure 2.13. Results of copper electrode glucose determination using cyclic voltammetry where 
(A) oxidation of glucose is done in 0.1 M NaOH on a copper electrode at 100 mV s-1 and (B) the 




Figure 2.14 Results of copper oxide electrode glucose, fructose, and sucrose determination using 
differential pulse voltammetry where (A) oxidation of each species is done in 0.1 M NaOH on a 
copper oxide electrode at 25 mV s-1 using a step height of 5 mV and width of 200 ms and (B) the 
resulting calibration curve for glucose and fructose is shown using the peak current and sucrose is 
shown using the average current response between 520 and 600 mV vs Pt. (n≥3 devices) 
 
 
The direct oxidation of carbohydrates can also lead to interference from competing 
oxidation reactions occurring at the same potential. Xie et al. found that other sugars as well as 
some amino acids, simple alcohols and amines can also be detected using copper oxide modified 
electrodes in basic media 40. However, non-carbohydrates oxidized at slightly (~+100-150 mV) 
higher potentials, and interference from non-carbohydrate species could possibly be excluded by 
using amperometry detection at lower potentials. While this method is not as selective as an 
enzymatic method would be toward a specific sugar, it is capable of detecting a large variety of 
sugars by themselves or a mixture of sugars. Changes in beverage sugar content for example could 
be monitored using this technique for quality control purposes on a simple, inexpensive and 




 High fructose corn syrup (HFCS) is a common sweetener used in soda and sports drinks 
and consists of a mixture of glucose and fructose with the latter making up 47-65%. A mixed 
solution of 5 mM each of fructose and glucose was tested to determine if a mixture would affect 
the electrochemical signal relative to the individual species. Using the individual calibration curves 
for glucose and fructose from Figure 2.14B, a predicted combined current for the mixed solution 
was determined. The experimental peak current was 4.68 ± 0.17 μA, which is ~6% different from 
the predicted combined current of 4.96 μA. This indicates there is little difference between the 
predicted and the measured currents when both fructose and glucose are present together. Because 
the fructose and glucose ratio varies between different beverages using HFCS as a sweetener, a 
spectrophotometric glucose oxidase assay (Figure 2.15) was used to compare the amount of 
glucose in commercially available beverages that use HFCS to values found in the literature. Table 
2.1 shows the measured peak current, enzymatically determined glucose concentration, and the 
literature reported glucose, fructose, and sucrose concentrations 41,42. The enzymatically 
determined glucose concentration agreed with values found in the literature when HFCS was used 
as a sweetener. Predicted current for each beverage tested was again calculated using the 
calibration curves in Figure 2.14B, the enzymatically determined glucose concentrations and 
literature reported fructose and sucrose concentrations. The resulting percent difference between 
experimentally measured and predicted current for Coca-ColaTM, Orange PoweradeTM and 
Strawberry Lemonade PoweradeTM were not statistically different from theory for the mixed 
glucose and fructose sample. The results show that the device is capable of determining HFCS 
content in beverages when the ratio of glucose to fructose is known or the concentration of either 




Figure 2.15 Glucose oxidase assay was used to spectrophotometrically determine the glucose 
concentration in 1 mM, 2.5 mM and 5 mM glucose for n=3 replicate measurements. 
 




























Coca-ColaTM*  HFCS 2.04 ±0 .09 41.2 ± 4.6 41.7 62.5 0 2.22 -7.79 ± 4.0  
PoweradeTM † 
(Orange) 




HFCS 2.33 ± 0.10 21.9 ± 0.5 22.7 33.2 2.06 2.50 -6.8 ± 4.3 
Red BullTM ‡ glucose, 
sucrose 








1.47 ± 0.07 10 ± 1.4 7 40 7.8 2.32 -36.5 ± 2.9 
*Literature reported sugar content from reference [40] 
†Reported sugar content from http://ndb.nal.usda.gov for Lemon-Lime flavored PoweradeTM with 
the same amount of total sugar and HFCS sweetener reported on the label. 
‡Literature reported sugar content from reference [41] 
  
While glucose and fructose detection is relatively straightforward, sucrose detection 
presents a challenge because its peak potential region overlaps with the solvent oxidation window. 
A sample containing 5 mM glucose and sucrose was found to behave more like sucrose 
electrochemically. It produced no discernable peak and the average current between 0.5 and 0.6 V 
was 1.93 ± 0.05 μA (n=4). The measured current is only a 19.0 ± 2.5% increase in current from 5 
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mM sucrose alone, which is significantly lower the predicted current of 4.60 μA. Several beverages 
use combinations of sucrose, glucose, and fructose as sweeteners. Red BullTM was initially selected 
for comparison purposes because it is reported to contain only glucose and sucrose as sweeteners. 
It was found also to behave electrochemically like sucrose and did not produce a defined peak. 
The average current was 1.17 ± 0.10 μA between 0.5 and 0.6 V which is a 47.6 ± 6.1% increase 
from the predicted sucrose current and a 27.4 ± 6.2 % decrease from the combined predicted 
current of 1.62 μA. However, the reported sugars found in Red BullTM in the literature also 
contained fructose, which was not reported as a sweetener on the label could have contributed to 
increase the current closer to the theoretical combined sugar current, while also making it more 
complex than just detecting two sugars. Similar results with large deviation from theory were also 
observed for Vitamin WaterTM, which contained a combination of sucrose, glucose and fructose. 
Even though sucrose causes deviation from theory, the resulting current-potential plot gives an 
indication of the carbohydrate identities in solution and the visualization of a peak in the current 
indicates the presence of glucose and/or fructose but not sucrose. Vitamin WaterTM contained a 
high enough glucose and fructose to sucrose ratio to create a peak that could be measured. While 
this device cannot distinguish between sugars, it could be used to determine the concentration of 




We demonstrate here the electrochemical behavior of microwires in contact with paper in 
quiescent solution and their use in ePAD devices. Although contact with paper decreases the 
measured electrochemistry at the electrode surface due to contact with solid cellulose fibers and 
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resulting thin-film behavior, the use of microwires shows improved electrochemistry when 
compared to printed carbon electrodes, which suffer from the same one-side area issue. As an 
example of microwire ePAD application, a device was also developed for the non-enzymatic 
detection of sugars. While this device is not capable of discriminating between sugars, it is capable 
of determining differences in processes and batch-to-batch variability for beverages with mixed 
sugar content. Although this article studied the behavior and application of ePADs in quiescent 
solution, paper is capable of capillary-driven flow that enhances mass transport to the electrode 
surface and increases the current response of the electrode. Future work will look at the 
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CHAPTER 3. DEVELOPMENT OF A QUASI-STEADY FLOW ELECTROCHEMICAL 
 




3.1 Chapter Overview 
An electrochemical paper-based analytical device (ePAD) was developed for quasi-steady 
flow detection at microwire electrodes, for the first time. The device implements a fan shaped 
geometry connected to an analysis channel whereby solution is pulled from an inlet, through a 
channel, and into the steadily increasing capillary network of the fan. The network counteracts the 
decrease in solution flow rate associated with increasing viscosity within the channel, generating 
quasi-steady flow within the analysis channel. Microwire electrodes were embedded between two 
paper layers within the analysis channel, such that solution flow occurred on both sides of the wire 
electrodes. The quasi-steady flow ePAD increased the current by 2.5 times and 0.7 times from a 
saturated channel with no flow and from a single-layer paper device with flow respectively. 
Amperometric detection was used for flow injection analysis (FIA) of multiple analytes at both 
Au and Pt microwire working electrodes, both of which provided similar sensitivity (ca. 0.2 mM-
1) when normalized to the same standard. The two-layer paper devices provided a detection limit 
of 31 μM for p-aminophenol (PAP) using Pt electrodes and was also used to detect enzyme activity 
for the reaction of β-Galactosidase with p-aminophenyl-galactopyranoside (PAPG). Measured 
enzyme kinetics provided similar ���  (0.079 mM / min) and � (0.36 mM) values as those found 
in the literature.  This device shows great promise towards use in enzyme-linked immunosorbent 
assays or other analytical techniques where flow or washing steps are necessary. The developed 
sensor provides a simple and inexpensive device capable of performing multiple injection analysis 





Eka Noviana a now second year graduate student in the Henry Lab helped with the enzymatic 
application of the flow device and characterizion of its use. This work is under review with 
Analytical Chemistry.1   
 
3.2 Introduction 
The development of microfluidic devices in combination with lab-on-a-chip technologies 
has offered platforms that are inexpensive, with minimal reagent use, waste generation and 
analysis time. Furthermore, they are often simpler to use than traditional benchtop 
instrumentation.2 Many microfluidic devices have also been designed with the intention of point-
of-need measurements away from the traditional laboratory setting. While many microfluidic 
devices have been demonstrated in the laboratory, few have been adapted to point-of-need 
measurements.3 One reason for this lack of product acceptance is that many devices require 
external pumps and tubing for continuous flow, making them inconvenient for field measurements. 
Paper has long been used as a platform for analytical measurements and more recently in 
microfluidic devices since Whitesides t al. published the use of photoresist-patterned filter paper 
for the multiplexed biomarker detection.4 Since then, a variety of methods for device fabrication 
and analyte detection in microfluidic paper-based analytical devices (μPADs) have been 
developed.5-7 The popularity of using paper as a substrate for analytical analysis lies in its inherent 
advantage of being an inexpensive, disposable, and easy to modify platform that contains a 
capillary network capable of fluid transport and manipulation without the need for external 
pumps.8,9 These advantages also make μPADs well suited for point-of-care (POC) and 
environmental analysis where demand for low-cost and simple to use devices that can contain 





While colorimetric detection has been the most common detection method for μPADs due 
to its simple reactions and easily visible results, electrochemical paper-based analytical devices 
(ePADs), as first proposed by Dungchai et al.12 can provide lower detection limits and generate 
more quantitative results when compared with colorimetric detection.13 Detection electronics can 
also be miniaturized and battery powered for portable and simple detection of multiple analytes 
(i.e. a handheld glucose meter).14 Although many ePADs have been developed to perform 
detection in quiescent solution, few have been developed for detection in flow. Flow in paper 
devices is driven by capillary force,15 gravity,16 and/or pressure differences from an inlet and 
outlet.17 While these systems have been used effectively, ePADs developed for flow injection 
analysis (FIA) are less common.18 FIA has the advantage of being able to detect multiple sample 
additions with time, for example, Dossi et al. presented a system for FIA detection at pencil drawn 
electrodes in a paper-based channel.18 Solution was pulled through the channel by an attached 
wicking pad, and this system showed good repeatability and reproducibility for up to seven 
measurements. However, to the best of our knowledge no other ePADs have demonstrated the 
steady-state flow in combination with FIA detection. 
Several methods for electrode fabrication and incorporation into ePAD devices have been 
developed.19,20 The most common method involves using a screen12 or stencil21 to pattern 
conductive carbon or metallic inks onto paper. Carbon has been the most common ePAD electrode 
material, due to its low-cost, widespread availability, and wide potential window for detection.19 
Metallic electrodes, however, have also been used, and provide their own unique advantages 
including; higher conductivity and alternative catalytic activity and subsequent electrochemistry 
from carbon. Metal electrodes, most commonly gold and silver, have been deposited onto the 





printing.25 Similar to previous work presented by our group in which microwires were incorporated 
into polymer microfluidic devices,26 microwires have also been incorporated into paper-based 
devices. Crooks and coworkers first published the use of microwire electrodes within paper 
devices.27 These prefabricated electrodes could be easily cleaned and modified prior to 
incorporation into an ePAD and without damaging the paper substrate. Previous work by our group 
further studied the use of microwires in contact with paper and found that they provided higher 
flux of species to the electrode surface and improved electrochemical performance from paper-
based electrodes reported in the literature and fabricated carbon ink electrodes.28,29 Although 
microwire electrodes have been incorporated into ePAD devices,27,29 these devices employed 
quiescent solutions.  
Herein, we report the first use of microwire electrodes in a paper-based flow-through 
device. The device integrates a unique geometry adapted from a previously reported device 
concept by Mendez et al..30 Originally proposed as a method to create a steady solution flow for 
lateral flow assays, the developed device makes use of a regularly increasing capillary network in 
the shape of a 270° fan connected to an inlet channel. This fan geometry is used to compensate for 
the decay in flow rate within the analysis channel that coincides with the distance a fluid front 
travels through a capillary network (Lucas-Washburn Law).31-33 However, to the best of our 
knowledge this device design has never been implemented with any analyte detection motif aside 
from dye-based flow characterization. The fan design generates a steady flow of solution through 
an inlet channel and the integration of electrodes within this channel offers the possibility to detect 
multiple samples with time and without a decay in fluid transport that would also result in a decay 
in mass transport to the electrode and resulting in a decay in measured current. Additionally, the 





immersion of the electrode in a flow through ePAD, increasing the available electrode working 
area. As proof of concept, an enzyme kinetics study was conducted with the device to determine 
time-based reaction variables using β-Galactosidase and p-aminophenyl-galactopyranoside 
(PAPG) as enzyme and substrate respectively. This reaction generates p-aminophenol (PAP) 
which is a common product in electrochemical immunoassays as well as a health indicator or 
contaminant in clinical and environmental samples respectively, due to its use or byproduct 
production in pesticides, dyes, and pharmaceuticals.34 As such, PAP serves as a model analyte for 
broader applications. 
 
3.3 Experimental Section 
Materials.  
Potassium chloride (KCl), potassium nitrate (KNO3), potassium hydroxide (KOH), iron 
(III) chloride hexahydrate (FeCl3∙6H2O), potassium ferricyanide (K3Fe(CN)6), 30% hydrogen 
peroxide (H2O2), and Whatman #1 filter paper were purchased from Fisher Scientific (Fairlawn, 
NJ). Benzoquinone (BQ) and p-aminophenol (PAP) were purchased from Alfa Aesar (Ward Hill, 
MA) and EMD Millipore (Billerica, MA) respectively. Hydroquinone (HQ), β-galactosidase 
enzyme and p-aminophenyl-galactopyranoside (PAPG) substrate were purchased from Sigma-
Aldrich. Both enzyme, substrate, and stock solution aliquots were stored at -20°C prior to use. 
Fresh aliquots were thawed prior to use daily. Potassium ferrocyanide (K4F (CN)6) was purchased 
from Mallinckrodt Chemical Works (St. Louis, MO). High-purity silver ink was purchased from 
SPI Supplies (West Chester, PA). Electrode materials, 99.99% pure gold (25 μm) and platinum 
(30 μm) microwires (diameter), were purchased from California Fine Wire Company (Grover 





measurements were done using either an eDAQ EA161 Potentiostat and EC201 e-Corder 
(Denistone East, Australia) or a CHI 660B Electrochemical Workstation (Austin, TX). 2-in-wide 
Scotch® brand heavy duty clear shipping packaging tape was purchased from 3M (St. Paul, MN). 
Devices were printed using a Xerox (Norwalk, CT) ColorCube 8870 wax printer and stencils, 
paper and tape components were cut using a 30 W Epilog (Golden, CO) Zing Laser Cutter and 
Engraver.  
Microwire ePAD Fabrication .  
Similar to previously described work, ePADs were designed using CorelDRAW (Corel, 
Ottawa, Ontario), a graphic design program, and fabricated on Whatman #1 filter paper.29 Fluid 
flow and containment were achieved by printing hydrophobic wax barriers using a wax printer. 
Wax printed designs of 4-pt line thickness were melted through the filter paper on a 150 °C 
hotplate for 90 s to create wax barriers. Packing tape was used to seal the bottom of the device and 
prevent leaking. On the printed side, microwires were spaced 1 mm apart across the channel device 
using printed alignment marks as guides and either taped in place with a packing tape cover or 
covered with a laser-cut Whatman wicking layer, followed by the laser-cut packing tape cover 
(Figure 3.1A and B. The paper-based sample inlet used a 6-mm diameter (4.1-mm inner diameter 
after melting) wax printed well connected to a channel that is 11-mm long by 5-mm wide (11.2-
mm length by 3.1-mm inner width after melting). The channel flows into the center of a 30-mm 
diameter circle (27.8-mm inner diameter after melting) with a 90° section removed to form a 270° 
wicking fan from the channel end. The laser-cut wicking top of the device has the same dimensions 
as the paper region bound by the melted wax described in parenthesis above. The laser-cut packing 
tape cover consists of a rectangle (9-mm x 7-mm) connected 8-mm into a 34-mm diameter circle. 





and melted outer edge of the device to create a protective seal and hold the microwire electrodes 
and wicking layer in place on top of the wax printed layer of the device. The sample well inlet is 
left uncovered for sample addition. Silver paint was applied to wire ends to create touchpads that 
could be connected to the potentiostat (Figure 3.1C). 
 
Figure 3.1 Quasi-stationary flow ePAD fabrication showing (A) the device layers, (B) the top view 
of the device design (with packing tape back layer moved to the side slightly for visualization), 
and (C) the device image with electrode leads attached. 
 
 
Characterization of Device with Flow.  
Visual determination and color analysis software were used to characterize flow within 
single and double-paper layer devices. The Lucas-Washburn flow behavior within straight 
channels with single and double-layers of paper were characterized visually by dipping the sample 





fabricated with the same sample inlet and channel width dimensions as the quasi-steady flow 
device described above, but with a channel length extended to 90 cm (Figure 3.2). Steady flow 
behavior was measured within the ePAD device made with either a single layer of paper or double 
layer by measuring the increase in colored area with time from photos using ImageJ analysis 
software. ImageJ was used to isolate the red region formed within the device and measure the 
normalized growth in area until the device was completely red within the wax defined region.  
 
Figure 3.2 Two-layer flow-channel devices with a laser-cut channel layer set within the boundaries 
of the wax defined bottom layer and taped on the bottom and top sides, while leaving the sample 
inlet open for sample addition. Devices shown (A) before and (B) after being dipped into solution. 
Crayola crayon was used to draw the lower orange region to keep solution from leaking around 
the channels. Printed ruler markings are in 1-mm increments.  
 
 
Device flow was also characterized using amperometry by the repeated addition of 5 or 10 
μL of a blank injection consisting of 0.5 M KCl, or a sample containing 5 mM 
K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl to the sample inlet. Electrochemical detection was 
determined using Au or Pt microwire electrodes. The average current was measurd from the 
steady-state flow and resulting steady-state current produced. Linear-sweep voltammetry (LSV) 





paper-based channel or while solution was flowing within the ePAD device. The saturated channel 
containing electrodes were made by removing the fan shaped region at the end of the channel and 
adding solution (~20 μL) to the inlet until no more solution was removed from the inlet to wick 
down the channel. 
Flow ePAD Calibration.  
Calibration detection of flow devices was carried out using amperometry with droplet 
addition as described above for repeatability experiments. 5 or 10 μL droplets of solution were 
added to the device and the average plateau current was plotted against concentration, for both Pt 
and Au working electrodes and with either K4Fe(CN)6/K3Fe(CN)6 or HQ/BQ in 0.5 M KCl, or 
PAP in pH 7.4 laboratory-prepared phosphate buffered saline (PBS, 8.00 g NaCl, 0.24 g KCl, 1.44 
g of Na2HPO4, and 0.24 g KH2PO4, per liter of distilled water). Plateau currents were then 
normalized to a standard added at the end of each use and plotted against concentration  create a 
normalized calibration curve. Standards were 5 mM K4Fe(CN)6/K3Fe(CN)6 and HQ/BQ for the 
same species calibration curves and 1 mM K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl for PAP 
calibration. 
Enzyme Kinetics Detection.  
The ePADs were used to perform a kinetic study on β-galactosidase activity using 4-
aminophenyl β-D-galactopyranoside (PAPG) as the substrate. The product of this enzymatic 
reaction, p-aminophenol (PAP), is a redox active molecule. The flow device design contained one 
Pt microwire reference electrode and two Pt microwires working and two Pt microwire counter 
electrodes. Cyclic voltammograms (CVs) of 1 mM PAPG or 1 mM PAP in pH 7.4 PBS were 
acquired at 0.1 V/s from 0.2 to 0.7 V vs Pt and from -0.1 to 0.4 V vs Pt, respectively to study 





from the PAPG background current was determined by detecting the plateau current with droplet 
flow through the device using amperometry at 0.1, 0.2, 0.3, and 0.4 V vs Pt. A 0.3 V optimal 
applied over-potential was determined and employed for the duration of amperometric 
measurements for PAP detection. A PAP calibration curve was established by measuring 0-1 mM 
PAP solutions in pH 7.4 PBS. To ensure reproducibility of enzymatic detection within the devices, 
three separate 100 μL solutions containing 1 mM PAPG and 5 U/mL beta-galactosidase were 
prepared in fresh pH 7.4 PBS before analysis and were added in 5 μL aliquots to separate devices 
every 60-100 seconds until the measured current reached a plateau. Similarly, to obtain the rate of 
reaction at different concentrations of substrate, equal volumes of 10 U/mL beta-galactosidase 
solution and 0.2-10 mM PAPG solutions were mixed (end concentration of 5 U/ml and 0.1-5 mM 
PAPG), and the current was measured during the initial linear enzymatic response. At least five 
time points were collected for each substrate concentration to calculate the rate of reaction from 
the linear slope obtained from change in current with time. Current was converted to PAP 
concentration using the previously obtained PAP calibration curve. Measurements were done in 
three separate devices and the measured rates for each device were averaged. A Lineweaver-Burk 
plot (i.e. 1/[substrate] vs 1/rate plot) was established and the Michaelis-Menten constant (Km) was 
extracted from the plot.35 
 
3.4 Results and Discussion 
Device Design Theory.  
Aside from the low-cost, a key advantage to using paper as an analytical platform lies in 
exploiting the capillary force generated from the hydrophilic network of cellulose fibers to imbibe 





this passive flow to implement sample mixing, reaction timing and washing steps that would 
otherwise necessitate the use of external pumps and pipetting steps.5 However, a disadvantage to 
using paper is that flow velocity decreases with time within capillaries of constant cross-sectional 
area (such as in lateral flow assays and paper-based channels). When considering sensor response, 
this decay can increase the assay time as well as change detection response as a function of time. 
While the capillary driving force itself remains constant within a channel of constant cross 
sectional area, there is an increase in viscous drag force due to the increase in wetted area and the 
distance the fluid front moves from the inlet reservoir. This behavior is described by the Lucas-
Washburn equation:32 
� � = √ �  ��� �2� �     (3.1) 
where the distance the fluid front travels with time (� � ) is directly proportional to the square root 
of time (�), cosine of the solution contact angle with paper (�), solution surface tension (�) and the 
mean capillary pore radius or effective pore radius of the paper (�), as well as indirectly 
proportional to the square root of the viscosity (�).32 Figure 3.3A shows the experimentally 
measured increase in fluid front distance within a straight channel for both one- and two-layer 






Figure 3.3 Flow rate characterization for (A) straight channels and (B and C) quasi-steady flow 
devices with either one- or two-layers of paper. (A) Straight channel flow behavior is determined 
experimentally and modeled using (Eq. 3.1). (B) Quasi-stationary flow device images were taken 
every 20 s, and (C) flow rate was calculated from these images via change in red area within the 
device and normalized to the total device area. Time 0 s = time solution reaches the end of the 
channel for start of the steady flow regime. (n=4 devices/measurement) 
 
 
As previously observed by Camplisson et al., a noticeable increase in flow rate is achieved 
when using two layers of paper to imbibe solution within a channel.36 This increase was attributed 
to an increase in the effective pore radius, due to the gap between the sheets acting as a larger 
capillary. They experimentally determined an increase from 0.11 μm (average horizontal pore 
radius within Whatman #1 filter paper) for imbibition in a single layer of paper to 0.34 μm, due to 





While the prior work determined the average horizontal pore radius with evaporative variables, 
the device design employed in this work uses tape to seal the device, thus minimizing evaporation. 
Using Equation 3.1 to fit the experimental data with solution terms for water at room 
temperature � = 0.0728 N∙s, � = 0.001 N∙s/m2), and � =  for Whatman #1 filter paper, the 
effective pore radius was calculated to be 0.15 ± 0.01 and 0.38 ± 0.06 μm for one- and two-layer 
devices respectively. The slightly larger effective pore radius is probably due to the addition of 
tape acting as another capillary wall, where it is not adhered to the fibers and serving to keep 
solution and humidity within the device. The calculated channel height between the paper layers, 
using a weighted average of the calculated effective pore radius values (Equation 3.2),36 was 
determined to be 24 μm, which is reasonable given the visual spacing shown in cross-sections as 
discussed below.  � = 2 ′ℎ + �2ℎ +�        (3.2) 
Equation 3.2 is taken from Camplisson et al.36 and is the calculation for the average pore 
radius (�) within a two-layer paper device. Where, each layer of paper is taken to contain uniform 
pores of radius �′. This value was determined experimentally for a one-layer channel device using 
the Experimental fit to the Lucas-Washburn equation (Eq. 3.1). The height (ℎ) is the thickness of 
a layer of paper, and the width (�) is the width of the channel. The gap (�) is the space formed 
between the layers of paper in the two-layer device, and is assumed to act as a capillary with a 
radius of = �/2.   
One way to overcome the increase in viscous drag force and therefore decay in flow rate 
was proposed by Mendez t al.30 This relies on a steady increase in the fluid front area in the shape 





The flow behavior for the fully wetted capillary network within the channel can be described by 
Darcy’s Law:37 = � ℎ����       (3.3) 
where the volumetric flow rate () is directly proportional to the capillary pressure 
(Pc=2� cos � /�), interstitial permeability (�, approximated to be �2/8), channel width (� =3.1 
mm) and height (ℎ =150 μm or [2(150 μm) +24 μm] for one- and two-paper layers respectively), 
while indirectly proportional to the channel length (=11.2 μm) and the solution viscosity. The 
fabrication scheme for a quasi-steady flow device that was characterized for flow rate based on the 
change in fluid area within the device with time is shown in Figure 3.1. Similarly, Figures 3.3B 
and C show photographs of the wetting and the normalized wetting area as a function of time.  A 
steady increase in area with time is observed for both one and two-layer devices. Assuming that a 
given change in area corresponds to a set volume of solution flowing through the channel (i.e. 
assuming constant ℎ throughout the device), a linear increase in area within the wicking fan 
corresponds to a steady flow of solution through the channel. The use of two layers of paper 
increased the flow rate by 273% compared to a single layer device.  As discussed previously, the 
increase in flow rate for the two-layer relative to the one-layer device is due to the gap present 
between paper layers and therefore larger capillary height. Although initial flow through the 
channel is not steady, once the fluid front reaches the fan region, a steady flow rate is maintained. 
This was therefore used as a starting point for carrying out analytical measurements. 
To the best of our knowledge this is the first time change in fluid area within a paper-based 
device has been used to characterize flow rate through a sample inlet. Previous work has measured 
the rate a dye fluid front moves through a pre-wetted channel.38 However, this method can only 





dye reaches the wicking pad. Another method made use of alternating the sample inlet between 
solutions with or without dye to form bands of dye.30 The flow rate was then determined based on 
the speed the bands moved through the channel with time. While this method worked well for a 
slow flow rate material such as nitrocellulose, the method required precise changing of solutions 
to form the bands, which do not have time to form within the inlet channel in faster flow rate 
materials such as the Whatman Grade 1 filter paper used in this study. An alternative study 
measured the change in radius and, therefore, change in volume of imbibed solution within a 
hemispherical-glass matrix from a point source.39 The study also determined that radial change in 
volume was constant with time, matching well with our results for a thin membrane change in 
area. Our presented method, therefore, serves as a more universal and simple means for monitoring 
flow rate through a sample inlet within paper devices, especially in device geometries that deviate 
from Lucas-Washburn behavior.  
Microwire ePAD Electrochemical Behavior with Flow.  
Electrochemical detection in ePADs is usually carried out in quiescent solution and as such, 
detection under steady flow conditions has not been studied extensively in paper. A comparison to 
electrochemical detection at Au microwire electrodes with and without flow in ePADs was carried 
out using LSV in 5 mM K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl. Figure 3.4A shows distinctive 
voltammograms indicative of mass-transport and diffusion limited currents with flow and 










Figure 3.4 Electrochemical detection showing (A) the LSV current profiles for one- and two- layer 
devices either with quasi-steady flow or without flow in a saturated channel using 5 mM  
K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl, detected at a 25 μm diameter Au microwire electrodes (Pt 
counter and reference). (B) Image of channel cross-section, cut down the center, showing a 25 μm 
Au electrode sandwiched between two paper layers. 
 
 
Unlike the peak-current behavior obtained for the quiescent solution, a sigmoidal steady-state 
current is obtained within the flow device due to added convection of analyte to the electrode 
surface. The measured LSVs showed a peak current increase from 3.77 ± 0.58 for one-layer 
devices in the absence of flow, to 12.17 ± 0.71 μA with the addition of flow. For two-layer devices, 
peak current increased from 5.92 ± 0.81 μA to 20.66 ± 0.32 μA with the addition of flow. The 
slightly larger increase in peak current with flow addition for a two-layer device (249 % increase) 





the gap between the layers of paper with flow that cannot occur in a one-layer device, as the 
electrode is held more tightly in place with packing tape.  The slightly larger increase in peak 
current from one- to two-layers with (69.7% increase) and without flow (56.9% increase) is also 
indicative of the increase in gap-height that acts a larger capillary with flow. The optimal device
design incorporated sandwiching of the electrodes between two layers of paper (Figure 3.4B) in 
order to maximize the electrode surface area and flow rate of species to the electrode surface.  
 
 
Figure 3.5 Quasi-stationary flow ePAD amperometric detection showing (A) the detailed flow-
current profile blown up from the 2 mM injection of (B) the full calibration amperometric profile 
for increasing concentrations of K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl and (C) plotted as the 
average peak plateau current in the calibration plots for increasing concentrations of 
K4Fe(CN)6/K3Fe(CN)6 (n=9 devise) or HQ and BQ (n=4 devices) in 0.5 M KCl detected at 25-μm 
diameter gold microwire electrodes at -600 mV. 
 
  
Figure 3.5A shows the amperometric current response of the device with no flow and the 
subsequent spike and plateau of current from the flow of solution across the electrodes, due to 
droplet addition to the well inlet. Addition of the droplet to the device creates an increase in current 
due to an increase in mass-transport. Because of the perturbation of the double layer with flow, a 
small spike can be seen at the start of flow, immediately after droplet addition. The spike decays 





is maintained and an average current measurement is recorded. This plateau current is dependent 
on both the flow rate and the amount of faradaic and non-faradaic current being passed (Figure 
3.5B). The plateau is followed by a decay of signal back to the baseline when flow stops due to 
liquid depletion at the inlet. While the initial increase in current is rapid as the droplet fills the 
already wet capillary network and flows through, the decay follows a more gradual decrease. 
Microscopy of flow through paper shows that this more gradual decrease is du to the capillary 
force at the fluid front having to break the surface tension of filled pores in the paper to remove 
solution.  
 
Figure 3.6 Quasi-Stationary Flow ePAD electrochemical response showing the reduction at -600 
mV amperometric response to consecutive injections of K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl 
added (potential vs Au). 
 
The device repeatability under steady-flow was determined through repeated injections of 
a blank (0.5 M KCl) or a sample (5 mM K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl). An example 
amperogram is shown in Figure 3.6. The plateau current without faradaic reactions occurring 
created a small change in cathodic background current (no flow) of -4.9 ± 0.5 nA (  = 11) when 
blank 5 μL injections were added (Figure 3.7B). The average combined cathodic faradaic and non-
faradaic current was measured to be -6.66 μA ± 0.22 μA (n = 16 injections) at the plateau from the 





phenomenon occurred when doing anodic detection (Figure 3.7A). A smaller overall current 
response was measured from both blank (1.69 ± 0.27 nA (n = 11)) and sample (-1.97 μA ± 0.14 
μA (n = 10)) injections. This behavior was seen for both Au and Pt working electrodes and for 
different species detected (K4Fe(CN)6 and HQ). While the cause of this phenomenon is unclear, 
the device still behaved consistently with repeated injections for oxidation. This could possibly be 
due to some interaction of the electrode with the cellulose matrix. Cellulose is a polysaccharide 
comprised of glucose, which has been found to adsorb to both gold and platinum surfaces from 
near neutral (pH 7.4) to more basic solutions.40,41 This phenomenon could explain the initial 
decline in current, due to a decrease in active sites for electrochemical detection that then stabilizes 




Figure 3.7 Quasi-Stationary Flow ePAD showing (A.) the oxidation at +300 mV and (B.) the 
reduction at -300 mV amperometric peak current response to consecutive injections of either blank 






Microwire ePAD Calibration.  
Next, the ePAD was used for the detection of K4Fe(CN)6/K3Fe(CN)6 and HQ/BQ as model 
inner sphere inorganic and organic redox species respectively. Figure 3.5C shows the resulting
calibration plots from several devices (n = 13) with good linearity and correlation (R2 ≥ 0.998). 
The slopes also correlate with increasing electron-transfer processes, where the slope 
approximately doubles when going from K4Fe(CN)6/K3Fe(CN)6 (slope = 2.834 µA / µM, 1 
electron process) to HQ/BQ (slope = 6.389µA / µM, 2 electron process). While good 
reproducibility was found within flow devices, average measurements between devices however, 
could produce RSDs that were greater than desired, as seen in Figure 3.8A, where average RSDs 
were 10.65% As each sensor is assembled by hand and sometimes by different individuals, this 
was attributed to small differences in fabrication, such as the amount of pressure used to seal the 
device or variations in alignment.  
 
Figure 3.8 Quasi-Stationary Flow ePAD calibration curves for the (A.) oxidation detection of 5 
mM K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl at Au microwire electrodes (+600 mV vs Pt). (B) Plot is 
then normalized to a 5 mM K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl injection at the end of each device 







One way to account for device-to device variations is to normalize the signal using a 
standard solution addition (Figure 3.8B), which reduced average RSDs to 4.56%. Calibration plots 
for both oxidation and reduction of K4Fe(CN)6/K3Fe(CN)6 at both Au and Pt electrodes still show 
good linearity (R2 ≥ 0.998) with average RSD of 7.46% (Figure 3.9). It is of interest to note that 
all of the slopes are nearly equivalent with oxidation and reduction slope values of 0.1983 mM-1 
and 0.2031 mM-1 at Au and 0.2001 mM-1 and 0.1983 mM-1 at Pt microwire electrodes respectively 
when each device is normalized to the same 5 mM standard injection. The same slopes are also 
nearly equivalent to each other when more than one wire is used to form the working electrode 
(Figure 3.10). Figure 3.10B shows the effect doubling the electrode area has on the measured slope, 
1.882 for one-wire to 2.95 μA/mM for a two-wire working electrode device. These differences in 
electrode area were normalized when using a standard, however, and both one-wire (normalized 
slope = 0.1998 mM-1) and two-wire (normalized slope = 0.1871 mM-1) working electrodes 
produced similar normalized slopes (Figure 3.10C). The two-wire slope in Figure 3.10C is 
probably slightly lower than one-wire due to an increase in background current determined when 
using a working potential > ± 0.5 V vs Au or Pt pseudo reference electrodes for both Au and Pt 
working electrodes respectively (Figure 3.11). Lower applied potentials resulted in lower 
background signal and the use of two working electrodes resulted in greater current that could be






Figure 3.9 Quasi-Stationary Flow ePAD calibration curves ffor the (A.) oxidation and (B.) 
reduction detection at gold as well as (C.) oxidation and (D.) reduction detection at platinum 
microwire electrodes of K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl  at gold and platinum electrodes (+/-
300 mV vs Pt). Plots are normalized to 5 mM K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl injection at the 




Figure 3.10 Quasi-Stationary Flow ePADs (A.) scheme with either one or two platinum working 
and counter electrodes (B.) the resulting calibration at each device and (C.) the normalized average 
calibration detection of of K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl at 600 mV for n=3 








Figure 3.11 Quasi-stationary flow ePAD optimal potential determination FIA of (A.) Au and (B.) 
Pt electrodes for the detection of K4Fe(CN)6/K3Fe(CN)6 in 0.5 M KCl from the 0.5 M KCl 
background signal (n=3). 
 
 
Enzymatic Detection.  
As proof of concept, the quasi-steady flow device was implemented for the continuous 
monitoring of enzymatic activity. Enzymatic assays have been widely used as analytical dete tion 
methods due to their selectivity and sensitivity to target analytes. Examples of these assays include; 
clinical assays where enzymes react with target health indicators to produce a detectable product,42 
as detectable tags in enzyme-linked immunosorbent assays (ELISAs),43 as an indicator of gene 
expression via the production or deletion of specific genes for enzyme production,44 and in 
bacterial assays where the presence of bacterially produced enzymes is used to identify bacterial 
species.45 β-galactosidase is commonly used as a tag in ELISAs, a reporter marker in gene 
expression, and as a bacterial indicator for total coliform counts and E. coli species identification.46 
β-galactosidase hydrolyzes the β-glycosidic bond between a galactose and its organic moiety and 
its enzyme activity is then measured via product formation. The steady-flow device was used to 





substrate p-aminophenyl-galactopyranoside (PAPG) (Figure 3.12A). PAP is electrochemically 
active; and thus detectable through a two electron oxidation reaction. Its use for the 
electrochemical detection of enzymatic activity has been previously well described.47 As shown in 
Figure 3.12B, both the substrate PAPG and product PAP are electrochemically active with peak 
potentials at 0.45 and 0.15 V vs Pt respectively, and an optimal amperometric over-potential was 
determined to be 0.3 V vs Pt (Figure 3.12C).  PAP calibration was then determined using flow 
devices with dual microwire Pt working electrodes at 0.3 V (Figure 3.13), and a 31 μM limit of 
detection was calculated (mean + 3 SD). 
 
Figure 3.12 Optimal potential determination of PAP formed from (A) the reaction of PAPG with 
β-galactosidase and detected electrochemically through a 2e- oxidation reaction. (B) Cyclic 
voltammograms of 1 mM PAP or PAPG in pH 7.4 PBS buffer were measured using Pt microwire 
electrodes in saturated paper-based channel devices without flow and (C) the resulting 
hydrodynamic voltammograms using amperometric detection with flow (n=4). The optimal 








Figure 3.13 Quasi-Stationary Flow ePAD with a double Pt microwire WE and CE electrodes 
showing the (A.) average calibration detection of PAP at 300 mV for n=3 devices and (B.) the 




The enzyme kinetics of β-galactosidase for the electrochemical reaction were studied 
amperometrically at 0.3 V vs Pt by continuously adding the reaction solution (varying PAPG 
concentration with 10 U/mL enzyme in PBS) to the device and monitoring the changes in plateau 
current with time. Once the measured current was converted to PAP concentration using a 
calibration curve, the reaction rate could be obtained and plotted against the starting substrate 
concentration (Figure 3.14A). Figure 3.14A is a Michaelis-Menten plot showing the rate of 
reaction beginning to plateau above 1 mM PAPG, indicating a saturation in the catalytic capability 
of the enzyme in solution.48 This behavior is described by the Michaelis-Menten equation: � = ����[ ]�+[ ]      (3.4) 
Where the measured initial rate of enzyme reaction (�, mM/min) is related to the concentration of 
substrate used in a homogenous solution ([ ],  mM), the maximum reaction rate achieved by the 
system (��� , mM/min) when the reaction sites of the enzyme are saturated with substrate, and 
the Michaelis-Menten constant (�, mM).  The � constant is the substrate concentration at which 





The Lineweaver-Burk equation is created by taking the reciprocal of the Michaelis-Menten 
equation and separating out the terms into linear equation components: 
� = �����  [ ] + ����     (3.5) 
Equation 3.5 was used to create the Lineweaver-Burk plot in Figure 3.14B, and serves as 
a useful graphical representation, whereby the maximum rate of reaction (��� ) and Michaelis-
Menten constant (�) can be easily calculated from the y-intercept (/��� ) and slope (�/��� ) 
or x-intercept (− / �), from experimentally determined changes in rate (�) measured from using 
different concentrations of substrate ([ ]).35 The ���  and � values were experimentally 
determined to be 0.079 mM/min and 0.36 mM respectively. An enzyme turnover number (�� ), 
which is the maximum number of substrate molecules turned over by an enzyme molecule per 
second, was calculated from the determined ���  to be 94 s-1. A separate study in quiescent 
solution by Laczka et al. using a Au microelectrode array as the working electrode for the 
electrochemical detection of PAP, found a similar � value of 0.43 mM, which indicates a similar 
substrate affinity when reacting PAPG with β-galactosidase.49 For the same reaction, Viratelle et 
al. also found similar � (0.33 mM) and ��  (90 s-1) values using a spectrophotometer at 306 nm 
for PAP detection.50 The similarities of our calculated values to literature, for more complex or 
expensive detection platforms, indicate that the proposed disposable and simple to fabricate device 







Figure 3.14 Enzyme kinetics plots determined by measuring β-galactosidase reaction with PAPG 




The use of a steadily increasing capillary network, to generate quasi-steady flow, has been 
studied for the first time in ePADs. The device is simple and inexpensive to fabricate, and has been 
employed for electrochemical detection at microwire electrodes. The use of single- and double-
paper layers can be used to control flow rate by changing the effective pore radius of the device. 
The resulting increase in fluid transfer through the device when two-layers of paper are used is 
achieved by incorporating the gap between the layers of paper that acts as a larger capillary. Both 
colorimetric and electrochemical detection within the device, using image processing software and 
microwire electrodes respectively, provided reproducible results and can be used in future device 
development to monitor flow response within paper-based devices. Additionally, calibration plots 
normalized to a standard provided improved measurement reproducibility between devices. Future 
device design could incorporate a separate layer with stored standard reagents that could be 
measured at the end of the device use for normalization purposes. As proof-of-concept, the devices 
were used to measure enzyme activity for β-galactosidase and PAP, which provided kinetic values 





device design could incorporate modified microwire electrodes to improve detection sensitivity or 
to capture species from solution at the electrode surface while utilizing device flow. This ePAD, 
therefore, serves as an alternative detection platform to current colorimetric methods and as a faster 
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CHAPTER 4. DUAL COLORIMETRIC AND ELECTROCHEMICAL DETECTION OF 
 




4.1 Chapter Overview 
The development of electrochemical and colorimetric detection platforms are presented as 
complimentary methods for food and waterborne bacteria determination from a single assay. E. 
coli and enterococci species, both indicators of fecal contamination, were detected using substrates 
specific to enzymes produced by each species. β-galactosidase (β-gal) and β-glucosidase (β-gluco) 
are both produced by E. coli and β-glucosidase (β-gluco) is produced by enterococci species. 
Substrates used produced either p-nitrophenol (PNP), o-nitrophenol (ONP) or p-aminophenol 
(PAP) as products.  Stencil-printed carbon electrode (SPCEs) detection, was found to provide 
optimal performance on inexpensive and disposable transparency film platforms. Using fabricated 
SPCEs detection limits for electrochemically active substrates, PNP, ONP, and PAP were 
determined to be 1.1, 2.8, and 0.5 μM LOD respectively. A colorimetric muli-well plate reader 
was developed from the use of a simple cardboard box and cell phone for the more portable and 
inexpensive assay detection of PNP and ONP in paper-based well plates. Colorimetric product 
detection limits using this method were determined to be 81 μM and 119 μM for ONP and PNP 
respectively. While not as sensitive as electrochemical detection, both still provided similar times 
to positively detecting bacteria (between 4 and 8 hrs of pre-enrichment) for low concentrations 
(101 for pathogenic and nonpathogenic E. coli species and 100 E. faecalis and E. faecium species). 
Sprout and lagoon water samples served as model food and water samples, and while water 
samples did not test positive, sprout samples did test positive within 4 hrs. of pre-enrichment. 




respectively) sprout and water samples tested positive within 4 hrs and 12 hrs of pre-enrichment 
respectively. Kat Boehle, a now third year graduate student in Chemical Biology in the Henry 
Group, helped to develop the “light box” method and test the colorimetric assay used within this 
work. She will be second author on the manuscript which will be submitted to Analytical Chemistry 
within the next month. 
 
4.2 Introduction 
Within the United States, of all the methods for food and waterborne contamination 
(bacterial, viral, chemical, etc.), bacteria contamination has caused the highest number of 
hospitalizions and death.1,2 While drinking contaminated water can lead to illness, the use of unsafe 
water for irrigation can also contaminate agricultural products and indirectly cause foodborne 
illness.3,4 Human and animal excreta (urine and feces) are major sources of food and waterborne 
diseases, but it is impossible to test for all possible transferable pathogens in a comprehensive 
manner.5 Instead, general indicators for bacterial contamination are commonly detected, and both 
E. coli and enterococci species are used as standard fecal indicator bacteria (FIB).6-9 E. coli and 
enterococci are found in high concentrations, 109 and >104 colony forming units (CFU) per wet 
gram of stool respectively, predominantly in the gut of warm-blooded animals. Their presence is 
an indication of not only fecal contamination but also if conditions are amenable for the presence 
of other pathogens.9,10 FDA guidance and compliance regulations for both the agricultural 
production and industrial processing of food and beverages now call for the frequent testing of FIB 





The importance of bacteria in human health has led to the development of numerous 
methods for detecting bacteria. Common methods for bacteria detection include immunoassays, 
DNA amplification/detection methods such as polymerase chain reaction (PCR), and traditional 
culture methods.12 While DNA assays and immunoassays have advantages such as selectivity and 
sensitivity, both can suffer from inhibition effects from the environment that lead to false positives 
as well as high instrument and/or test costs.13,14 The gold standard for bacterial detection has been 
culture-based methods.15 Culturing allows for the verification and identification of live cells using 
selective growth media, chromogenic reagents, and microscopy of cell morphologies, however, 
this method can be time and material intensive. The need for improved methods has led to 
development of a number of sensors and analytical methods, including the use of paper-based 
(PADs). PADs provide a simple, easily modifiable and mass produced, and can be incorporated 
with several different detection motifs.16,17  
 Recently, we published paper-based methods for detecting Salmonella, Listeria 
monocytogenes, and E. coli species from food and water samples, which was discussed further in 
Chapter 1.18,19 Briefly, chromogenic reagents were stored in paper-based devices and after a pre-
enrichment culturing step, using portable sampling and culture methods (MMS and “Phast Swab”), 
the sample was added to a device containing colorimetric substrates that selectively reactd with 
enzymes produced by each bacteria species tested (E. coli, Listeria monocytogenes, and 
Salmonella Typhimurium). When compared with traditional culture methods, the method reduced 
the amount of reagents needed, used an easily disposable and inexpensive substrate (paper) for 
both reaction and detection, and provided semi-quantitative measurements from device images 
taken using a flat-bed scanner and image analysis software. A few further examples of paper-based 




colorimetric detection with only one example of paper-based electrochemical detection, which 
used impedance measurements as a result of immunoassay binding for detection of specific 
bacteria.22 While paper-based colorimetric detection can provide a simple visible analysis method, 
electrochemical detection can potentially provide lower detection limits and easily quantifiable 
and portable results using existing handheld and cellphone-based potentiostats.25-29  
A few methodologies similar to our previously published colorimetric tests of bacterially 
produced enzymes use electrochemistry for detection have been reported. The majority of assays 
used a p-aminophenyl galactopyranoside (PAPG) substrate that produced electrochemically active 
p-aminophenol (PAP),30-34 the production of chlorophenol red,35 and more recently, 
naphthoquinones and resorufin have also been used for electrochemical E. coli detection.36 All of 
these studies used β-galactosidase as the detection enzyme with only one method also reporting 
the use of β-glucuronidase.36 Other reports used an enzyme modified electrode to convert phenol 
to a more easily detected o-quinone product.37-39 Similarly, another study indirectly measured the 
degradation product (PAP) of enzymatically produced p-nitrophenol (PNP) from p-nitrophenyl 
galactopyranoside (PNPG).40  This study relied on the use of another bacteria species immobilized 
on the electrode for detection. Both modification methods, however, make the resulting sensors a 
more complicated reaction process and prone to sources of error. 
Herein, we report further improvements in our bacterial detection system including 
comparison of colorimetric and electrochemical detection methods. Our colorimetric system uses 
a smart phone to monitor the reaction in paper-based wells with time as opposed to a single 
endpoint measurement.41 A platform for electrochemical detection was also developed, and it was 
determined that flexible, inexpensive, and easily modified transparency film provided optimal 




enzymatic assay conditions for detection of FIB bacteria species, E. coli and enterococci, via their 
production of enzymes. Both β-galactosidase and β-glucosidase were used for E. coli detection 
and β-glucuronidase for enterococci. Substrates for each enzyme produced ONP or PNP, enabling 
dual colorimetric and electrochemical detection of bacteria. Traditionally these assays are 
measured using a spectrophotometer in a well-plate format (i.e. a plate reader).  To our knowledge, 
this is the first time either of these species have been directly oxidized for the electrochemical 
detection of bacteria specific enzyme metabolism. Additionally, this also represents the first 
example of electrochemical enterococci detection based on the pres nce of bacterially produced 
enzymes. A pathogenic and non-pathogenic strain of E. coli, as well as two strains of FIB 
enterococci species E. faecalis and E. faecium were also detected from pure culture. Leafy greens 
are responsible for 46% of outbreaks within the united states and because alfalfa sprouts are 
cultivated in a moist humid growth environment that facilitates bacterial growth, they have been 
one of the leading sources of multi-state foodborne outbreaks.42,43 Detection of inoculated and 
uninoculated lagoon and sprout samples served as model surface irrigation water and food samples 
respectively. 
 
4.3 Materials and Methods 
Materials and Reagents.  
Potassium chloride (KCl), potassium ferricyanide (K3Fe(CN)6), and Whatman #1 filter 
paper were purchased from Fisher Scientific (Fairlawn, NJ). Potassium ferrocyanide (K4Fe(CN)6) 
was purchased from Mallinckrodt Chemical Works (St. Louis, MO). Carbon ink and Graphite 
(<20-μm diameter) were purchased from Ercon (Warham, MA) and Sigma (St. Louis, MO) 




phosphate dibasic (K2HPO4) were purchased from Sigma. High-purity silver ink was purchased 
from SPI Supplies (West Chester, PA). p-Aminophenol (PAP) was purchased from EMD 
Millipore (VWR, Billerica, MA). β-galactosidase (β-gal), β-glucosidase, β-glucuronidase (β-
glucr), p-nitrophenyl-β-D-glucopyranoside (PNP-Gluco), and p-nitrophenyl-β-D-glucuronide 
(PNP-glucr) were purchased from Sigma. p-Nitrophenol (PNP) and p-nitrophenyl-β-D-
galactopyranoside (PNPG) were purchased from TCI America (VWR, Portland, OR). o-
Nitrophenol (ONP) and o-nitrophenyl-β-D-galactopyranoside (ONPG) were purchased from 
ACROS Organics™ (Thermo Fisher Scientific, Waltham, MA). p-Aminophenyl-β-D-
galactopyranoside (PAPG) was purchased from Biosynth (Itasca, IL). o-Nitrophenyl-β-D-
glucopyranoside (ONP-Gluco) was purchased from Alfa Aesar (VWR, Haverhill, MA). Enzyme, 
substrate, and stock solution aliquots were stored at -20°C prior to use. Fresh aliquots were thawed 
prior to use daily. All reagents were used as received without further purification. All 
electrochemical measurements were done using an eDAQ EA161 Potentiostat and EC201 e-
Corder (Denistone East, Australia). Copier transparency sheets PP2200 and 2-in-wide Scotch® 
brand heavy duty clear shipping packaging tape were purchased from 3M (St. Paul, MN). 
Boise®Aspen® 30 muli-use recycled copy paper was purchased from OfficeMax®. Devices were 
printed using a Xerox (Norwalk, CT) ColorCube 8870 wax printer and stencils, paper and tape 
components were cut using a 30 W Epilog (Golden, CO) Zing Laser Cutter and Engraver. Wax 
designs were melted using a Fisher Scientific IsoTemp hotplate. Spectrophotometric detection was 
performed using Biotek Synergy 2 (BioTek Instruments, Inc., Winooski, VT) plate reader. A 
Stomacher 400 Lab-Blender by Tekmar was used to mix/wash food samples in media and cells 





Device Fabrication.  
The fabrication processe  for making paper-based well devices18 and electrochemical 
paper-based44 and transparency film-based devices45 have been previously described. Briefly, 
CorelDRAW software was used to design geometries for wax barriers and laser-cut tencils. A 
wax printer was used to print wax designs onto the copy paper surface that was then melted through 
the paper using a hotplate at (150°C) for 60 s to form hydrophobic wax barriers (Figure 4.1A). 
Packing tape was used to seal the back of the printed circles to form wells. Paper-based well plates 
consisted of 7 columns and 12 rows for a total of 84 wells that were each 6-mm in diameter (inner) 
after melting and held 50 μL of total solution volume.  
Electrodes were printed onto transparency film, Whatman, or copy paper sheets by 
squeegeeing a carbon ink mixture (1:2 ratio by mass of graphite to carbon ink) through a laser-cut 
transparency film stencil to form electrode geometries (Figure 4.1 B).  
 
Figure 4.1 Fabrication schemes for fabrication of (A) wax printed paper-based well devices and 






The commercial ink was intended for screen-printing purposes, however, stencil-printing 
is a simpler method for mask preparation. Therefore, to make the ink consistency amenable for 
stencil-printing manipulation, the addition of graphite powder was used to create a more 
conductive and viscous ink and minimize leaking beneath the stencil. Similar to paper-based 
devices, the entire printed sheet is flexible and contains 240 devices (Figure 4.2A and B) with 
electrode geometries shown in Figure 4.1C. After drying for 60 min at 65°C, a small layer of silver 
paint was applied to the reference electrode within the well to serve as a Ag/AgCl reference with 
the presence of 0.4 M chloride in tested solutions (Figure 4.2C). Each electrode well holds 30 μL 
of total solution volume (Figure 4.2D). 
 
 
Figure 4.2 Stencil-printed transparency film-based carbon ink electrodes shown as a (A) printed 
sheet that is (B) flexible. (C) A single printed electrode image (with background removed for 
visualization) showing working (WE), silver paint reference (RE), and counter (CE) electrode 
geometries and connections. Final device image with 30 μL of solution contained within the 






Colorimetric Assay Detection.  
For quantitation of colorimetric products on paper-based devices, a “light box” and the 
camera of an iPhone 5S were used to capture images and an example device image is shown in 
Figure 4.3A. The light box was fabricated by lining a cardboard box (16 cm x 16 cm x 16 cm) with 
white copy paper and cutting a small opening (2 x 5 cm) at the top to accommodate for the camera 
phone and flash. For each experiment, three samples of each reaction (replicate measurements) 
were placed in every other column of circles as shown in Figure 4.3B. The columns on each side 
of the samples were DI water, which acted as background lighting controls. Due to the inconsistent 
flash intensity across the paper, the light controls were used to normalize the brightness of each 
sample spot to give more precise results. Figure 4.3B shows the process of image analysis using 
NIH ImageJ software. First, the image was split into RGB color channels and the blue color 
channel was selected for optimal analysis of the yellow formed products. The channel was then 
inverted, so that as color intensity due to product formation increased so did the measured mean 
grey intensity.  
 
Figure 4.3 Scheme showing (A) the image capture process using a cellphone for the “light box” 
plate reading method and resulting (B) PNP calibration image labeled with blank and sample 





The mean intensity of each spot test was measured, and normalized to a background lighting 
condition by subtracting the average mean intensity of the water spots on each side of the sample 
calculated as shown in Figure 4.4. Blank spots on either side of a sample spot is measured for an 
average grey intensity value (Figure 4.B). The average of these values as then taken and used to 
subtract the background lighting conditions of the sample (Figure 4.4C) 
 
 
Figure 4.4 Background normalization process for (A) an example PNP calibration image, where 
(B) the blank spots are converted to an intensity unit and are shown shaded dark to light from 
highest to lowest intensity respectively. (C) The spots surrounding a sample spot are averaged to 




Electrochemical Detection of PNP, ONP, and PAP.  
Electrochemical detection of PNP, ONP, and PAP was performed using square wave 
voltammetry (SWV). Optimal parameters for amplitude, frequency and step height were 
determined for each species to be: PNP (Amplitude: 50 mV, Frequency: 50 Hz, Step Height: 5 
mV), ONP (Amplitude: 55 mV, Frequency: 60 Hz, Step Height: 5 mV), PAP (Amplitude: 75 mV, 




phosphate-buffered saline (PBS), phosphate-citrate buffered saline (PCS buffer), and carbonate 
buffers. PBS buffers of different pH were made by mixing KH2PO4 Na2HPO4 in weight ratios (g:g) 
as follows:  pH 5.6 (22.4:3.49), pH 6 (21.05:6.60), pH 6.5 (16.44:16.90), pH 7 (9.36:32.73), pH 
7.5 (3.84:45.07), pH 8 (1.27:50.81) per L in 0.4 M KCl. Different pH PCS buffers were made by 
mixing stock solutions of 0.2 M Na2HPO4 and 0.1M citric acid monohydrate both with 0.4 M KCl 
into volume ratios (mL:mL) as follows: pH 3 (20.55:79.45), pH 4 (38.55:61.45), pH 5 
(48.50:51.50), pH6 (63.45:36.85), pH 7.5 (93.25:6.75). Final pH values for each buffer were read 
using a pH meter. 
Enzymatic Assay Optimization.  
Enzymatic assay optimization was performed spectrophotometrically for ONP and PNP 
producing reactions within 96-well plates and read using a microtiter plate reader. Each well 
contained a total reaction volume of 200 μL, and reactions were quenched by adding equal volumes 
of 0.5 M NaOH to the sample (0.25 M NaOH final concentration). Detection was done under basic 
conditions to inactivate the enzyme, and also ensure the product was in its anionic form. PNP and 
ONP are colorless below their pKa values (pH 7.18 and 7.23 respectively) and yellow above their 
pKa. ONP and PNP production were detected at 400 nm. Detection of PAP was performed 
electrochemically using optimized parameters using SPCEs on transparency film. β-gal activity 
was detected using the following substrates: PNPG, ONPG, or PAPG. β-glucr activity was 
detected using PNP-glucr. β-gluco was detected using PNP-Gluco or ONP-Gluco. With each of 
these substrates, the carbohydrate moiety is cleaved off by the enzyme leaving either PAP, PNP, 
or ONP as the product. Optimal enzymatic reaction times for each reaction were determined from 
5, 10, 15, 30, 45, and 60 min time points. The optimal reaction pH/buffer of each enzyme was 




β-gal. Optimal pH for β-gal, β-glucr, and β-gluco were determined to be pH 7.5 PBS, pH 6.5 PBS, 
pH 5.5 PCS buffers respectively 
Bacterial Detection.  
The bacterial strains used for E. coli include P68, P14, PTUSO87 (referred to as O87 for 
simplicity), and PTUS016, grown in collaboration with Dr. Bledar Bisha at the University of 
Wyoming. For enterococci detection, E. faecalis BB1172 and E. faecium BB498 were used. Probe 
sonication was compared to chemical lysing using an optimal 20s for cell lysing and a 50:50 
solution of 10% chloroform and 0.005% SDS for chemical lysing prior to performing enzymatic 
assays.  
Detection of low concentrations of pure bacteria cultures were conducted using dilutions 
of E. coli P14, E. coli O87, Enterococcus faecium, and Enterococcus faecalis strains. Pure cultures 
were incubated in media for a total of 24 h with 1 mL aliquots taken at 4, 8, 12, 18, and 24 h for 
enzymatic assay testing.  Plating of starting dilutions were performed to determine starting 
CFU/mL concentrations. Samples were incubated in a 37°C shaker at 100 RPM in brain-heart 
infusion (BHI) broth.  
For food and water samples, alfalfa sprouts were purchased from Whole Foods (Date/Time: 
02/08/2016 at 8 pm) and unfiltered water was obtained from Colorado State University’s Lagoon 
(Latitude: 40.57566, Longitude: -105.08631, Elevation: 1523 meters, Date/Time: 02/08/2016 at 
7:30 pm, Outdoor temperature: -1.7°C) and both were stored in the refrigerator at 4°C overnight 
(10 hrs) prior to testing. Inoculated sprouts contained 2.3 x 102 and 3.1 x 101 CFU/g of E. coli and 
E. faecalis BB1172 respectively. Inoculated water contained 2.3 x 102 and 3.1 x 101 CFU/mL of 
E. coli and E. faecalis BB1172 respectively. For food samples, 10 g of inoculated or uninoculated 




for 1 min to mix/wash the sprouts. For water samples, 10 mL of inoculated or uninoculated 
(control) lagoon water were mixed with 90 mL BHI broth and hand mixed to ensure a homogenous 
solution. All samples were incubated in a 37°C shaker at 100 RPM, sampled with time, and then 
sonicated (1 mL for 30 s at 5 W). Assays were reacted in centrifuge tubes with 250 μL of sonicated 
sample, 250 μL of substrate and buffer. After 1 hr 250 μL of 0.5 M NaOH in 0.4 M KCl was added 
to stop the reaction and the final solution was analyzed for both colorimetric and electrochemical 
measurements. 
 
4.4 Results and Discussion 
Electrochemical Detection Optimization.  
Several factors were considered when optimizing the electrode platform and device design. 
Initially, inexpensive copy paper and Whatman 1 filter paper were studied as substrate materials 
for electrochemical detection. A model inner-sphere electron transfer species, 
K3Fe(CN)6/K4Fe(CN)6,46 was used to determine optimal carbon electrode platform performance 
(Figure 4.5). Scan rate studies performed indicated that copy paper provided the poorest 
performance, with lower peak currents (anodic ip = 123 ± 7 at 100 mV/s) and higher peak spitting 
(ΔEp = 278 ± 3 mV at 100 mV/s) relative to Whatman 1 filter paper (anodic ip = 147 ± 13 μA, ΔEp 
= 206 ± 8 mV at 100 mV/s). While it is unclear why the copy paper’s performance was lowest, a 
few hypotheses have been proposed. The smaller thickness and lower porosity of the paper beneath 
the electrode when compared to the filter paper-based electrode would lead to less solution 
interaction with the electrode surface than the higher pore size filter paper-based electrode. 




issues with the fillers used in copy paper causing increased peak splitting and decreased peak 
current. Further investigations into this finding were not pursued at this point in the project.  
 
Figure 4.5 Electrochemical characterization of copy paper-, Whatman 1 filter paper-, and 
Transparency film-based electrodes using cyclic voltammetry. (A) Representative CVs using each 
material at 100 mV/s of for 5 mM K3Fe(CN)6/K2Fe(CN)6 in 0.5 M KCl and B) resulting peak 
splitting, (C) oxidative peak current, and (D) reductive peak current plotted with the square root 
of the applied scan rate. (n=3) 
 
 
For comparison purposes, electrodes made on transparency film sheets of poly(ethylene 
terephthalate) (PET) were also studied. When using the transparency film sheets, the wax printing 
step was omitted from the fabrication process. Using wax in the paper devices resulted in a thin 
layer of wax that spread throughout the depth of the paper and surrounded the cellulose fiber 
surfaces. However, when the same amount f wax was printed onto the non-porous transparency 
film surface, a thicker layer formed. When the electrode was printed over the top of the wax, the 




the electrode. Once the ink dried, the nonconductive wax was incorporated into the electrode 
increasing electrode resistance and giving poor electrochemical behavior. Because the 
transparency film is nonporous and the carbon ink is slightly hydrophobic, the electrode geometry 
itself created a barrier that was maintained by solution surface tension without the need for a wax 
barrier. Transparency film-based electrodes provided similar electrochemical performance (anodic 
ip = 145 ± 2 μA, ΔEp = 223 ± 1 mV at 100 mV/s) to electrodes printed on filter paper, but with 
lower standard deviations. This is probably due to the more consistent electrode area and solution 
contact when compared with the rougher paper surface and irregular solution contact beneath the 
paper-based electrode.  While Whatman filter-based electrodes proved an optimal option for fully 
paper-based device fabrication, a small interference peak (~850 mV) was discovered in the 
background cyclic voltammetry scans at a similar potential to both PNP and ONP oxidation 
(Figure 4.6). This peak also appeared when using the copy paper-based electrodes. While the 
species giving rise to the signal is unknown at present, a noticeable increase in interference peak 
height was seen with solution contact time and a decrease was seen with rinsing suggesting elution 
of soluble component from the paper. It might be possible that if  the paper were soaked and rinsed, 
the interference could be removed, however, this would need to be further studied for confirmation. 
Given transparency film electrodes did not suffer from any background interference peaks and 
were also inexpensive ($0.006/device) and easier to fabricate, it was used throughout the remainder 





Figure 4.6 Detection of background PBS electrolyte and 0.1 mM PNP at (A) Whatman 1 filter 
paper-based SPCEs and (B) transparency film-based SPCEs. (RE=Ag/AgCl) 
 
 
Next, transparency film electrodes were used to study the electrochemical behavior of PAP, 
ONP and PNP for optimal detection settings. PAP has been successfully studied for the direct 
electrochemical detection of bacterially produced enzymes, while ONP and PNP have not been 
studied.47 ONP and PNP can either be reduced via a 6 e- transfer process or oxidized via a 1 e- 
transfer process.48-51 While reduction offers a higher molar electron transfer, the enzymatic 
substrates also produced a background reduction peak at the same potential (-700 mV vs 
Ag/AgCl). The oxidation detection reaction was therefore selected for further study. It is of note 
however, that product formation of PNP and ONP does create a significant increase in peak current 
above the substrate reduction background peak due to th  higher rate of electron transfer per mole 
of product produced, and remains an alternative option for detection. The optimal amplitude, 
frequency, and step height parameters for SWV detection of PNP, ONP, and PAP were studied 
and are shown in Figures 4.7A B and C respectively. Detection limits for PNP, ONP, and PAP 
were calculated to be 1.1, 2.8, and 0.5 μM (3SD/slope) with linear ranges for all three reactions 
were determined to be 25- 500 μM. As expected for a 2 e- transfer process, PAP has approximately 






Figure 4.7 Optimal SWV settings used to measure and plot increasing concentrations of (A) 
PNP, (B) ONP, and (C) PAP detection along with the resulting linear range calibration plots i  
pH 6.5 PBS buffer. (n=3) Optimal settings: PNP (Amplitude: 50 mV, Frequency: 50 Hz, Step 
Height: 5 mV), ONP (Amplitude: 55 mV, Frequency: 60 Hz, Step Height: 5 mV), PAP 
(Amplitude: 75 mV, Frequency: 60 Hz, Step Height: 5 mV) (n=3) 
 
 
Colorimetric Detection Optimization.  
Similar to previously described work that used a flat-bed scanner for reading 96-well 
plates,41 we further developed a simple and inexpensive detection scheme to take the place of a 
plate reader for paper-based detection. A cell phone camera was used to both image and wirelessly 
send solution results for analysis, which allowed for measurements to be taken as a function of 
time (Figure 4.3). This method is an improvement to our previously described computer run flatbed 
scanner method for bacteria detection, where results were only acquired once the paper-based 
device dried.19,52,53 The addition of a white paper lining acted to reflect and distribute light from 
the camera flash more evenly, decreasing the appearance of low lighting regions. We also studied 




background lighting and solution conditions. Figures 4.3 and 4.4 show the process of image 
analysis and normalization. Using a light box and background normalization method, the detection 
limit  for ONP was decreased from 151 μM to 81 μM for ONP (Figure 4.8) and from 260 μM to 
119 μM for PNP detection.  Figure 4.8 shows the decrease in average relative standard deviations 
with normalization from 28 to 9.2% over the linear range (0.1-1 mM).  While the detection limit 
is higher than that of a plate reader (4.4 μM and 9.6 μM for ONP and PNP, respectively for the 
plate reader), the portability is improved and cost is significantly reduced. Part of the increase in 
detection limit is due to the decrease in path length on paper when compared to the plate reader. 
While the electrochemical detection of PNP has been previously studied using ePADs,54 the 
colorimetric detection of PNP and ONP with PADs has not previously been published.  
 
Figure 4.8 Measured average grey intensity for ONP calibration in paper-based wells with and 
without background lighting normalization. (n=3) 
 
 
Enzyme Detection Optimization.  
Once optimal electrochemical and colorimetric parameters were established for each 




enzyme dilutions. Aside from the PAPG assay detection, which was conducted electrochemically, 
colorimetric detection was done to optimize all other assays. Optimal pH conditions for the highest 
activity were achieved for β-gluco in pH 5.5 PCs buffer (Figure 4.9A) β-gal in pH 7.5 PBS (Figure 
4.9B), β-glucr in pH 6.5 PBS.  
 
Figure 4.9 Optimal pH measurements for A) ONP-gluco and PNP-gluco reacted with β-gluco in 
PCS buffer, and ONP-gal and PNP-gal reacted with β-gal in PBS buffer. (n=3) 
 
 
Optimal substrate concentrations for 1 U/mL of enzyme (representative of a high 
concentration of bacteria) were determined by varying substrate concentrations. With E. coli 
enzymes, peak signal response was reached for β-gal at 2.5 mM for ONP-gal, PNP-gal, and PAPG 
substrates, while β-glucr peaked at 2 mM PNP-glucr (Figure 4.10A). Enterococci enzyme β-gluco 
provided a maximum signal at 7.5 mM for PNP-gluco and 10 mM for ONP-gluco (Figure 4.10B). 
All reactions developed the highest color change after one hour with the exception of ONP-gal and 
ONP-gluco both of which peak in signal within 15 minutes (Figure 4.10A). Beyond one hour, 





Figure 4.10 Measured average grey intensity results of enzymatically formed product A) PNP and 
B) ONP from varying concentrations of substrate PNP-Glucr and ONP-Gluco respectively. 
Enzymes for ONP-Gluco and PNP-Glucr are β-gluco and β-glucr respectively. (n=3) 
 
 
Detection limits for each enzyme/substrate pair were conducted using optimal substrate 
concentrations. Enzyme LODs obtained for PNP-gluco (0.2 µg/mL), ONP-gluco (2 µg/mL), PNP-
glucr (7 µg/mL), PNP-gal and ONP-gal were both about 1.5 µg/mL. Differences in detection limits 
and optimal substrate concentrations for the same enzyme but different substrates are a result of 
substrate affinity and possible feedback inhibition effects. The high relative detection limit for 
PNP-glucr is probably due to substrate inhibition, which occurs in approximately 20% of 
enzymes.55 While most substrate optimization curves were logarithmic, the signal for PNP-glucr 
(Figure 4.10A) decreased above 2 mM until almost no activity was measurable at 10 mM. When 
testing PNP-glucr with bacteria, it also gave the lowest signal, which could also be indicative of 
substrate inhibition or lower β-glucr expression.  
PNP vs. ONP Substrates.  
A comparison between the use of PNP and ONP substrates for β-gluco found that PNP-
gluco produced a significantly higher signal than ONP-gluco (Figure 4.9A). As such, ONP-gluco 
was not used in the final enterococci experiments. For β-gal, ONP-gal reacted faster than PNP-gal, 




as well as on paper (Figure 4.9B). ecause ONP and PNP demonstrate similar molar absorptivity 
(ONP slightly higher than PNP), this is likely due to increased reaction efficiency with β-gal and 
PNP-gal compared with ONP-gal.  
An interesting phenomenon occurred when ONP assays reacted in the paper-based wells 
for more than 15 min. A noticeable decrease in signal occurred within the sample wells, while 
simultaneously the light control spots and surrounding paper began to turn yellow. This 
phenomenon was not observed within the deeper wells of the plate reader or for PNP assays on 
paper. This was determined to be due to the higher vapor pressure of  ONP (12 Pa) relative to the 
vapor pressure of PNP (0.32 Pa) resulting in gas phase transfer between spots.56 The high vapor 
pressure is in part due to the ortho- position of the hydroxyl group, which causes ONP to form 
intramolecular hydrogen bonding, and decreases intermolecular hydrogen bonding, contributing 
to its volatility. Because of ONP’s comparatively high volatility, it would therefore not be practical 
to react ONP in open PAD devices. When detecting bacteria, therefore, the reactions were 
completed in microfuge tubes before being quantified on paper so that ONP could be used for 
detecting bacteria. 
Bacteria Detection.  
Given the need to enrich bacteria after sampling to verify cell viability, we next considered 
the impact of growth media on both colorimetric and electrochemical signals. We first studied 
removing culture media and resuspending cells in buffer to remove the colored background and 
potential electrochemical interferences as well as provide a simple preconcentration step. Figure 
4.11A shows the electrochemical and colorimetric detection of PNP-gluco with resuspension of 
cells after media removal. It was found, however that keeping the cells in their original media gave 




4.11B). This is due to either excretion of enzymes from cells, or possibly the natural release and 
buildup of enzyme within the media due to cell death and apoptosis with time. When removing 
the media, enzymes were removed as well. In an attempt to regain enzymatic activity, we explored 
chemical and probe sonication-based lysing methods that we have previously shown enhance 
detection. 20 s of probe sonication provided the highest intensity signal over no lysing for the 
majority of bacteria species detected (Figure 4.11C). Chemical lysing, however, resulted in no 
assay response, likely due to the enzyme denaturation by the chloroform or SDS. While sonication 
with media removal is a viable option for measuring enzyme activity within cells, the current study 
utilized the direct sonication and detection of bacteria within media due to its simpler preparation 
and higher signal.  
Using electrochemical detection, an interference peak was found at the same potential the 
both PNP and ONP occur. While this was initially thought to be an issue, it was determined that 
increasing the pH decreased and subsequently removed the peak from the background. While it is 
unclear what the peak is in media due to its complex composition, it has been hypothesized to be 
associated with phenolic molecules such as tyrosine.57 The electrochemical signal for PNP and 
ONP still remained relatively high, though ONP signal was slightly decreased. Figure 4.12 shows 
the electrochemical peak current for PNP, ONP, and PAP with pH. The same concentration of 
NaOH (0.5 M) that is used in the colorimetric detection of PNP and ONP was found to be optimal 
for peak removal. Therefore, the same solutions used for colorimetric detection could also be used 
for electrochemical detection. PAP did not suffer from the same interference however, and due to 






Figure 4.11 Showing A) electrochemical and colorimetric response of centrifuged and 
resuspended E. faecalis incubated for 2 hr with PNP-gluco substrate, and B comparison of the 
same strain and reaction in media vs centrifuged with increasing concentrations and decreasing 
assay time. C) comparison of 20 s of sonication for all tested bacteria strains with their 






Figure 4.12 Buffer and pH SWV study for optimal detection of 5 mM (A) PNP and (B) ONP in 




Bacteria strains used as indicators of fecal contamination in food and water, E. coli and 
Enterococci were tested from pure cultures to assess assay performance and time to detection.  For 
both electrochemical and colorimetric detection, none of the bacterial strains tested developed 
signals at 4 h, which is not surprising given the low bacteria concentrations, but all had signals by 
8 h (Figure 4.13). By 12 h, a maximum signal had been obtained for all bacterial strains and 
dilutions, except for both colorimetric and electrochemical detection of PNP-gluco for E. faecium 
and all colorimetric assays for E. coli O87 which obtained maximum signal at 18 h. However, as 
will be discussed below, a decrease was seen in the colorimetric enterococci assays at 24 hrs that 
was further mimicked for only one strain, E. faecalis, for electrochemical detection. The assay 




glucr production and all time points were negative. Using this assay is one way pathogenic strains 
of E. coli are identified. Interestingly, it was determined that ONP substrates provided higher 
signals than PNP substrates for colorimetric detection, however the opposite can be seen for 
electrochemical detection. The heat map in Figure 4.13 emphasizes these differences by showing 
darker color formation for PNP and ONP substrates for colorimetric and electrochemical detection 
respectively. This is probably due to the slightly lower and higher detection limits for ONP 
colorimetric and electrochemical detection respectively. 
 
Figure 4.13 Heat map showing average (n=3) measured colorimetric normalized mean intensity 
(AU) and electrochemical peak current (μA) detection of PNP and ONP production from 
enzymatic assays measured after 1 hr of reaction. Each strain was tested for three dilutions at low 
concentrations (CFU/mL), cultured, and measured with pre-enrichment culture time. (-) Indicates 
signals or below the detection limit. 
CFU/mL 4 8 12 18 24 4 8 12 18 24
10
1 - 63.17 73.10 84.70 61.67 - 67.93 84.21 83.11 63.71
10
2 - 59.77 96.63 100.42 97.03 - 64.38 102.2 86.88 90.3
10
3 - 65.20 103.33 93.92 90.20 - 71.13 103.2 85.18 89.13
10
1 - 42.21 62.97 74.90 89.53 - 51.04 113.1 98.91 103.9
10
2 - 43.91 71.20 72.17 81.40 - 49 114.4 99.94 107.3
10
3
- 57.10 68.30 82.00 88.00 - 67.47 112.3 99.14 107.7
10
1 - 75.30 70.28 64.89 78.21 - 73.32 76.45 65.65 72.48
10
2 - 68.80 76.85 65.29 76.68 - 67.8 78.28 67.18 71.58
10
3
- 69.87 75.53 68.90 76.83 - 70.05 77.86 65.31 72.79
10
1 - 22.03 114.30 107.26 115.30 - 27.34 79.93 106.5 106.9
10
2 - 66.87 115.17 113.90 113.80 - 72.76 82.42 108.1 109.3
10
3 - 70.57 121.93 113.23 114.83 - 73.13 81.61 109.6 109.3
10
1 - 17.08 77.13 81.13 76.73 - 21.37 84.79 116.1 117.4
10
2 - 45.72 68.23 78.50 74.23 - 63.05 85.16 116.2 118.4
10
3
- 59.25 75.90 80.89 78.47 - 75.45 85.7 116.9 117.5
10
0 - - 93.03 103.55 103.45 - - 106 104.4 84.37
10
1 - 5.50 117.17 111.93 95.29 - 6.67 108.7 102.8 85.75
10
2 - 36.02 95.50 88.60 83.05 - 44 96.92 90.76 77.28
10
0 - - 19.74 20.40 68.05 - - 20.72 14.35 66.24
10
1 - 4.22 22.83 76.85 79.07 - 6.469 38.04 91.97 70.16
10
2



































































Food and water samples. 
Detection of foodborne pathogens requires a sampling and culture technique appropriate 
for the manner of contamination that might occur. Our previous studies used a swabbing technique 
to detect surface contamination on ready to eat and butcher meats.18,58 However, for large surface 
area foods such as leafy greens, a washing/mixing technique is preferable, as was previou ly 
demonstrated for bacterial detection from spinach leaves.58 Raw sprouts were inoculated with a 
generic E.coli species (P14) and Enteroccoci faecalis to simulate contaminated food, and sampled 
using a washing/mixing approach.  Figure 4.14 shows the resulting colorimetric and 
electrochemical detection of cultured sprouts as a function of time. For both detection methods 
there was not a statistical difference between raw and inoculated sprouts except at 4 hrs for β-gal 
activity, and at 18 and 24 hrs for colorimetric detection only in which there is a slightly higher 
intensity signal for the inoculated sprout samples. In addition, electrochemistry also detected a 
slight increase with inoculation for β-gluco activity at 4, 8, and 12 hr time points. Without 
inoculation, the sprouts contained 1.5 x 109 CFU/g of bacteria, as verified by culturing. The lack 
of differences between control and inoculated sprout samples is probably due to the very high 
initial concentrations of bacteria, where, except at initial time points, the enzyme assays quickly 
reached a saturation point. Neither colorimetric, nor electrochemical detection found β-glucr 
activity in the raw or inoculated sprouts.  This high initial concentration could also have inhibited 
enzyme production or cell growth of the inoculated β-glucr expressing bacteria, as this can occur 
with mixed bacterial growth due to competitive behavior and cellular signaling responces.59 While 
β-glucr was negative, all β-gal assays achieved positive signal within 4 hrs., further emphasizing 





Figure 4.14 Electrochemical peak current and colorimetric measured mean grey intensity for 
inoculated (I) and control (C) sprout and water samples measured with increasing pre-enrichment 
culture time. Assay time 1 hr.  (-) Indicates signals or below the detection limit. (n=3) 
 
When analyzing water samples, no signal was obtained with the lagoon water samples 
without inoculation. The lagoon water had a significantly lower bacteria concentration at 2.9 x 102 
CFU/mL when compared to sprouts. In this case, the species of bacteria present probably did not 
express the target enzymes employed, and also probably were not FIB since concentrations were 
low enough that inhibition effects are significantly less likely. Inoculated bacteria were detected 
by all assays for both colorimetric and electrochemical detection within 8 hours. Due to the 
normally low concentrations of bacteria found in water (<102 CFU/mL), filtration steps are usually 
taken to reduce analysis and culture time and improve detection limits. While we did not use 
filtration, we have previously demonstrated the use of an inexpensive and portable pump and filter 
device known as a Modified Moore Swab (MMS) to improve sensitivity by filter collection and 
low bacteria concentration detection (~10-1CFU/mL) from large amounts of water.60,61 
C/I 4 8 12 18 24 4 8 12 18 24
C 9.70 84.82 60.40 59.90 51.63 16.59 78.82 82.36 88.68 73.28
I 18.70 77.16 64.07 49.90 47.69 27.6 80.81 82.24 108.35 103.37
C 15.67 65.98 58.60 48.80 60.77 20.14 95.78 102.37 88.88 79.55
I 22.65 63.70 53.47 41.33 44.29 35.64 95.99 99.87 107.36 102.79
C 50.50 73.43 49.70 45.87 51.17 63.00 76.30 69.96 75.25 75.56
I 58.73 91.37 59.39 39.83 37.13 65.13 76.87 80.79 78.78 75.30
C - - - - - - - - - -
I - 53.97 102.6 83.73 74.55 - 69.06 111.79 111.33 101.87
C - - - - - - - - - -
I - 36.23 52.51 50.3 50.31 - 62.09 117.30 120.78 111.25
C - - - - - - - - - -
I - 74.63 59.05 46.93 44.77 - 43.64 81.81 83.91 84.27
C - - - - - - - - - -




















































While colorimetric and electrochemical detection of food and water samples produced 
similar results, a few key differences were noted. As discussed previously for pure culture studies, 
while ONPG presented higher signal for colorimetric detection than PNPG, the opposite was true 
for electrochemical detection. An interesting phenomenon occurred with the electrochemical 
detection studies. Starting at 12 hr, the electrochemical signal for all sprout sample assays 
decreased. For colorimetric detection, a smaller decrease was seen, but not until 24 hours. This 
behavior was also seen in inoculated water samples, where a decrease was seen for all assays 
except ONPG, starting at 18 hrs for PNPG, and 12 hrs for both PNP-gluco and PNP-glucr. This 
decrease in signal was also measured by colorimetric detection at 24 hrs for all assays except PNP-
glucr, which occurred at 18 hrs. We have two hypotheses to why this is occurring. The first could 
be associated with changes in pH of the media or other interfering metabolites being produced by 
the bacteria over time. Measured changes in cell culture for all strains grown from ~105 CFU/mL 
went from pH 7.5 to 5.5 after 12 hrs. While both enterococci strains remained relatively low in 
~pH 6, the E. coli strains increased back up to ~pH 7. This could affect enzymatic reaction rates 
and possibly measured assay intensities. The second hypothesis could be that the phenomenon is 
associated with cell growth and the expression of enzymes. Although it is not yet known what 
causes the decrease in signal, the key finding is that both assays perform nearly equally as well, 
and electrochemical detection offers an alternative method for detection that is not interfered by 
solution coloration and debris as colorimetric detection would be. 
For comparison purposes, Figure 4.15 shows the assay results for β-gal detection using 
PAPG assays. Not all time points were measured with this assay due to time constraints. Although 
PAP is a 2e- process, it does not always produce a higher current response than PNP or ONP within 




for E. coli P14 and the time points for E. coli O87 were higher in signal. However, this current is 
significantly lower than would expected for an undiluted (no dilution with base as PNP and ONP 
assay are) and 2e- current reaction. Compared to the real samples tested, there was also a 
significantly lower current response when measuring the sprout assays when compared with ONP-
gal and PNP-gal. Significant decreases in peak current were measured at 24 hr, and this along w th 
the wide degree of signal variability with sample, indicate that PAP is possibly more prone to 
degradation and/or environmental effects within the growth media.  
 
Figure 4.15. Heat map showing average (n=3) of electrochemical peak current (μA) detection of 
PAP produced from PAPG enzymatic assays measured after 1 hr of assay reaction. Two pure 
culture E. coli strains were diluted to low concentrations (CFU/mL) and sprout and water samples 
either inoculated (I) or control (C) were measured with pre-enrichment culture time. (-) Indicates 




Herein we have developed procedures for the inexpensive and simple detection of FIB 
bacteria using both colorimetric and electrochemical detection within paper-based wells and 
transparency-film based electrode cells. Both methods can use the same assays for detection and 
C/I 4 8 12 24
10
1 - 56.641 110.225 37.18833
10
2 - 43.97467 108.4667 78.842
10
3 - 66.15367 117.7667 75.12333
10
1 - 40.60 nd 95.82
10
2 - 110.03 nd 106.98
10
3
- 112.48 nd 111.65
C 8.96 56.92 nd 27.48
I 15.04 47.61 nd 32.63
C - - nd -





























future device development could couple detection platforms for more simple yet comprehensive 
analysis using both techniques. Both methods successfully measured the presence of FIB enzyme 
activity in inoculated food and water samples. While electrochemical detection did not offer a 
substantial decrease in detection time relative to the colorimetric method, more time points would 
need to be taken to verify this outcome. Without modification, electrochemistry offered similar 
detection limits to the plate reader, which is an order of magnitude below the paper-based 
colorimetric method. This study serves as a basis for further development as there remain many 
opportunities for improving electrochemical detection that would make the electrode substantially 
more sensitive than the standard colorimetric approaches. One method proposed by Hernández t 
al, would be in adding an electrochemical/chemical preconcentration step.62 Both ONP and PNP 
have been successfully separated from background solutions and into the electrode itself via th  
inclusion of a C18 chromatography powder within a carbon paste electrode matrix. Limits of 
determination (mean ± 10 SD) for ONP and PNP using this method were 1.4 x 10-8 and 3.1 x 10-8 
M respectively, which is 3 and 2 orders of magnitude of magnitude below ONP and PNP LOD 
measurements we obtained by the “light box” method and traditional plate reader respectively. 
One way to improve detection limits for both assays is to use inducers to increase enzyme 
expression in cultured cells.63 Isopropyl-β-D-thiogalactopranoside (IPTG) and methyl-β-D-
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Food and beverage contamination are of major concern for the food and water quality 
industries. The ability to detect contamination quickly and inexpensively using more portable 
technology than traditional laboratory methods would allow for more preventative testing and 
actions to be taken. Bacteria contamination from a single point source, for example, can lead to 
multi-state outbreaks that cause illness and fatalities.1 In an online search of test kits for bacteria 
detection, however, the majority of commercially available tests, only detected β-
galactosidase/MUG activity as a marker for total coliform counts and E. coli respectively.2 These 
tests relied on 24 to 48 hours of enrichment in media for detection using larger quantities of media 
and chromogenic substrate (several mL). A few immunoassay test strips are available that provide 
more selective detection,3 however, without culture, these tests are not sensitive enough (103 
CFU/mL) to meet current EPA regulatory detection limits ( 10-1 CFU/mL for E. coli and 
enterococci, both fecal indicator bacteria (FIB), respectively).4 These tests are also relatively 
expensive (~$12/test), making these platforms unsuitable for large scale testing needed for 
determining point source contamination and maintaining quality control, or as sensors in 
developing countries. To the best of our knowledge, no commercial tests for detection of 
enterococci bacteria are available aside from more traditional laboratory measurements using well-
plate absorbance or growth of colony forming reactions in chromogenic agar plates.  
This dissertation provides examples for inexpensive and disposable paper- and 
transparency film-based bacteria detection. Chromogenic assays were successfully implemented 
for the colorimetric detection of food and water-borne bacteria using paper-based well plates 
within 8 hrs (one workday) of culture, (101 CFU/mL E. coli, Salmonella, Listeria monocytogenes, 
117 
 
and enterococci).5-7 This platform was further honed for semi-quantitative, plate-reader detection 
with a cell phone.7 Ongoing research has implemented these colorimetric well-plates as a method 
for the enzymatic detection of antimicrobial resistance from bacteria strains. Development of a 
dual colorimetric and electrochemical assay for detection of fecal indicator bacteria (FIB) was also 
presented.7 While the current electrochemical detection platform did not prove significantly more 
sensitive than colorimetric detection for bacteria detection on the time scales tested. There remains 
the opportunity for development and optimization using methods for preconcentration,6 electrode 
modification,8 and new or alternative assays for detection.9,10 We have demonstrated examples for 
preconcentration using filtration and centrifugation in combination with these assays.6,7 Within the 
literature immuno-magnetic separation (IMS) assays have also shown great promise for capturing 
and concentrating bacteria from samples prior to detection.11,12 Current ongoing research in the lab 
has made use of IMS in combination with two of our previous works for paper-based enzymatic 
Salmonella detection5,6 and a distance-based detection method on paper (termed “chemometer”), 
using printed reagents.13 Future device development could also lie in the use of printed reagents to 
develop an all in one culture and testing device capable of multiplexed enzymatic detection. 
While bacteria detection was of considerable focus, these platforms can be implemented 
and tuned for detection in a broad range of applications. The nonenzymatic detection of sugar 
content in beverages for example was performed using modified copper microwire electrodes in 
paper-based devices,14 and could be used as simple test for quality control. The study of a flow-
based device that incorporated microwire electrodes for the quasi-steady flow of solution also 
offers the opportunity for flow injection analysis (FIA) of multiple analytes/reagents.15 This 
technology has further been developed for the use of microwires to capture virus particles in flow, 
followed by impedance detection. 
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Future development of analytical instrumentation connected to cell phones, and software 
for imaging analysis or electrochemical detection processing could further improve detection 
limits and portability of microfluidic devices. As progress in cell phone app development and 
accessories continues to expand, so does the power for developing in-the-field testing platforms 
and point-of-care (POC) or point-of-need (PON) diagnostics. Additionally, the low-cost of paper- 
and transparency film-based devices makes it possible to easily print reagents, device designs, and 
electrode materials for mass production. These advantages can also lead to the possibility for 
moving testing from the laboratory to the hands of the people (citizen science) both as a source of 
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This review covers the most recent advances in paper-based device development and was 
published in Analytical Chemistry.1 Writing was a shared effort between Dr. David Cate, Jaruwan 
Metakoonpitak, Dr. Henry and myself, with my contributions in device fabrication, applications 
in food and beverage analysis, and several other areas, especially the electrochemistry sections,
throughout the manuscript. 
 
A1.2 Introduction 
Paper has been used as a substrate material in analytical testing for centuries, with scientific 
reports dating back to litmus paper in the early 1800s.2 A  a substrate material, paper (and related 
porous hydrophilic materials) has many unique advantages over traditional device materials 
including power-free fluid transport via capillary action, high surface area that improves detection 
limits for colorimetric methods, and the ability to store reagents in active form within the fiber 
network. As a result of these benefits, paper has been used in applications ranging from spot tests 
for metals3 and paper chromatography4 to lateral flow immunoassays.5 Paper as a substrate 
material for microfluidic assays was largely ignored, however, until 2007 when Martinez et al.6 
reported the first microfluidic paper-based analytical device (µPAD) for chemical analysis. The 
unique aspect of this seminal work lies in the use of a hydrophobic (photoresist in this case) 
patterning reagent to define hydrophilic flow channels for directing sample from an inlet to a 
defined location for subsequent analysis. This simple, yet elegant development led many to realize 
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paper as an excellent substrate material for applications where low-cost and portability are 
critically important.7  
This review focuses on recent developments in µPAD technology as it applies specifically to 
making chemical measurements in the time range of October, 2012 to October, 2014. During this 
time over 1,000 articles have been published in the field making a full comprehensive review citing 
all papers impossible. As a result, we seek to highlight the papers we find to be most impactful for 
the field. We also limited our search criteria and resulting discussion to papers describing 
analytical measurements. Recent years has seen an increase in use of paper as a substrate material 
for electronics as evidenced by a number of excellent reviews.8,9 While many of these reports have 
bearing and importance to analytical measurements, they are not discussed here. The same is true 
of lateral flow immunoassays. Lateral flow immunoassays warrant a separate review based on their 
ubiquity and have been covered recently.5 Finally, searches were done using a combination of 
Google Scholar, Web of Science, PubMed, and SciFinder. In addition, high impact journals were 
scanned for manuscripts that did not readily appear in standard search terms. Despite these 
extensive searches, we have, without a doubt, missed many excellent papers relating to paper 
microfluidics. For those papers missed, we apologize in advance.  
 
A1.3 Theoretical Studies 
We first address developments on theoretical aspects of transport in paper devices focused 
on elementary imbibition theory. The choice of paper material is entirely dependent on user 
application but can and will have significant and predictable impact on performance and fluidic 
transport Consideration of substrate-analyte chemistry, wicking rate, material durability, and 
fabrication methods must be accounted for, and are addressed in a series of excellent reviews.7,10-
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13 For a more detailed discussion of theoretical flow, the reader is also encouraged to review 
additional papers on the subject.14,15  
Wicking-based flow in capillary systems is considered laminar because fiber length scales 
and associated pores are typically less than 20 µm, resulting in low Reynolds numbers; “classical” 
flow dynamic behavior as long as effects of the fluid front can be ignored.16-18 Spontaneous 
imbibition in porous media with constant cross section, and on short time scales, can be modeled 
by Darcy’s law: =  − ��µ� ∆  where Q is the volumetric flow rate, κ is paper permeability, A is 
the cross-sectional area of the paper normal to flow, µ is the dynamic viscosity, and ΔP is the 
pressure drop occurring over a length L in the channel along the axis of flow. Darcy’s law assumes 
kinetic energy can be ignored, the fiber cross-section is circular, and that capillaries are straight.
Another assumption is that fluid properties remain constant. One-dimensional fluid flow in porous 
networks during wetting can also be approximated (to the first order) by the Lucas-Washburn 
equation assuming constant cross-section/cylindrical pores, negligible gravitational effects, 
chemical homogeneity, and unlimited reservoir volume: 
� � =  √� ����2µ   (A1) 
where fluid with (liquid-vapor) surface tension γ and viscosity μ, imbibes a distance x in time t, r 
is capillary radius and θ is the contact angle between the fluid and capillary wall. Fluid penetration 
distance increases with increasing effective capillary radius. Washburn’s equation holds for lateral 
flow as long as x << z where z is the height of fluid in a vertical column when the negative force 
of gravity is equal to the positive capillary force.19 The above equation is a first-order 
approximation of fluid transport, and it tends to overestimate lateral wicking speed with fluid 
penetration distance.20 The variables not taken into account by Equation (A1) are the swelling that 
occurs in fibers during wetting, the increase in hydrodynamic resistance to flow during wetting, 
123 
 
and that flow in paper networks is not straight (an assumption of the equation).21 Other groups 
have since derived modified equations to improve predictive power by taking into account the 
forces of viscous drag, gravity, and inertia.22,23 
 
The field of flow in tubes or porous systems with uniform cross-section is fairly mature, 
however, fewer attempts have been made to characterize flow in non-uniform or heterogeneous 
cross-sections.24-28 Indeed, it appears that simplified models assuming homogeneous porosity 
and/or tortuosity fall short of empirically predicting flow in complex porous networks with 
multiple layers, changes in geometry (e.g. wall curvature, widening or narrowing channels), or 
systems with more than one phase.29-31 Studies show that accurately estimating capillary radius is 
paramount for any well-modeled description of wicking phenomena (e.g. mercury 
porosimetry).32,33 Fang et al.34 recently developed a model to describe the influence of pore size 
distribution on capillary flow in unidirectional fiber networks, an approach contrary to previous 
attempts in which an average pore radius for all fibers was assumed.35,36 Energy balance equations 
were used to predict an effective capillary radius based on the principle that a reduction in free 
surface energy of any solid-liquid interface must be equal to the amount of energy ne ded to raise 
the liquid (in a vertical flow scenario). The authors derived a new equation for predicting the 
effective capillary radius � = ∑ �2 ��,����,��∑ � ��,����,��  where r i is the inner radius of a single fiber and f(r1) 
is the probability density function of capillary radius. This estimate of reff in Equation (A1) better 
approximated empirical flow through complex fibrous networks compared to traditional estimates 
of capillary radius. Although estimating the pore size distribution can be laborious and requires 
optical visualization of the porous cross-section, this method described flow behavior with good 
accuracy as well as the deviation of flow behavior from Equation (A1). Two-phase flow at random 
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geometrical interfaces was modeled by Wiklund et al.30 to describe the effects of substrate 
microtopography such as surface roughness and pore size variation on flow. This work suggested 
that liquid was “pinned” at corners (liquid contact angle >90°), when channel width expanded, or 
at points of high curvature. Contact angle was also shown to vary depending on the medium.37 Cai 
et al. developed a generalized model for liquid penetration in tortuous, noncircular capillaries using 
modified Hagen-Poiseuille and Laplace-Young equations. 
 
Capillary flow in 1D and 2D tube models has been studied extensively, and researchers are 
beginning to understand asymmetric transport behavior, which is more indicative of flow behavior 
in paper-based sensors.38 Numerical simulations are being developed for predicting three-phase-
flow (liquid-solid-gas), and fundamental equations have been derived to account for the variation 
in pore distribution, fiber swelling, and path tortuosity. As µPAD technology progresses and 
devices becomes more complex, predicting flow behavior in three dimensions will be important. 
Moreover, in most paper sensors, fluid flow is in contact with a variety of solids (e.g. wax for 
defining channels). Numerical models that can take resistive forces into account from these effects 
could also prove important.  
    
A1.4 Fabrication 
 The earliest paper-based tests used paper manually cut into sections or strips and 
impregnated with substrate that reacted with sample for colorimetric detection.39 Although easy to 
fabricate, realization of more complicated devices with enhanced functionality has been pursued.7 
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Common fabrication methods discussed here rely on either creating barriers within the paper itself 
or the selective cutting and/or removal of paper to create multifunctional µPADs.  
 
Scheme A1.1 Fabrication schemes for creating μPADs by (A) wax drawing, (B) polymer ink 
drawing or stamping, or (C) wax stamping. Masks were used to protect hydrophilic regions for 
(D) wax dipping, (E) photolithography, and (F) wax screen-printing. Fabrication techniques with 
ink addition printers used either (G) wax printing, (H) inkjet etching, (I) inkjet printing, or (J) 
flexographic printing. Cutting or shaping air boundaries or etching channels were performed by a 
(K) craft cutter or (L) laser cutter. 
 
Wax Patterning. 
 The earliest µPADs were fabricated using photoresist to define flow boundaries,3 however, 
the cost of photoresist and the potential for background reactivity makes this fabrication method 
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less than desirable.6,40 The limitations of photoresist methods led to the development of low cost 
fabrication methods that made use of wax and similar materials in lieu of photoresist. Creating 
barriers made from wax provides a low cost, easily accessible fabrication technology using 
relatively inert materials to contain fluid flow.41 Wax, in particular, can be applied to paper using 
a variety of techniques and readily melts through the paper substrate with heat to create a three 
dimensional barrier. Parafilm® was one of the earliest materials used to pattern paper for simple 
colorimetric metal spot tests using a heated metal stamp (Scheme A1.1C).42 More recently, de 
Tarso Garcia et al.43 used a metallic stamp to wax print a multiplexed µPAD device. The stamp 
allowed for single step fabrication of a dendrimeric channel structure for multiplexed colorimetric 
detection. A similar stamping method that combined movable-type printing technology with paper 
devices was also demonstrated for multiplexed design fabrication.44 These stamping methods 
allowed different combinations of design features to be printed simultaneously with minimal cost 
investment in capital equipment (Figure A1.1A). A low-cost alternative using wax-dipping was 
reported by Songjaroen et al.45,46 In this method, a metal mask covered the zones that were to 
remain hydrophilic and the system was dipped into molten wax (Scheme A1.1D and Figure 
A1.1B). The metal masks were held in place with a magnet. Another wax patterning technique 
used screen-printing methods for fabrication (Scheme A1.1F and Figure A1.1C). Screen-printing 
was done using standard emulsion-based screens and the applied wax was melted into the paper 
after printing.40 Manual wax application through the screen resulted in low resolution and channel 
consistency, however, the cost of fabrication makes this method attractive. Wax drawing is an 
alternative to printing that has been used as a prototyping method or to add hand drawn features to 





Figure A1.1 Example two-dimensional devices. (A) Wax stamping with movable type printing. 
Reprinted with permission from ref 43. Copyright (2014) American Chemical Society. (B) Wax 
dipping. Reprinted with permission from ref 45. Copyright (2013), with permission from Elsevier. 
(C) Wax screen-printed electrodes. Reproduced from ref 39 with permission of The Royal Society 
of Chemistry. (D) Wax drawing through a stencil. Reprinted with permission from ref 47. 
Copyright (2014), with permission from Elsevier. (E) Wax printing. Reprinted with permission 
from ref 40. Copyright (2009) American Chemical Society. (F) Inkjet etching of polystyrene in 
paper with toluene. Reprinted with permission from ref 50. Copyright (2008) American Chemical 
Society. (G) Inkjet printing of AKD. Reprinted with permission from ref 51. Copyright (2010), 
with permission from Elsevier. (H) Flexographic printing polystyrene. Reprinted with permission 
from ref 55. Copyright (2010) American Chemical Society. (I) Photoresist patterning. Reprinted 
with permission from ref 57. Copyright (2013) American Chemical Society. (J) Computer 
controlled knife cutting in nitrocellulose. Reprinted with permission from ref 60. Copyright (2008) 
American Chemical Society. (K) Laser-cut hollow channels. Reproduced from ref 63 with 
permission of The Royal Society of Chemistry. (L) Vapor-phase polymer deposition. Reproduced 
from ref 73 with permission of The Royal Society of Chemistry. (M) Chemical modification with 
alkylsilane self-assembling and UV/O3 patterning. Reprinted with permission from ref 81. 
Copyright (2013) American Chemical Society. 
 
 Although suffering from low throughput and resolution, these methods are low cost and 
can be done without expensive instrumentation. While these methods are attractive, by far the most 
common fabrication method makes use of a commercially available office printer that uses a wax-
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based ink (Scheme A1.1G and Figure A1.1E).41,47 The user is not limited by having to generate a 
new mask for different device designs, has the freedom to easily apply design changes, and can 
print devices within seconds. After printing, the wax printed pages are simply heated to melt the 
wax through the paper. The success of wax printing has led to the development of fabrication 
methods enabling creation of hemi- and fully enclosed channels within the paper (Figure A1.2A-
C).49,50 By printing either different thicknesses or amounts of wax, different size channels ca  be
created.50 Three-dimensional wax printing has allowed for more control of flow within paper as 
well as simplified generation of three-dimensional devices.  
 
Figure A1.2 Example three-dimensional microfluidic devices. Wax printing schemes to create 
(A) open channels, (B) hemi-channels, and (C) fully enclosed channels. Reprinted with 
permission from ref 48. Copyright (2014) American Chemical Society. Resulting cross-section 
of inkjet printed (D) hemi-channels and (E) fully enclosed channels. (F) Multiplexed device with 
hemi-enclosed wells attached to fully enclosed channels. Reproduced from ref 52 with 




 An alternative to wax printing that continues to find interest is inkjet printing. The first 
example of device fabrication used toluene as the printed reagent to remove hydrophobic 
polystyrene that was pre-patterned on the paper to create hydrophilic designs in a technique known 
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as inkjet etching (Scheme A1.1H and Figure A1.1F).51 More recently, inkjet printing has been used 
by Li et al.52 to create barriers. Another reagent, alkyl ketene dimer (AKD), was printed onto paper 
and polymerized with heat to define hydrophilic regions (Scheme A1.1I Figure A1.1G). In a 
similar method, UV curable inks were used as an alternative to more volatile and environmentally 
hazardous organic solvents typically used with inkjet methods (Scheme A1.1I).53,54 Finally, a green 
approach was presented by Wang et al.55 that used both inkjet etching and printing of sol-gel 
barriers in paper was used to fabricate devices. This type of barrier was able to withstand several 
types of organic solvents and surfactants that wax and AKD printed barriers could not. Inkjet 
printing can also be used to fabricate three-dimensional devices like wax printing. Covered 
channels were fabricated by printing thin layers across the printed channels to create tunnel-like 
hydrophilic regions (Figure A1.2D-F).53 Inkjet printing also has the advantage of being the only 
reported fabrication technique able to not only fabricate flow channels, but to also print reagents 
into testing zones with relatively high throughput and reproducibility.51,53,54 However, a 
disadvantage to this technique is that inkjet printing usually requires several printed layers to 
generate devices and can cause problems with print resolution. Many of the solvents required to 
solubilize sensing reagents can be volatile and cause clogging or error in printed reagent amounts.  
Flexographic Printing. 
 Flexographic printing is another fabrication technique capable of high throughput 
production (Scheme A1.1J). Large commercially available flexographic printers capable of 
printing at speeds of greater than 300 m/min are used in industrial printing on a variety of substrates 
including paper and plastic. Currently there are only a few examples in the literature for 
flexographic printed µPADs. Hydrophobic barriers were flexographically printed on µPADs using 
a polystyrene ink dissolved in volatile organic solvents (toluene and xylene) by Olkkonen et al.56 
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Depending on the solvent viscosity and vapor pressure and the polystyrene concentration, channels 
could be printed partially or completely through the paper within a few replicate layers of printing 
(Figure A1.1H). PDMS in a commercially available ink form was also used to flexographically 
print devices, but required more replicate print layers to penetrate through paper than inkjet-printed 
PDMS.57 Although flexographic printing is the fastest fabrication technique, it has several 
limitations. First, it requires a specialized flexographic printer as well as individual printing plates 
specific to the printer, limiting availability and design flexibility. Similar to inkjet printing, this
method requires the need for multiple printing steps to fully define channels, putting a premium 
on resolution and ultimately limiting reproducibility. Finally, this method can only print one 
reagent at a time. Despite these limitations, the use of flexographic or similar methods will likely 
continue to grow in importance, as high-throughput fabrication becomes a need for commercial 
applications.  
Photolithography. 
 Photolithography was first used to fabricate µPADs by Whitesides6 and relies on UV 
exposure through a photomask of photoresist-saturated paper (Scheme A1.1E and Figure A1.1I).58 
Uncured photoresist is removed with solvent, leaving hydrophobic, cured photoresist barriers 
within the paper. In an attempt to create a similar fabrication technique capable of being performed 
in developing countries, sunlight was used instead of a UV lamp and hotplate to cure the 
photoresist. Paper was soaked in SU-8 photoresist, dried, sandwiched between black construction 
paper and the photomask, and cured. In a variant of this approach, Martinez et al.59 patterned SU-
8 using a pen without a photomask, further simplifying the process (Scheme A1.1B). Like any 
hand drawn fabrication method, however, creating reproducible designs is challenging. Recently, 
trichloromethane-diluted photoresist was used by OuYang and coworkers60 to decrease photoresist 
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consumption and required drying time (<1 min). A downside to using photoresist is that it suffers 
from low mechanical flexibility and can crack or break with bending.  
Paper Cutting and Shaping. 
 Cutting and/or paper removal to create two- and three-dimensional µPADs has resurfaced 
as a popular means of device fabrication.61-63 Advantages of these methods include that no 
chemicals are needed to define flow boundaries and the equipment is generally widely available 
and low cost. Because fabrication does not rely on the flow of wax, polymers, or solvents within 
paper for definition, there is greater precision in manufactured device barriers (measured standard 
deviation of fabricated channel widths for wax printing,41 inkjet etching,51 and laser-cutting 
fabrication64 were ± 45 μm, 50 μm and 10 μm respectively). However, because much of the 
material is removed, these devices suffer from low mechanical stability, and rely on solid supports, 
increasing cost.65 Besides using handheld blades and hole punches to create devices,63 craft knife 
cutting61 and CO2 laser cutting62 have been used to improve precision, speed, and production 
volume.  
 Craft cutters rely on a computer controlled knife to cut paper. The knife is capable of 
cutting at different pressures and angles and varies depending on the application (Scheme A1.1K 
and Figure A1.1J).61 A disadvantage to this method arises from the cutting action itself which can 
cause warping or tearing. Multiple passes at lower cutting forces can be used, however, to reduce 
damage. Adding a more durable backing to the paper can also reduce damage. Fu et al. created 
µPADs by craft cutting nitrocellulose, but because it is very thin and easily torn, a polyester 
backing was required.62 Other paper types have been explored.65 Recently, craft cutting was used 
by Giokas and coworkers66 to engrave open channels either perpendicular or parallel to the 
direction of flow in hydrophilic channels to decrease or increase fluid flow respectively. These 
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engraved channels have also been cut into omniphobic (both hydrophobic and oleophobic) paper, 
were sealed with tape to create enclosed channels, and an external pump was used to drive flow.67  
 Laser-cutting using a computer controlled CO2 laser has been used in μPAD fabrication 
(Scheme A1.1L).64,68,69 This technique is similar to using a computer controlled craft knife cutter, 
but has the advantage of being able to cut through material in one pass without having to back the 
material for stability. The main disadvantage of this technique is the expense of a laser cutter 
($450- $8,000) relative to a craft knife cutter ($65-$400). Like craft cutting, laser-cut devices have 
been shaped into multi-inlet dipstick tests for controlled reagent addition62 and multiplexed sample 
analysis devices.64 Although the majority of fabricated laser-cut devices were completely cut and 
removed from a sheet of paper,62,70 Nie et al.64 recently created laser-ablated hollow channels 
which functioned as barriers for the hydrophilic device, but devices were still partially attached to 
the bulk filter paper sheet that acted as a device support (Figure A1.1K). An advantage to this 
technique is that an additional step to remove unused, excess material is no longer needed. This 
ablating process was also used to form hollow channels in polyester supported nitrocellulose 
without cutting through the polyester, and the polyester supported the hollow channel boundaries 
as well as the resulting paper frame around the outside of the device.69 Embossing has been used 
recently as a way to shape channels in omniphobic paper.71 Although embossing is simple and 
does not require expensive instrumentation to construct, fabricated devices are limited by the need 
for an external pump. This method requires that paper be hydrophobic and thus it loses its ability 
to wick solution.  
Other Fabrication Techniques. 
 A few other less common techniques that have been used within the last few years include 
indelible ink stamping,72 screen-printed PDMS,48 lacquer spraying,73 and vapor phase polymer 
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deposition.74 All of these techniques require masks or stamps to pattern the hydrophobic regions 
and protect the remaining hydrophilic regions in paper. The first of these techniques made use of 
commercially available indelible inks and used a PDMS stamp to press the ink onto the paper, 
creating a hydrophobic barrier (Scheme A1.1B) 72 Screen-printed PDMS is a similar process to 
wax screen printing (Scheme A1.1F) except PDMS ink is used instead of wax to pattern flow 
regions.48 Unlike wax screen-printing, the PDMS ink completely penetrates through the paper 
prior to heat application. Acrylic lacquer is a polymer that polymerizes as it dries to produce a 
clear hydrophobic barrier. Hand painting lacquer around a mask was used to make hydrophobic 
barriers, but it was found that the penetration of lacquer under the mask edge could not be 
controlled and proved irreproducible on both Whatman No. 1 and No. 4 filter papers.73 Spraying 
lacquer provided a more consistent and reproducible method for creating a hydrophobic barrier 
than painting. However, it was found that paper with small pores such as Whatman No. 1 (11 μm 
pores) prevented lacquer penetration through the paper, resulting in leaking. Whatman No. 4 filter 
paper (20-25 μm pores), however, allowed lacquer to fully penetrate the paper and create 
reproducible hydrophobic barriers with no leaking.  
 Vapor phase polymer deposition was first introduced as a method to incorporate 
functionality into paper-based devices by Kwong and Gupta,75 but has more recently been used to 
fabricate hydrophobic barriers using initiated chemical vapor deposition (iCVD).74 In this method, 
monomer (hydrophobic dichloro-[2,2]-paracyclophane) was first vaporized in a vacuum to initiate 
radical formation and then polymerized within the paper using a mask to define hydrophobic 
(poly(chloro-p-xylene) regions (Figure A1.L). An advantage of this fabrication technique is that 
it does not require solvents. The same iCVD technique has been used to create fluoropolymer 
barriers made of poly(1H,1H,2H,2H-perfluorodecyl acrylate).76 Fluoropolymers have been used 
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extensively due to their good chemical and mechanical stability but transition metal salts have 
been found to selectively inhibit polymerization. To create a µPAD using this chemistry, Cu(II) 
chloride was patterned in the channel zones and the monomer was deposited uniformly on the 
paper. After polymerization, the paper was washed with methanol and water leaving hydrophilic 
regions where the Cu(II) was deposited. Plasma polymerization of fluorocarbon, 
octafluorocylobutane, in paper has also been used to add hydrophobic fluoropolymer barriers to 
paper. 77 A photomask and plasma exposure were used on both sides of the paper to ensure polymer 
penetration through the paper. A final method for polymer modification of paper not requiring a 
vacuum or expensive instrumentation as with previous methods is based on the precipitation of 
hydrophobic, biodegradable polymer poly(hydroxybutyrate) (PHB). Cellulose paper saturated 
with PHB in chloroform was put into an ethanol bath, resulting in aggregation and precipitation of 
PHB onto the paper surface. The resulting hydrophobic paper is made hydrophilic by UV/O3 
exposure through a photomask to create flow channels.78 Drawing using water soluble ink and 
inkjet printing inks onto the surface of the paper were also used to create hydrophilic regions on 
the paper surface.79 
Chemical Modification of Paper. 
While the majority of processes have used hydrophobic additives to create barriers, several 
techniques have used covalent chemical modification of the paper itself. Several reactions have 
been published that rely on reacting with functional groups in cellulose. As previously mentioned, 
AKD is one chemical modification method used to make paper hydrophobic.52 AKD is added to 
the –OH groups in cellulose through an esterification reaction and hydrophobicity arises from the 
resulting addition of hydrocarbon chain moieties. Recently, Cai et al.80 used TMOS reacted with 
–OH groups in cellulose to create hydrophobic regions. A paper mask saturated in TMOS was 
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placed in contact with native paper and heat was used to evaporate and react the TMOS with the 
paper above the mask.  
 Masking UV light with photomasks has been used to either photochemically react 
polymers of different functionality with cellulose or to degrade already bound polymers. UV-
irradiation was used to attach hydrophobic poly(methyl methacrylate) with 4-
mehtyacryloxyloxybenzophenone to cellulose.81 Benzophenone functional groups react with the 
aliphatic C-H groups in cellulose, resulting in covalent attachment and cross-linking. A photomask 
was used to leave regions of unreacted polymer in the paper that was extracted to create flow 
regions. Using this technique, however, required both sides of the paper to be exposed to UV-light 
to polymerize the polymer. He et al.82 used octadecyltrichlorsilane as a hydrophobic molecule to 
modify paper. OTS readily reacts with paper via a condensation reaction between the cellulose –
OH groups and the OTS silane groups. UV- light in combination with ozone (UV/O3) was used to 
selectively decompose the hydrophobic regions via photolysis, creating hydrophilic regions for 
flow (Figure A1.1M). Plasma modification to paper, however, usually requires a vacuum and 
bulky, expensive instrumentation, making it impractical for device fabrication in low resource 
settings. However, Kao et al.83 fabricated a battery powered, portable and flexible microplasma 
generation device capable of chemically modifying hydrophobic paper substrates including wax 
and fluorocarbon modified paper into hydrophilic regions under ambient conditions.  
Three-Dimensional Devices. 
 Fabrication of μPADs with multiple layers to form three-dimensional (3D) devices has 
been of interest because functionality can be added without increasing device size. Recently, two 
methods for 3D µPAD fabrication have been reported. The first method involves taking 
individually cut paper layers and stacking them (Figure A1.3, panels A and B).84 The second 
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technique involves folding layers of a device from a sheet of paper to form a device and is based 
on the practice of origami (Figure A1.3, panels C and D).85  
 Multiplexed analysis of a single sample was accomplished from two inlet ports that flowed 
to eight unique detection areas that were spotted with detection reagent (Figure A1.3B).84 Stacking 
paper layers with splitting and connecting channels allowed solution to flow both vertically and 
horizontally through paper (Figure A1.3A). The device contained the necessary channels and 
functions on multiple layers, creating a footprint that was only limited by the detection zone and 
sample inlet. 2D devices would have required a substantially larger footprint to accomplish the 
same chemistry. 3D devices can also incorporate layers of functionality made from alternate 
materials such as membranes used to separate out interfering species in an analysis.46 Different 
layers can also be used to incorporate different detection methods. As an example, traditional 
screen-printed electrodes on a ceramic substrate can be used as one detection layer and integrated 
with a device containing separate colorimetric detection layers.86 The alternating layers of paper 
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makes it easy to incorporate functionality such as timed reactions44 a d sequential addition of 
reagent87 while still maintaining a small footprint.  
 
Figure A1.3 Three-dimensional device fabrication using (A) Cut-and-stack method. (B) Resulting 
device with eight spot tests for each sample inlet. Reproduced from ref 83. Copyright (2008) 
National Academy of Sciences, U.S.A. An origami-folding technique was used to make 3D 
devices with (C) All device layers shown on a single sheet, and (D) the post-folded device with 
(E) a metallic holder for device operation. Reproduced with permission from ref 84. Copyright 




Sealing and Packaging. 
 Although many devices fabricated for research and proof of concept purposes are simply 
open channel and testing zones, it is useful and sometimes necessary to consider packaging the 
devices. Sealing the devices, especially when reagents are stored in paper, is necessary to prevent 
device contamination and for long term storage. Sealing has also been used to minimize or control 
solvent evaporation within devices which can increase detection sensitivity.88 Although adding 
plastic packaging increases the device cost, it also has the advantage of providing physical support, 
and keeps the devices mechanically more stable. Several materials have been incorporated as both 
a support and as a sealing material. Adhesive tapes have been used extensively to seal and package 
devices, especially since many are transparent and can be used as viewing windows into the 
device.89 Tape is inexpensive and easily obtained.84 Lamination sheets, another office or craft 
supply, have also been used as an easy method to seal devices between sheets of plastic using 
commercially available lamination equipment.90 Heating lamination sheets to seal devices can be 
an issue with temperature sensitive reagents impregnated into the paper, but can be avoided by 
using either self-adhesive lamination sheets61 or selectively heating only around the edges of the 
devices.91 One time-consuming step, however, when sealing devices is that holes must be cut or 
punched into any lamination/adhesive sheets prior to application, slowing the fabrication process 
and adding an additional alignment step. A potential problem with using adhesives with paper-
based devices is that the adhesive could impact the chemical reactivity for detection and/or change 
the paper wettability. Depending on the fabrication method, sealing can also be accomplished 
using the same materials used to create the hydrophobic regions. Both flexographic56 and wax49 
printing have been used to create fully enclosed hemi- or enclosed channels within paper. 
Combinations of fabrication techniques have also been used to seal devices. For example, wax 
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printing has been used to create the channels and inkjet-printed hydrophobic toner over the top and 
bottom of the paper was used to seal the channels and reagent storage areas.92 These methods can 
be used to prevent direct contact and contamination of reagents within the paper-based device, 
while leaving only inlet and outlet regions exposed for sample addition and viewing results 
respectively.  
 
A1.5 Incorporating Functionality 
Paper is an excellent substrate for controlling fluid flow without external power and for 
confining liquids to specified regions. Unfortunately, the physiochemical properties inherent with 
porous substrates offer limited control over fluid transport, especially regarding the rate and 
direction of flow. This renders many paper-based methods ill-suited for handling complex 
chemical matrices or for performing multi-step tasks. The earliest µPADs were incapable of 
complex functionality, limiting their impact in the analytical community. More recently however, 
research groups have begun integrating functionality into µPADs for better liquid handling and 
autonomous operation within the device, opening new opportunities for µPADs as a viable 
alternative to traditional analytical methods.  
Programming and Timing. 
One of the first demonstrations for controlling complex fluid flow was in 2010 by Martinez 
et al.93 with the development of a three-dimensional µPAD incorporating single-use “on” buttons 
designed to direct the flow path. Strategically positioned gaps separated layers of paper and tape 
and then connected fluidic paths when pressed. This digital valve was capable of preventing flow 
completely until pressed. Single-use valves have limitations, but this work demonstrated the utility 
of programmable µPADs for prioritizing sample testing or for manually controlling time reaction 
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sequences. Several other groups reported other methods for controlling fluidic transport, primarily 
by altering channel geometry14,16,94-96 Channel junctions that transition from narrow to wide 
experience a reduction in flow rate. Toley et al.97 introduced another method for controlling flow 
by diverting it through a tunable cellulosic shunt placed in the flow path, and in complete contact 
with the nitrocellulose substrate (Figure A1.4A). By tuning the length, width, and thickness of a 
shunt, the authors reported that flow could be delayed from 3-20 min with coefficients of variation 
under 10%.  
Introduced in 2010,94 fluidic barriers made of materials soluble in the carrier fluid have 
been demonstrated for controlling multi-step processes. Sucrose is a common material for these 
barriers because it is inexpensive and readily abundant. Increasing the amount of sucrose increases 
the time delay for fluid to pass through a barrier from minutes up to hours.98 A imilar concept 
was applied to digital “on/off” switches by Houghtaling et al.99 in which a bridge composed of 
soluble sugars (mannose or trehalose) wicks fluid through it until eventually dissolving and 
effectively shutting off flow completely (Figure A1.4B). By tuning the bridge material 
concentration and/or geometry, each bridge passed between 10-80 µL. Jahanshahi-Anbuhi et al.100 





Figure A1.4 (A) Tunable paper shunts delay fluid flow by controlling shunt width, height, and 
placement in the porous channel. Reprinted with permission from ref 96. Copyright (2013) 
American Chemical Society. (B) A dissolvable bridge functions as a digital ‘on/off’ switch. 
Once the bridge dissolves in the carrier fluid, flow ceases. This valve is single-use only. 
Reprinted with permission from ref 98. Copyright (2013) American Chemical Society. (C) 
Carving micro-grooves into the flow path can accelerate flow (longitudinal grooves) or 
decelerate flow (latitudinal grooves). Reprinted with permission from ref 65. Copyright (2014) 
American Chemical Society. (D) Nanoporous membranes are patterned in paper channels for 
directional transport analyte. Reprinted with permission from ref 111. Copyright (2014) 




Lewis et al.101-103 coated hydrophilic zones with synthesized poly(carbamate) oligomers designed 
to depolymerize in the presence of H2O2, “switching” from water-insoluble to water-soluble. In 
this manner, the concentration of analyte is measured based on the time taken for depolymerization 
to occur in a paper zone relative to a separate control zone. The assay is complete once fluid wicks 
through pads containing green dye, which is placed at both target and control zones. Analytes of 
higher concentration lead to more rapid oligomer depolymerization, thus, the difference in time 
between the control and target zones is longer than for low analyte concentrations. Phase-switching 
is a very innovative method of detection because it only requires a device for keeping time (e.g. 
battery-operated timer, watch, cellphone), which are readily available in a POC setting. Moreover, 
time-based assays are very sensitive; ~fM concentrations of biologically relevant enzymes have 
been measured.104   
Razor-crafted µPADs have also been presented for controlling fluid delivery through 
porous channels (Figure A1.4C).66 By cutting slits in the paper parallel or perpendicular to the 
flow direction, flow rate could be adjusted based on slit length, orientation, and number. Micro-
channels were carved into the substrate using a line plotter equipped with a knife blade, creating 
channel widths of 130 ± 20 µm, on average. When micro-channels were crafted longitudinally 
(along the direction of flow), the time for reagent delivery from one end of the channel to the other 
decreased up to 60%, depending on channel length. Conversely, overall transport time was reduced 
by ~40% if six micro-channels were crafted perpendicular to flow. An advantage of these 
‘subtractive’ methods is they better accommodate small sample volumes because cellulose fiber is 
not added to the substrate. Additive methods increase sample retention in the filter network, 
thereby forcing sample volumes to increase in parallel.  
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A clever strategy for controlling flow in µPADs was developed by Renault et al.,105 in which some 
cellulose was removed from the flow path by a craft cutter, consequently increasing the rate of 
liquid transport through paper. This strategy can be advantageous for several reasons. One, large 
particles have better mobility when less cellulosic material is present, which can impede particle 
mobility. Two, the rate of nonspecific adsorption is decreased. Three, if after removing most of 
the cellulose, a cover (i.e. tape) is sealed over the remaining void space to create an enclosed 
channel, resistance to mass transfer is dramatically reduced and a single droplet can induce fast 
pressure-driven flow. As a result, this strategy could be used to increase reagent delivery, which 
is a common problem for many paper-based sensors.     
Multi-Step Processing. 
The trend towards increasing the functionality of µPAD assays starts with automating 
multi-step processes. In 2011, Fu et al.15 and Lutz et al.106 investigated the sequential delivery of 
multiple reagents to a detection region by incorporating multiple constant-width sections of filter 
paper for each reagent addition step. Apilux et al.107 created multiple flow paths of varying length, 
with different reagents in each path, to create a one-step automated sandwich ELISA assay. 
Hydrophobic barriers composed of dipropylene glycol methyl ether acetate (with 20% acrylic 
polymer) were printed for controlling flow. Baffles of the same material were added as well. The 
printed baffles essentially extended the flow path; more baffles effectively delayed flow. Li et al.108 
also demonstrated device control for multi-step assays using magnetically timed “open/closed” 
single-use valves. Each valve was essentially a porous material (facial tissue) placed at the end of 
a magnetic cantilever. At time zero the valve was either placed down on the channel, creating a 
path for fluid transport across the valve (“closed” state), or it was raised above the channel which 
stops flow (“open” state). The cantilever was triggered by an ionic resistor, which was activated 
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once flow from the inlet reached the resistor. The length of the timing channel was varied 
depending on the delay desired for on-chip processes. One limitation of this method is that in the 
proposed design, actuation of the cantilever is one-tim -only, and the method for triggering the 
valve consumes large quantities of reagent. Moreover, this method requires a redesign of the 
timing channel for every any new assay that requires a unique timing sequence. 
To improve the portability, utility, and user-friendliness of µPADs, any necessary reagents 
can be included on the device, preferably in a dry state. There are several benefits of this: (1) the 
number of required user steps are reduced, (2) the complexity of shipping test kits is reduced 
because dry reagents are contained within the paper network, and (3) dry reagents are less labile 
in changing environmental conditions. Additionally, as demonstrated by Fridley et al.70, reagents 
dried in paper networks are amenable for multi-step processing based on where and how reagents 
are deposited in devices. In their method, a μPAD was cut from nitrocellulose to form a single 
detection zone “downstream” from three paper side-channels that contained dry reagents and were 
a different length from the detection zone. All three channels were immersed in a carrier fluid 
simultaneously, and the reagents in the channels with the shortest overall distance from the 
detection zone arrived at the detection zone first. This controlled rehydration concept was 
demonstrated for the detection of malaria antigen, Plasmodium falciparum histidine-rich protein 
2, where signal enhancing molecules were sequentially carried to the detection zone to enhance 
the detection signal ~3x. Although this work was developed for controlling reagent hydration in 
lateral-flow immunoassays, the concept is highly applicable for other µPAD detection motifs. 
Surface Chemistry. 
Altering the surface chemistry of paper is an effective technique for controlling fluid 
flow,109 improving color uniformity,43 chemical stability,110 and can even be applied to the creation 
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of microfluidic valves.111 Glavan et al.67 infused cellulose with gas-phase fluoroalkyl silane to 
render the surface omniphobic. Channels were created using an XY crafting plotter. The authors 
took advantage of the folding properties of paper to create manual “fold” valves that reduced the 
rate of flow through them as long as the fold was perpendicular to the channel. When the folding 
angle was in excess of 90°, fluid flow was ceased. Although probably not a solution for sequential 
assays with multiple steps where automation is desired, this type of valve gives highly reproducible 
performance and the surface treatment of the device ensures device compatibility with a much 
wider range of chemicals than many other paper-based technologies. Another limitation of this 
method was that the hydrophobicity of the channels dictated that flow was driven with an external 
pump, which ultimately limits their utility for power-free POC applications.   
Once fully wetted, paper tends to lose much of its functionality for driving fluid transport. 
To address this limitation, Gong et al.112 coupled a nanoporous membrane with ion concentration 
polarization to concentrate analytes and maintain fluidic transport even in fully saturated channels 
(Figure A1.4D). With ion concentration polarization, an electrochemical potential is applied at the 
interface of nanopores, creating a region of depleted ions which repels charged particles. Two 
versions of the device were developed: one in which the nanoporous membrane is separated from 
the paper device for sample concentration, and another in which the membrane is embedded in the 
substrate for analyte transport. A fluorescent tracer was used to demonstrate that analyte could be 
transported several centimeters at a time and concentrated up to 40x. Application of ion 
concentration polarization to fluorescein isothiocyanate conjugated bovine serum albumin resulted 






Printing conductive material for paper-based electrodes has been of interest for 
incorporating electrochemical, electrochemiluminescence, and photoelectrochemical 
detection.46,113,114 Electrodes used in μPADs have typically been directly printed onto the device 
or coupled with external screen printed electrodes.115 Screen-printed116 or stencil-printed117 carbon 
electrodes (SPCE) have been the most common fabrication technique for electrodes printed onto 
μPADs. Similar to wax-screen printing, ink or paste is pressed through a screen116 or stencil118 
onto paper to form the desired electrode and then cured. Santhiago et al.119 used stencil-printing of 
carbon paste to demonstrate microelectrode fabrication with μPADs. The resulting 
microelectrodes were used individually, or in an array, for electrochemical detection. Santhiago et 
al.120 also recently fabricated electrodes with pencil lead. Electrodes from pencil lead113 or oped 
pencil lead121 are easy to fabricate because they can be hand-drawn. Dossi et al.122 m de use of 
pencil lead doped with silver and silver chloride to draw stable reference electrodes when small 
amounts of chloride were present in the sample.   
Besides carbon, other materials have recently been of interest for electrode fabrication. Screen-
printed or stencil printed silver ink on paper has been used as connecting pads, and for working, 
reference, or counter electrodes.119,123 Lan et al.117 presented a stable potential silver chloride 
reference electrode made of stencil printed silver ink. The electrochemical paper analytical device 
(ePAD) design separated the reference zone (reference electrode that was in contact with a 
reference solution in paper) from the sample zone (working and counter electrodes in contact with 
sample solution in paper) with a paper channel spacer that operated similar to a frit used in 
conventional silver chloride reference electrodes. Potentiometric ePAD devices were also 
developed using this stable reference electrode design.124 Both the sample and reference zones 
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contained stencil-printed silver electrodes, but the sample zone incorporated an ion selective paper 
barrier over the reference electrode to create an ion selective electrode for detection. AuNP ink 
electrodes were presented by Liana et al, and were applied to paper coated in nail polish to lim t 
nanoparticle dispersion into the paper using a calligraphy pen.125 The nanoparticles were made 
conductive using a camera flash sintering step to remove the organic stabilizing molecules. In 
another reported method, gold was electroplated onto SPCE by Cunningham et al.126 Recently, 
Fosdick et al.127 fabricated an ePAD device with carbon fiber and gold microware electrodes.127 
An advantage of this fabrication technique is that aggressive electrode treatments or modifications 
that would contaminate or destroy the paper substrate can be done prior to electrode incorporation. 
The electrodes can also be made of a variety of prefabricated and highly conductive materials to 
tune detection and provide better electrochemical performance than carbon electrodes. Another 
method presented uses the porous and high surface area paper substrate itself as a basis for 
electrode fabrication. Ge et al.128 created a unique working electrode by growing AuNPs that 
formed an interconnected layer on the surface of cellulose fibers. A SPCE was printed in contact 
with this network and acted as the connection to the potentiostat. Similar to AuNPs, nanoporous129 
or cuboid130 AgNPs, gold nanorods,131 platinum nanospheres,132 gold and manganese oxide 
nanoparticles,132 and gold-palladium alloy nanoparticles have also been grown on cellulose 
fibers,133 and provided high conductance and surface area electrodes that could be tuned and 
modified for detection.  
 
A1.6 Detectors and Readout  
One critical step for µPADs is the ability to quantify the analyte. The most common 
analytical detection technique for µPADs is colorimetry because analysis is relatively simple (i.e. 
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color intensity is proportional to analyte concentration), and the technology is compatible with 
smartphone-based reporting systems. Moreover, the detectors (e.g. CCD, CMOS, flatbed scanner) 
are relatively inexpensive and straightforward to operate with little to moderate training.40,45,110,134-
141 Additionally, detectors for colorimetric analysis can be made portable (vs. traditional 
spectroscopy instrumentation), and have been demonstrated for on-site analysis,142,143 and 
classroom outreach.135 Phone-based camera technology has progressed rapidly over the past 
several years; imaging and processing power have opened new doors for applying µPAD 
technology to analyte detection in many settings. The methods for quantitative readout discussed 
in this review include digital and cell phone cameras, smartphones, handheld readers, and 
equipment-free methods.  
Digital Cameras, Cell Phones, and Smartphones. 
The potential of telemedicine using µPADs was first demonstrated in 2008 for the 
determination of clinically relevant concentrations of glucose and protein in artificial urine.144 Due 
to their market penetration and worldwide ubiquity, smartphones have created new opportunities 
for analysis in resource-limited settings either through on-site processing or remote data transfer 
to a centralized facility. Moreover, increased device data storage capacity enables information to 
be collected on-site and stored for transport to a central location without requiring sample 
transport. Because modern smartphones possess both a light source (LED flash) and a digital 
camera for detection, they are also amenable for tasks typically performed with more expensive 
spectrophotometers, fluorometers, or silicon photodetectors.145  
Camera phones have recently been demonstrated for detection of phage and bacterial 
pathogens,146-150 pharmaceuticals,151,152 biomarkers,153-157 explosives,158 and toxic metals.159,160 
Although smartphones are superior to flatbed scanners in regards to portability, they suffer from 
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changing ambient light conditions, rendering image intensities inconsistent. Recently, several 
groups addressed this problem by developing intensity-correction software for smartphones or by 
creating devices to physically block ambient light during image acquisition. In these examples, the 
phone’s flash provides a (near) constant source of illumination by which to quantify assay results. 
For example, instead of using typical RGB intensity for quantification, Shen et al.143 used 
chromaticity values to construct a reference chart with known color spaces to compensate for 
measurement errors due to ambient light. To overcome their ambient light problem, Thom and 
coworkers161 modified a commercially available iPhone 4S case with a polyethylene tube designed 
to eliminate most incoming light and ensure appropriate focal length for every acquired image. In 
a similar fashion, the Erickson laboratory151,154 has used a modified attachment to a smartphone 
that included an internal reference to minimize lighting effects for quantifying biomarkers in 
sweat, saliva, and blood.  
Non-Instrumented Analysis. 
Although much work has been done to reduce the cost and increase the portability of 
external readers, another goal (particularly for POC applications) is the development of accurate 
and easy-to-use devices that do not require external instrumentation. Quantitative or semi-
quantitative readouts are desired in many applications, particularly in the context of on-site 
diagnostics where treatment could be dictated by a simple “yes/no” or “normal/abnormal” 
response. The reader is encouraged to also review other works on the subject.162,163  
One approach for non-instrumented analysis is use of a visual color intensity comparator 
built from calibration that is integrated with the device. Calibration standards can be external (e.g. 
reference card), or on-device.164,165 Weaver et al.152 reported the development of an inexpensive 
“color bar code” test for rapid screening of potentially low-quality pharmaceutical drugs. The card 
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was divided into 12 individual lanes, upon which the user rubbed the solid pharmaceutical across 
each lane and dipped the edge of the device containing each lane inlet into water. Each lane was 
sensitive to a specific analyte (e.g. ampicillin, amoxicillin, and rifampicin), and a colored lane was 
indicative of a positive I.D., which was visually compared with an on-chip reference. Due to 
reaction variability and product stability, the authors specified an “optimal” time for reaction 
duration and analysis. Ambient conditions can have a tremendous impact on time-based analysis, 
thus many groups have attempted to design calibration standards for analysis when conditions are 
not optimal. For example, Zhu et al.141 created a sensor for enzyme-based glucose measurements 
that was self-calibrating. The authors claimed that a simple tree-shaped branching structure with 
glucose standards spotted in each branch was sufficient for minimizing ambient temperature and 
relative humidity effects. In one notable study, instead of utilizing on-device calibrators, Pollock 
et al.166 altered incubation times for analysis depending on differences in ambient temperature. 
Devices containing a test zone and positive and negative control zones were used to test 600 
outpatients in Vietnam for HIV drug-induced liver injury. During the study devices were held in 
storage for up to 8 weeks, during which storage temperatures varied from ~22-33°C. Although 
device readouts were semi-quantitative, the authors demonstrated that device operators (trained 
nurses) were 84% accurate through visual result assessments. This kind of field study demonstrates 
that visual assessment can be robust, although proper controls should be implemented for 
controlling ambient conditions. 
In 1985, Zuk et al.167 reported a method for measuring drugs in biological fluids by 
recording the total distance a colorimetric reaction product wicked along a porous channel. In this 
method, the total distance traveled was proportional to analyte concentration. The advantage this 
“distance-based” detection strategy has over previously reported methods is its potential for 
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extracting more precise, quantitative information. In 2013, Cate et al.168 revisited this detection 
motif by applying it to the measurement of heavy metals, small biological molecules, and reactive 
oxygen species.  
Another strategy complementary to distance-based detection essentially involves breaking 
up the continuous flow path into discrete segments and then counting the number of segments that 
turn color. In this case, the number of segments tallied is proportional to analyte concentration. 
This semi-quantitative approach has gained popularity due to its simplicity and applicability to a 
wide variety of chemistries. Since the first reported method for a paper-based digital readout,169 
groups have expanded this technique to include detection of hydrogen peroxide.44,102 For example, 
Zhang et al.44 measured H2O2 by essentially counting the number of successive detection zones 
that turned color after reaction with H2O2. A higher number of colored zones is correlated with 
higher H2O2 concentration. In their chemical scheme, potassium iodide is reduced by H2O2 in an 
alkali environment to I2, yielding a yellow-colored product. I2 was then re-oxidized by sodium 
hyposulfite, but when the concentration of sodium hyposulfite was limited, the yellow product of 
unreacted I2 remains. All that is required for assay analysis is a timer or cellphone with timing 
functionality. This detection motif is especially suitable for remote environments because timers 
are simple to operate and are relatively inexpensive.  
Quantifying analyte concentration using “time” is an alternative detection method where 
the time taken for signal to develop is the performance metric. Lewis et al.102 developed a system 
for quantifying active enzyme concentrations with high sensitivity using this timed readout 
approach. A control region was implemented to account for temperature, pressure, relative 
humidity, and sample viscosity effects. For example, if the recorded ambient temperature during 
the assay were <15°C, one additional minute was added to the vertical axis of the calibration curve 
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to elicit the correct analyte measurement. Lewis, et al.101 further developed the time-readout motif 
with a phase-switching system in which poly(carbamate) oligomers undergo depolymerization in 
the presence of a target analyte, with the depolymerization rate being proportional to analyte 
concentration. The oligomers were initially hydrophobic, but were converted to hydrophilic 
products, allowing flow through the device to a colored zone, and indicating assay completion. 
The concentration of the target analyte was directly proportional to the time spent depolymerizing 
poly(carbamate) oligomers.  
Handheld Devices. 
Bulky, benchtop instrumentation is typically too expensive for application in point-of-care 
settings. For instance, some µPAD technologies still use benchtop potentiostats, which can cost in 
excess of $10,000, with commercially available handheld units costing >$1000. If µPAD 
technology is to have an impact in the medical or environmental community, the cost-structure 
system for detectors must be much lower. To this end, several groups have designed custom 
handheld devices that are inexpensive and user-friendly for a variety of applications. Zhao et al.170 
built a custom low-cost eight-channel potentiostat for amperometric detection of glucose, lactate, 
and uric acid. The authors included a custom holder for a paper sensor with eight individual 
electrochemical wells. Though their design was based on previous work,171 this system was the 
first of its kind to incorporate the detection of multiple electrochemical assays simultaneously and 
from the same analyte sample. The current sensitivity ranged from 10’s of nA to over 1 mA and 
the total unit cost was ~$90. More recently, the number of channels in a handheld potentiostat was 
increased to 48.172 Nemiroski et al.173 created a handheld potentiostat designed for resource-limited 
settings and capable of running a variety of electrochemical tests, on-board sample mixing, and 
wirelessly transmitting analytical data over voice through the cellphone audio jack. This data 
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transfer was intended so that consumer phones built years ago would be compatible with their 
device. Other off-the-shelf handheld devices have also been reported for measuring water 
contamination electrochemically,174 or explosives via fluorometry.175   
 
A1.7 Applications: Biomedical 
Colorimetric Detection-Enzymatic Methods. 
Glucose is one of the most important clinical analytes because of its role in diagnosing 
diabetes. Many colorimetric methods have been developed for glucose using either GOx, or GOx 
in combination with enzymes like horseradish peroxidase (HRP). For example, Zhu et.al used tree-
shaped µPADS with 2,4,6-tribromo-3-hydroxy benzoic acid and 4-aminoantipyrine to detect 
glucose.141 Interestingly, gelatin was used to protect enzyme activity during storage, which slowed
the diffusion rate for optical color production. The detection limit and dynamic range were 0.8 
mM and 2.4-11.4 mM, respectively, and the system was applied to determination in serum. In a 
second example, commercial assay kits were used for measuring protein and glucose in urine on a 
three-dimensional μPAD.176 The standard concentration range detected by this device was 0.25-8
mg/dL for glucose and 5-20 mg/dL for protein. Another device was developed by Demirel et al.,74
not only for the enzymatic detection of glucose, but also for albumin, uric acid, ALP, and alanine 
aminotransferace (ALT). Albumin was measured to quantify total protein based on the 
colorimetric reaction between albumin and tretaphenolbromophenol blue, and ALP was 
enzymatically detected with nitro-blue tetrazolium and 5-bromo-4-chloro-3'-indolyphosphate. 
Uric acid and ALT were measured using commercial enzymatic assay kits applied to the µPAD. 
Moreover, Pollock et al.177 fabricated 3D-μPADs for semi-quantitative measurement of ALP and 
aspartate aminotransferase (AST) in blood or serum for liver function tests. Another device for 
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glucose and ALP colorimetric measurement was demonstrated by Schilling et al.92 To enhance 
portability, the device was completely sealed in plastic, which not only improved the mechanical 
stability, but also reduced evaporation of the solution during transport in channels. The effect of 
paper substrate type on the intensity of color was studied for glucose detection; Whatman Grade 1 
filter paper was found to be most optimal.68  Yetisen et al.153 developed a smartphone algorithm to 
improve the portability of glucose detection using paper sensors. Their algorithm automatically 
accounted for the distance between the camera and the substrate, which dramatically increased the 
accuracy of the measurement. Chen et al.178 used 3D channels to improve detection limits of 
glucose and uric acid by almost one order of magnitude versus other paper sensors using 2D 
channels. 
Colorimetric Detection-Immunoassays. 
Detection of protein and DNA-based biomarkers is another promising area of research for 
point-of-care monitoring. Zhou et al.179 used 3-aminopropyltriethoxysilane cross-linked with 
glutaraldehyde as a colorimetric reagent to detect H2O2. When H2O2 was present, the cross-linked 
APTES turned colorless after being degraded. This color change was used to detect the presence 
of prostate specific antigen (PSA). Anti-PSA immobilized on paper captured PSA and was labeled 
with GOx-modified gold nanorods. After addition of glucose, the amount of H2O2 generated 
correlated linearly with PSA concentration. Zhu et al.109 modified the paper surface using 
zwitterionic poly(carboxybetaine) via surface-initiated atom transfer radical polymerization to 
improve device performance for both glucose enzymatic detection and immunoassays. Faster and 
more sensitive detection was achieved with modified paper relative to unmodified paper due to 
faster liquid transport in modified channels and decreased surface fouling. Guan et al.110 studied 
the impact of polyvinylpyrrolidone, dextran, and glycerol additives on paper devices as well as 
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freeze-drying to stabilize antibodies for immunoassays. All of the studied methods improved long-
term stability and consistency of response but freeze-drying was the most successful. Bagherbaigi 
studied antibody immobilization strategies for cotton-based devices.180 Three strategies were 
tested with gluteraldehye and adsorption methods working the best. Free-β-human chorionic 
gonadotropin was selectively detected using the method.  
Colorimetric Detection-Other Applications. 
Other color-based detection methods have been used for paper devices, such as an 
innovative “color bar code” device developed by Lieberman’s group152 for testing active 
pharmaceutical ingredients in antituberculosis (TB) drugs. In a similar fashion, Koesdjojo et al.181
developed a test for the counterfeit anti-malarial drug artesunate. A paper-based sensor for 
measuring blood hemoglobin was also developed by Yang et al.182 Drabkin reagent was added 
with blood to the device, leaving a concentration dependent color on the paper. Rohrman et al.183 
used μPADs for HIV DNA detection. Enzymatic amplification of the HIV DNA was successfully 
enhanced to 10 copies within 15 min by combining the enzyme storage, reaction component 
mixing, and recombinase polymerase amplification of HIV DNA steps on the paper. 
Colorimetric Detection-Nanomaterials. 
Nanomaterials have found widespread use in cellulose and nitrocellulose-based paper 
platforms, primarily as detection reagents.5,184 Nanoparticles (NPs) are popular because they tend 
to be more stable than organic molecules and typically have higher extinction coefficients, 
consequently leading to better sensitivity for target analytes (e.g. cancer antigens). A number of 
groups have developed nanoparticle-conjugated immunoassays that specifically take advantage of 
the high molar absorptivity of NPs to achieve low detection limits and high sensitivities. In these 
systems, detection is often performed visually, which is highly suitable for POC applications. To 
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the present, modified nanoparticles have been used to measure cancer biomarkers,58,185 
antibodies,185 bacteria,186 proteins,187 and infectious diseases.149 Recently, Tsai et al.149 
demonstrated AuNPs as a detection reagent for TB DNA. AuNPs modified with single-stranded 
DNA (ssDNA) were hybridized with complimentary dsDNA from TB positive patients. Upon 
DNA hybridization with AuNPs, a red to blue color change occurred. A mobile phone was utilized 
for measuring the intensity of the color change and data was transferred via cloud computing. With 
this method, Mycobacterium tuberculosis was measurable at concentrations as low as 2.6 nM, and 
provided test results in less than an hour from extracted human DNA samples. 
Some groups have devised other colorimetric detection methods that take advantage of the high 
surface area and catalytic functionality of nanoparticles, but are easier to fabricate and have less 
detection variability. For example, Liu et al.188 created a colorimetric immunosensor for 
carcinoembyronic antigen (CEA) using ZnFe2O4-carbon nanotubes, which exhibited peroxide-like 
catalytic behavior. Previously reported schemes used the reaction between H2O2 and HRP to 
measure analytes like glucose or bovine serum albumin in biological samples. However, natural 
enzymes like HRP suffer from poor stability, difficulty of preparation, and are highly influenced 
by ambient conditions.189 The nanocomposites developed by Liu et al. were also generally less 
labile than previously reported methods. Secondary antibodies attached to the surface of metal-
nanotubes were used to label the captured CEA for visual detection. A visible blue-green color 
change was apparent almost immediately after primary and secondary antibody binding due to a
charge-transfer complex consisting of a free OH radical and 3,3’,5,5’-Tetramethylbenzidine. 
CEA was measurable at concentrations ranging from 0.005-30 ng/mL and the limit of detection 
was determined to be 2.6 pg/mL. Ge et al.128 modified electrodes with AuNPs to create a 
multiplexed device consisting of one auxiliary electrode surrounded by four sample pads for 
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detection of D-glutamate (Figure A1.5A). Layered AuNPs on the working electrode (grown from 
3.5 nm seeds) created a high surface area to weight ratio (9.5 m2/g) for electron transport through 
the porous matrix. The modified electrode’s improved conductivity (1.15 x 10-5 Ω cm) versus a 
bare carbon electrode resulted in low nM detection sensitivity of the amino acid target.     
  
Figure A1.5 (A) An image of a PAD comprised of four working electrodes surrounding the 
counter and reference electrodes (center well). The top of the device is shown on the left, and the 
device flipped over (right). Reprinted with permission from ref 127. Copyright 2013 Wiley-VCH 
Verlag GmbH & Co. KGaA, Weinheim. (B) The overall reaction Scheme A1.is depicted in 
which upconverting phosphors undergo surface modification followed by hybridization with the 
target probe. Reprinted with permission from ref 196. Copyright (2013) American Chemical 
Society. (C) A target probe is hybridized with a fluorophore-labeled probe to elicit a fluorescent 
signal. Reprinted with permission from ref 197. Copyright (2014) American Chemical Society. 
(D) The working principle of the microfluidic origami PAD employing ECL detection. 





μPADs coupled with electrochemical detection (ePADs) offer a selective and sensitive 
platform for measuring biomarkers. Noiphung et al.46 reported the electrochemical detection of 
glucose in whole blood using reusable, external screen-printed carbon electrode (SPCE) modified 
with a mediator, Prussian Blue. Blood plasma carrying glucose was separated from whole blood 
into a detection region where it reacted with glucose oxidase to form hydrogen peroxide, and 
detected electrochemically using amperometry. Glucose was also measured by Santhiago et al.120 
using glucose oxidase at graphite pencil electrodes with a p-aminophenylboronic acid mediator. 
Ge et al.128 reported the sensitive detection of D-glutamic acid, a neurotransmitter associated with 
brain damage, using GNP coated cellulose fibers with electropolymerized molecular imprint 
polymer on the surface. When D-glutamic acid adsorbed to the electrode surface a decrease in 
hexacyanoferrate oxidation was measured using differential pulse voltammetry (DPV) that 
correlated with D-glutamic acid concentration. This ePAD device was capable of sub nM detection 
and provided results comparable to HPLC testing of real human samples. Using pencil-drawn 
electrodes in a flow-through ePAD, Dossi et al.113 successfully detected co-migrating 
neurotransmitters paracetamol and ascorbic acid or dopamine and ascorbic acid using thin-layer 
chromatographic. Simultaneous detection was possible using two working electrodes that first 
oxidized and then reduced the sample, resulting in combined electrochemical response for 
oxidation of DA and AA or PA and AA, but only the reduction detection of PA or DA. The 
detection of DNA and protein was reported by Cunningham et al.126 using conformational 
switching of an aptamer upon binding with the target analyte. The binding results in the location 
change of an electrochemical label (methylene blue) away from the gold electroplated SPCE 
159 
 
surface, turning the signal “off,” and providing detection limits in the low nM range for both DNA 
and thrombin detection. 
The electrochemical detection of low-abundant cancer biomarkers is of interest in early 
diagnostics and screening detection. Several papers have been published based on the sandwich 
assay technique of immunocapturing biomarkers and then immunotagging them with 
electrochemical signal enhancing tags. The papers discussed in this paragraph all provided 
detection results in good agreement with commercially available tests when human serum samples 
were tested. Nanoporous silver-coated cellulose fibers in contact with a SPCE were modified with 
antibodies specific to tumor markers CEA and alpha-fetoprotein.129 Bound tumor markers were 
then selectively tagged with nanoporous gold-chitosan hybrids containing absorbed metal ions. 
These metal ions were then detected electrochemically using square wave voltammetry (SWV) 
and measured peak currents for each metal correlated linearly with biomarker concentration. The 
use of the high concentrations of metal (Pb(II) and Cd(II)) loaded onto tags allowed for the 
multiplexed and simultaneous detection of analytes down to the sub pg/mL level, which was 
significantly lower than previously reported methods. Using these same tags, Ma et al.131 used 
differential pulse voltammetry to simultaneously detected immunocaptured CEA and cancer 
antigen 125 (CA125) on gold nanorod-coated cellulose fibers. Cuboid silver nanoparticle coated 
cellulose electrodes were also presented for the multiplexed detection of immunocaptured CA125 
and carcinoma antigen 199 (CA199) using SWV to detect metal ion coated nanoporous silver-
chitosan tags.130 In a similar method Li et al presented the multiplexed detection of 
immunocaptured and tagged CFA and AFP on polyaniline coated and interconnected gold 
nanoparticles immobilized on cellulose fibers.190 The tags consisted of three-dimensional graphene 
oxide sheets with immobilized redox probes (methylene blue and carboxyl ferrocene) that were 
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detected simultaneously using DPV with sub pg/mL detection limits of analytes. Gold and 
palladium alloy nanoparticle coated cellulose fibers immunocaptured CEA, and were 
immunotagged with Au-Pt nanoparticles bound with glucose oxidase and methylene blue, 
resulting in the electrocatalytic detection of methylene blue and hydrogen peroxide production in 
the presence of glucose.133 Li et al.132 detected prostate specific antigen (PSA) immunocaptured 
on nanostructured gold and manganese oxide coated cellulose fibers and immunotagged with 
carbon nanospheres bound with glucose oxidase. The glucose oxidase reacted with glucose to 
produce hydrogen peroxide that was electrocatalytically detected using DPV. A graphene oxide 
coated (to accelerate electron transfer) SPCE with immobilized antibodies was used to capture 
AFP, CEA, CA125, and carbohydrate antigen 153 (CA153) each on individual electrodes in a 
multiplexed ePAD device.58 Silicon dioxide nanoparticles with bound HRP were used to 
immunotag targeted cancer biomarkers and react with hydrogen peroxide and O-
phenylenediamine (o-PD) to produce 2,2’-diaminoazobenzene which was detected using DPV.  
Cultured cancer cells are also of interest and can be used to monitor cellular activity and 
screen for potential therapy drugs. Su et al. and Liu et al. reported the culture of cancer cells in 3D 
paper-based devices capable of monitoring cellular apoptosis, glycan production and hydrogen 
peroxide release in anticancer drug screening.191-193 AuNP-coated cellulose in contact with a 
SPCE, aptamer captured cancer cells on the electrode surface were labeled with HRP-conjugated 
aptamers that catalyzed oxidation of o-PD by H2O2 to produce DPV detectable 2,2’-
diaminoazobenzene.191 Cellular apoptosis with leukemia drug application resulted in increased 
signal due to the increase in concentration of HRP-annexin-V aptamer tag, which specifically 
binds to apoptotic cells. Using this same detection Scheme A1.with glycan aptamer-HRP tags, 
glycan expression that changed due to drug application could also be monitored.193 Pt nanosphere 
161 
 
coated fibers detected the non-enzymatic release of hydrogen peroxide from living cells and also 
due to drug induced apoptosis.192 Another 3D ePAD cell culture device was developed by Shi et 
al.194 using carbon-paper electrodes modified with carbon nanotube, graphene oxide, and 
manganese oxide aerogel for the detection of H2O2.  
Fluorescence. 
Several examples of fluorescence-based µPADs have been demonstrated.63,175 
Fluorophores are attractive because they are sensitive; however, one drawback is that paper 
whitening additives can increase background fluorescence. Within the last two years, examples of 
fluorophore-based sensors have been applied to the detection of bacteria,195 biological proteins,54 
and cancer biomarkers.196 Only recently has DNA detection been extended to paper substrates. 
One possible reason is because paper-based techniques are not capable of the sub-nM detection 
sensitivities required for typical DNA-detection applications. Recently, Scida et al.197 introduced 
a competitive hybridization assay to detect fluorophore-labeled ssDNA using capture ssDNA and 
quencher-labeled ssDNA, and medically-relevant detection limits of less than 5 nM (% relative 
standard deviation < 3%) were obtained. The μPAD used for analysis contained four-layers and 
four independent testing zones in three of the layers. As depicted in Figure A1.5B, quencher and 
fluorescent-labeled ssDNA were applied to detection zones in separate device layers, but were 
brought into contact after the device was folded. In a separate case, both quencher and fluorophore-
labeled ssDNA were pre-mixed. Clamps were used to close the device. Target analyte, upon 
addition, displaces a strand of quencher-labeled ssDNA from fluorophore-labeled ssDNA because 
it has eight more matching bases than the quencher, producing a fluorescent signal that was linearly 
proportional to target DNA concentration. The signal was measured as analyte solution moved to 
the third layer of the device. It was found that allowing hybridization of the quencher and 
162 
 
fluorophore prior to incorporation into the device proved to be superior to drying them separately 
on the substrate (14% vs. 3% %RSD respectively), possibly due to non-specific absorbance of 
ssDNA on paper.  
Chemiluminescence. 
Chemiluminescence-based sensors measure light intensity generated by a chemical 
reaction. Reagents for chemiluminescence (CL) are typically inexpensive, and the measurement is 
highly-sensitive, making it very attractive for low-cost high sensitivity assays. 
Photochemiluminescence (PL), a subset technique of chemiluminescence, was demonstrated with 
µPADs by Zhou et al.198 for in-field and POC application using luminescence resonant energy 
transfer associated with upconverting phosphors. Green-emitting upconverting phosphors were 
functionalized with streptavidin and immobilized on paper before biotinylation occurred with 
single-stranded oligonucleotide probes. The reaction sequence is depicted in Figure A1.5C. A 
biotinylated DNA target probe (SMN1) containing Cy3-labeled oliqonucleotides was hybridized 
with the phosphor-strep complex. Luminescence emission occurred upon excitation of the 
conjugate probe at 980 nm and was analyzed with an epifluorescence microscope. Hybridization 
was complete ~2 min with a detection limit of the target probe of ~30 fmol. Wang et al.199 also 
developed a µPAD for measuring DNA hybridization using photoelectrochemiluminescnce (PEL), 
but integrated Au-paper electrodes to obtain ~fM detection limits. The authors integrated a novel, 
paper-based supercapacitor to amplify the PEL signal by allowing it to continually charge until it 
was automatically shorted after a fixed period, releasing an amplified current to a terminal 
multimeter. Developing an automated method for timing the charging period was crucial, so the 
authors created a fluidic-delay switch by repeatedly dropping and drying a 1 M NaCl solution 
containing AuNP-modified multi-wall carbon nanotubes to the end of a hydrophilic strip 26 mm 
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in length. The end of the channel also contained a conductive pad, triggering an electrical switch 
once reached by wicking fluid.  
Electrochemiluminescence. 
Electrogenerated chemiluminescence (ECL) is an alternative for µPAD analysis that uses 
electrochemical reactions to generate luminescence.145,200,201 The advantages ECL confers versus 
CL and PL are multi-fold: background optical signals are low, controlling electrode potential is 
easier than controlling reagent addition at specific times, and selectivity is enhanced by controlling 
electrode potential.202-207 Much of the recent work regarding the integration of ECL with paper 
devices involves the development of new approaches to consolidate power and measurement 
tools.199,208  
In their seminal work, Delaney et al.200 used a mobile phone camera for ECL detection. 
They recently expanded this work to address a critical challenge facing paper-based ECL 
detection, namely, how to apply the potential to paper-based electrodes without relying on 
expensive potentiostats.159 The authors address this limitation by driving electrode potential from 
the audio socket of a camera phone to initiate the electrochemical reaction. The maximum output 
voltage was 1.77 V. Phone software and a custom-built app gave the user control of audio 
functionality such as the frequency, amplitude, and duration of square-wave pulses sent to the 
working electrode. The ECL signal intensity was captured using individual frames of the phone’s 
video feature at 30 fps (320x240 pixel resolution) with red-channel intensity being proportional to 
analyte concentration. The group demonstrated a working device with the popular ECL co-
reactant, 2-(dibutylamino)-ethanol, as well as L-proline.209 Limits of quantification achieved for 




Other efforts have been made to remove the bulk and expense incurred with electrochemical 
workstations by integrating a power source directly onto the sensor.210,211 Zhang et al.212 recently 
attempted to improve on-device power by developing an environmentally-friendly battery with a 
relatively simple circuit which is activated with the addition of water (Figure A1.5D). The authors 
employed an origami folding technique to keep features aligned during the fabrication process and 
to reduce fabrication complexity. Noble metals were not included as part of the primary battery 
(C|FeCl3|NaCl|AlCl3|Al), reducing material costs. Moreover, Fe(III) is more stable than the typical 
Ag(I) so the device can be stored without use for longer periods of time. The open circuit voltage 
was reportedly stable during use for at least 250 s, and did not deviate significantly when stored 
for 15 consecutive days. The best power density achieved was 0.52 ± 0.026 mJ cm-2 (Voc = 1.3 V, 
Isc = 0.4 ± 0.02 mA cm-2). Luminol, Ru(bpy)32+, and glucose detection was demonstrated with a 
linear detectable range for glucose from 10 nM to 10 µM (LOD = 1.7 nM).  
Other Sensor Types. 
Other sensor motifs have recently been demonstrated for biomedical applications. 
Examples requiring instruments for detection include calorimetry213 and light-reflectance.34 
Surface-enhanced Raman scattering has also been demonstrated for medical and environmental 
applications.214,215 In 2014, digital microfluidics (DMF) on paper was demonstrated for the first 
time to measure rubella in an IgG sandwich ELISA.216 DMF is a well-studied microfluidic 
technology,217 but had not been applied to paper microfluidics until recently. The DMF technology 
manipulates small liquid droplets (nL-µL) on an array of electrodes using electric fields. By 
controlling the applied fields in the array, functions such as droplet merging, splitting, mixing, and 
directional flow are feasible. In the work, DMF devices were formed by printing arrays of silver 
ink on filter paper; for operation, droplets were sandwiched between two printed layers. Droplet 
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volumes between 0.4-0.8 µL were used for study, and contrary to previously established 
techniques for fabricating DMF devices, the paper sensors in the study cost less than $0.05 each. 
A major advantage of DMF is that controlling multistep sequences is simple; a calibration curve 
requiring 63 discrete steps was demonstrated for HRP mixed with luminol/H2O2 (Figure A1.6). 




Figure A1.6 Schematic depicting the individual steps of a chemiluminescence assay for HRP with 
luminol/H2O2. HRP is first serial diluted before being mixed for 60 s with luminol/H2O2. The 
initial splitting occurs for subsequent dilutions. Reprinted with permission from ref 215. Copyright 





A1.8 Applications: Environmental 
Paper-based approaches for environmental monitoring are attractive because accurate, low-
cost monitoring is pivotal for environmental applications where routine testing is performed, such 
as for the analysis of river/soil contamination, occupational exposures, or air pollution. Prior to 
2013, noted papers were published on detection of metal ions, chemical warfare agents, and 
reactive oxygen species using colorimetric,89,136,218-21 electrochemical,118 fluorescent,222 and other 
analytical approaches.223 Samples were sourced from water, soil, and air (i.e. particulate matter, 
PAHs).  
Colorimetric Sensing. 
Many colorimetric µPADs have been developed for metal detection because of their known 
toxicity. Environmental metal contamination is common in three sources, air (aerosols), water, and 
soil. One of the first examples of µPAD-based quantification of metals was a sensor comprised of 
four detection zones for simultaneously measuring Fe, Cu, and Ni from combustion ash.89 
Aerosolized metals were collected on filters and transferred to a µPAD that had been treated with 
chromogenic reagents. Detection limits ranged from 1-1.5 µg (total mass) for each metal analyte. 
Metal detection on paper has recently been applied for measuring other metals.86,138,224-226 
Environmental measurement of Cu is important because it is used in a variety of applications, can 
easily find its way into water sources, and is toxic at elevated levels.227,228 Different strategies for 
measuring Cu with µPADs have been reported. Jayawardane et al.224 created a multilayer 
disposable device incorporating a polymer exclusion membrane modified with 1-(2’-pyridylazo)-








Figure A1.7 Environmental sensing approaches. (A) Cu2+ ions are selectively determined after 
passing through a polymer exclusion membrane with PAN as the immobilizing agent. Reprinted 
with permission from ref 223. Copyright (2013), with permission from Elsevier. (B) TNT is 
measured from a sample surface by swabbing with a paper device containing potassium peroxide. 
Reprinted with permission from ref 235. Copyright (2014) American Chemical Society. (C) 
Strains of E. coli with light, intermediate, and heavy ampicillin resistance are characterized with a 
paper sensor. Reproduced from ref 240 with permission of The Royal Society of Chemistry. (D) 
Pencil graphite was used as the working and reference electrodes to measure p-Nitrophenol. 
Reprinted from ref 113. Copyright (2014), with permission from Elsevier. (E) Schematic 
representation of an ECL µPAD. Reprinted from ref 250. Copyright (2013), with permission from 
Elsevier. (F) Schematic diagram of distance-based detection for Ni2+. Reproduced from ref 167 by 




To encourage analyte pre-concentration, the authors stacked filters, with each successive layer 
allowing 9.6 µL more eluent to be flushed through the device and onto the detection membrane. 
Samples from hot tap water and mine leach residue were evaluated with the device and detection 
and quantification limits of 60 and 210 µg/L, respectively, were reported. More recently, Li et al.229 
presented a device for measuring Cu in water and achieved detection limits approximately 104 fold 
lower using TiO2 nanoparticles that functioned as a combined adsorbent, photocatalyst, and 
colorimetric reagent. Nanoparticles have also been used for metal detection with µPADs.230 Chen 
et al.231 demonstrated a surface plasmon coupling strategy for measuring Hg(II) using thymine-
Hg(II)-thymine coordination chemistry to reach 50 nM detection sensitivities from spiked pond 
and river water. Surface plasmon coupling occurs when label-free oligonucleotide sequences, 
attached to the AuNP surface, possessed thymine-thymine mismatches. When introduced into an 
aqueous solution containing Hg(II), ssDNA on the particle surface underwent conformational 
changes, inducing AuNP aggregation and a subsequent color change. To reduce the cost of 
analysis, the authors utilized smartphone and cloud-computing technology for a quantitative 
readout.  
µPADs have also been developed for non-metal environmental analytes.165,232-234 For 
example, a paper sensor to test for the presence of nitrite and nitrate in drinking water was 
presented by Jayawardane et al.235 which, under optimal conditions, allowed the user to measure 
concentrations as low as 1 and 19 µM for nitrite and nitrate, respectively. The device contained 
two individual colorimetric detection zones for measuring nitrite (zone 1) and combined nitrate 
and nitrite (zone 2). The reported detection limits were well below the maximum contaminant 
levels (71.4 and 714.3 µM for nitrate and nitrate, respectively) stipulated by the U.S. 
Environmental Protection Agency. Pesenti et al.236 reported a µPAD design for detecting 2,4,6-
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trinitrotoluene (TNT), 1,3,5-trinitrobenzene (TNB), and 2,4,6-trinitrophenyl-methylnitramine 
(tetryl) in explosive residue (Figure A1.7B). With their method, potassium peroxide acts as a 
complexing reagent and analyte transfer occurs via a swab or by wiping a contaminated surface 
with the device. Violet color formation occurs via the Janowski reaction when hydroxide or 
methoxide ions are mixed with trinitro aromatics.237 Detection limits reported were TNT (12.5 ± 
2.0 ng), TNB (7.5 ± 1.0 ng), and tetryl (15.0 ± 2.0 ng) with extraction efficiencies over 96%. 
Quantification of other compounds found in improvised explosives such as RDX, urea nitrate, and 
TATP have also been reported.238 Dungchai et al.239 developed a AgNP method for measuring 
reduced glutathione, an endogenous antioxidant and indicator of cellular oxidative stress. 
Dithiothreitol is traditionally used for determining reactive oxygen species, but it is not 
endogenously produced in biological systems, making it an indirect measurement system. The 
authors used two different paper-based methods for detection, one based on color change and the 
second based on the length of a colored formation complex.  
Culture plates are a standardized method for counting bacteria, unfortunately this method 
can be tedious, time consuming, and expensive. Additionally, large volumes of media are 
consumed during the process. Bisha et al.240 for bacteria in agricultural runoff. An attempt by Deiss 
et al.241 was made to replace the traditional (plastic) petri dish method with a sealed paper-based 
device for detecting bacteria, primarily in areas remote from centralized facilities. This portable 
culture device was capable of determining antibiotic susceptibility of several strains of E. c li
and Salmonella Typhimurium. The device is essentially the Kirby-Bauer antibiotic susceptibility 
test applied to paper.242 The diffusion of a blue dye (PrestoBlue™) indicative of bacterial antibiotic 
susceptibility (e.g. tetracycline, ampicillin, or kanamycin) was measured radially from a circular 
zone of applied antibiotic. Upon entering living cells, the dye encountered a educing cytosolic 
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environment and turns pinkish-red, which is indicative of bacteria resistant to a specific antibiotic. 
A larger radius of blue dye was correlated with greater bacterial susceptibility. Results for 
ampicillin resistance were compared to the traditional method of counting colony forming units 
on agar plates (Figure A1.7C). Ma et al.48 created an immunoassay screening device for E. coli in 
drinking water. In a paper well, capture antibodies were immobilized by adsorbing to the substrate. 
Sequential introduction of E. coli and AuNP-labeled secondary antibodies formed an antibody-
antigen-antibody complex visible to the unaided eye only after Ag was added to the system. AuNPs 
can catalyze the reduction of Ag ions, which deposit around the AuNPs, forming a visible grey-
black product from strong light scatter. A darker spot signified a higher concentration of colony 
forming units. With their method, the authors were able to confirm the presence of E. c li at 57 
CFU/mL and above; comparison studies with conventional ELISA was not statistically different. 
Nanoparticles have also been used as colorimetric reagents to detection environmental 
pollutants. Sun et al.243 developed a photoelectrochemical immunosensor for detecting 
pentachlorophenol with polypyrrole-functionalized ZnO nanospheres by molecular imprinting. In 
their work, a layer of AuNPs was deposited on the paper surface, followed by ZnO and 
electropolymerization of polypyrrole. The group was able to measure pentachlorophenol as low as 
4 pg/mL with a linear range of 0.01-100 ng/mL. Photoelectrochemical immunosensing of 
pentachlorophenol was demonstrated by Kang et al.244 in 2010. While successful, their method 
required antibodies, which increase cost and lack stability in harsh environments. The biomimetic 






Electrochemical Sensing.  
In some instances, the sensitivity and selectivity afforded by colorimetric detection falls 
short for environmentally relevant applications. For instance, current US EPA regulations for Cd 
in drinking water are 5 ppb,245 well below detection limits for existing colorimetric methods. 
Additionally, colorimetry can suffer from poor selectivity. Electrochemistry is an attractive 
alternative because detection limits are lower and sensitivity is higher. The first demonstration of 
electrochemistry on paper was in 2009.116 Since then, a host of new electrochemical methods and 
applications have been developed coupling the advantages of paper substrates with 
electrochemistry.73 One of the most recent applications is for the measurement of p-nitrophenol 
(pNp), a compound toxic to humans that can enter the water supply as a result of run-off from 
wastewater and agriculture. Ingestion of pNp can cause fever, headaches, respiratory congestion, 
and even death in severe instances.246 Santhiago et al.114 created a multi-layer device using the 
graphite from a pencil as the working electrode (Figure A1.7D). The pencil graphite improves the 
system performance because it is highly conductive, widely available, and relatively inexpensive. 
Experiments were conducted using two different grades of pencil, H (less carbon = softer) and 6B 
(more carbon = stiffer). The group discovered that the graphite composition of grade H pencils 
had lower background currents and ΔEp. Concentrations of pNp from 10-200 µM (linear range) 
or as low as ~1 µM (LOD) were quantifiable. Because the sensing technique had application for 
field-testing, the authors integrated a quick response code (or QR code) feedback system that was 
affixed beside each assay on the paper support. The implementation of the QR code was to enable 





Ion-selective potentiometric sensing has also been used with µPADs because, in addition to other 
properties, paper is a suitable filtering agent for large particles. In 2013, Cui et al.247 developed a 
paper sensor comprised of solid-contact ion sensing and reference electrodes to determine the 
concentration of K+ ions in samples absorbed into a paper substrate. In their work, the sensing 
electrode was fabricated using poly(3,4-ethylenedioxythiophene) and plasticized PVC containing 
the K(I)-specific valinomycin ionophore. Detection limits were subsequently improved by Mensah 
et al.248 by impregnating the paper with single-walled carbon nanotubes. 
 Luminescence Detection. 
A paper-sensor based on fluorescence-quenching of pyrene was developed by Taudte et 
al.175 for detecting explosives. Although pyrene is an excellent fluorophore, its low-solubility in 
polar solvents prompted the authors to use 80:20 MeOH:H2O for pyrene dissolution and the wax 
boundaries were able to contain this solution. Ten explosives were tested for fluorescence 
quenching under UV radiation; detection limits ranged from 100-600 ppm. To enhance the 
portability of the sensor, the authors designed and built a portable instrument for detection that 
incorporated a 365 nm UV LED for excitation of pyrene and a photodiode to capture emitted light 
at 500 nm. The sensor also contained a calibration procedure for when new paper-sensors were 
used. 
Electrochemiluminescent (ECL) has also been used for environmental measurements. One 
of the first groups to implement ECL detection using µPADs was Delaney et al. for detection of 
2-(dibutylamino)-ethanol (DBAE) and NADH.200 Paper-based ECL has also been applied for 
detecting explosives249 and genotoxic compounds.250 Zhang et al.251 recently applied paper-based 
ECL for detecting Pb(II) and Hg(II) from samples of lake water and human serum (Figure A1.7E). 
The ECL signal was generated from carbon nanocrystal-capped silica nanoparticles (for Pb(II)) 
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and from Ru(bpy)32+-AuNP aggregates (for Hg(II)). In this case, fluorescent carbon nanocrystals 
were utilized due to their low toxicity and abundance of –COOH groups at surfaces. Two different 
ECL labels were used so both metals could be measured simultaneously at different potentials 
from a single sample. In the presence of analyte, DNA bound to functionalized µPADs underwent 
a conformational change, leading to an increase in ECL signal intensity. Limits of detection for 
Pb(II) and Hg(II) were 10 pM and 0.2 nM, respectively.    
Non-Instrumented Detection. 
One of the limitations with any of the previously discussed sensing motifs is the need for 
peripheral equipment for analysis. The reagent costs are low, however instrumentation costs 
remain high. In 2013 Cate et al.168 repurposed a non-instrumented technique for ‘distance-based 
detection’ of heavy metals, small molecules, and reactive oxygen species. In their approach, 
colorimetric reagents designed to precipitate upon complexation with an analyte, were patterned 
along the flow path of a paper channel approximately 2 mm wide. The analyte is consumed as 
fluid flow progresses along the device until no analyte remains, leaving behind a band of color in 
which the band length is proportional to analyte concentration (Figure A1.7F).  
A1.9 Applications: Food and Beverage Contamination 
Paper-based devices have been proposed as a preventative detection method to provide 
simple, low-cost, and on-site detection of foodborne contaminants.233 μPAD devices developed 
for bacteria detection in food have relied primarily on enzymatic activity or immunoassays for 
detection. Colorimetric detection based on the reaction of enzymes produced by bacteria with a 
chromogenic substrate has been demonstrated in μPADs.233,240,252 Because detection generally 
requires bacterial growth for enzyme production, this method has the advantage of being able to 
detect live bacteria. Jokerst et al. sampled bacteria from foods using a swab sampling technique.252 
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The resulting swab sample was cultured in media before being added to a paper-based well device 
impregnated with chromogenic substrate. Ready-to-eat meat samples inoculated with Listeria 
monocytogenes, E. coli O157:H7 and Salmonella Typhimurium were successfully detected. 
Detection limits as low as 101 CFU/mL were achieved in 12 hours or less, which is significantly 
less time than the gold standard culture methods. Another method presented by Park et al used 
antibody conjugated polystyrene nanoparticles for Salmonella Typhimurium detection.148 Instead 
of colorimetric detection, however, portable cell phone detection was used to measure light 
scattering intensity. Lysed bacteria added to a paper-based device flowed over pre-loaded antibody 
conjugated polystyrene beads. The presence of the target antigen caused immmunoagglutination 
and increased measured light scattering. While no real samples were tested, this method could be 
used for both food and water contamination detection. Currently the only example of paper-based 
electrochemical detection of bacteria was presented by Wang et al. 253  The working electrode 
consisted of antibody-conjugated AuNPs on a reduced graphene oxide paper-based electrode. The 
antibodies on the electrode surface captured target bacteria, which caused a measured change in 
impedance that correlated linearly with bacteria concentration. This method successfully detected 
E. coli O157:H7 from both ground beef (LOD of 1.5 x 104 CFU/mL) and cucumber (LOD of 1.5 
x 103 CFU/mL) food samples.  
Chemical contaminants such as heavy metals and pesticides have been detected in food 
and beverage samples using μPADs. Pb and Cd were detected electrochemically using square wave 
anodic stripping voltammetry (SWASV) by Shi et al in soda water beverages.254 In their approach, 
solution flowed through paper across the surface of screen-printed carbon electrodes. 
Chemiluminescence detection combined with paper chromatography was used by Liu et al to 
detect pesticide contaminant, dichlorvos (DDV), eluted from the skin of vegetables.255 Ascending 
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paper chromatography was first used to filter and separate DDV from other interfering species into 
a detection zone. The resulting purified zone was cut out and placed into a paper-based device. 
When hydrogen peroxide and luminal were added to the detection zone, the produced CL 
correlated linearly with DDV concentration. A μPAD developed for detection of genotoxicity in 
food samples was also reported by Mani et al using ECL detection.250 Paper-based wells with 
SPCEs contained enzymes that reacted with test compounds to produce reactive metabolites. These 
metabolites damaged DNA, which increases the reactivity of DNA with a Ru(III) substrate. When 
a voltage was applied to the cell the resulting reactivity produced ECL light that increased with 
greater DNA damage, correlating with genotoxicity of a sample. 
 
A1.10 Conclusions and Future Directions:  
Since Martinez et al. published their use of photoresist to pattern paper for microfluidic 
assays there has been an explosion in the interest around the topic with research groups from 
around the world taking active part in the development cycle.6 While paper-based analytical 
devices are not new, their use has primarily been limited to one-dimensional methods like litmus 
paper and lateral flow immunoassays. μPADs have challenged this paradigm resulting in 
increasingly complex devices and analytic assays. In particular the development of complicated 
3D devices that carryout multiple chemical reactions in a simple to use format that does not require 
any external reading equipment is an example of the potential of this field for solving complex 
problems.104 More and more complicated chemistry and biology are also being demonstrated on 
paper including development of PCR-based assays183 and cell culture.146 Finally, μPADs are being 
developed for a diverse set of applications ranging from the original clinical diagnostic 
applications to environmental applications.7 While the field of paper-based sensors have expanded 
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rapidly, there are many areas that still need addressed. For example, most groups use a single form 
of filter paper, and while successful, it points to the potential for exploring alternative porous 
materials. Alternative porous materials compatible with organic solvents could offer many 
opportunities for continued expansion of the field as well as revisiting the fundamental materials 
chemistry of these devices.  
In the end, the success or failure of μPADs will likely be determined by their use outside 
of academic research laboratories, much like traditional microfluidic devices. While significant 
attention has rightfully been placed on the potential for improved clinical diagnostics, there remain 
many other areas for future expansion. Particularly exciting is the potential for application of 
μPADs for large epidemiology studies where analytical measurements have traditionally been a 
cost limiting factor. In a similar fashion, the low cost and ease of use may open the door to wide 
spread analytical measurements thereby enabling the growing field of citizen science. In fashion 
similar to precipitation monitoring in the United States by everyday citizens,256 μPADs may open 
the door to wide spread environmental monitoring with spatial resolution that has never been 
achieved in previous studies.257 To achieve these endpoints, however, requires continued 
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Self-pumping porous microfluidic devices have attracted significant interest because of 
their low cost and broad applicability in point of care and low resource settings. One limitation of 
many of the devices is sensitivity and selectivity for detection. Electrochemistry can provide a 
sensitive, selective detection method while still using low cost, portable instrumentation as typified 
by handheld glucometers. Here, the development of electrochemical paper-based analytical 
devices (ePADs) is reviewed. Given the importance of electrode geometry and composition, 
fabrication methods are reviewed first. This is followed by a review of example applications 
demonstrated for ePADs. Finally, major accomplishments and future directions are summarized. 
Kat Boehle assisted in writing the biological application section of this review, which was 
published in Electrophoresis.1 
1 Introduction 
Since the inception of microfluidic devices in the early 90’s 2, they have been billed as a 
smaller, faster, less expensive, and easier to operate alternative to traditional analytical 
instrumentation 3. Realization of this vision took longer than predicted but successful production 
and sales of numerous microfluidic devices for applications ranging from separation chemistry 
(both electrophoretic and chromatographic) to protein crystallization supports the impact made by 
this technology on diverse fields 3-5. One area where development has been lacking, however, is 
in the realization of point-of-need monitoring devices applicable to low-resource or in field 
applications. Delays in point-of-need applications have resulted primarily from continued reliance 
on off-chip fluidic pumping and detection equipment. To address this challenge, porous 
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hydrophilic substrates long used in tests ranging from litmus paper to home pregnancy kits 6 have 
been repurposed to create self-pumping microfluidic paper-based analytical devices (μPADs) 7-9. 
μPADs have gained significant attention because they use a common and inexpensive substrate 
material, are capable of performing diverse measurement chemistries, and can be carried in large 
quantities to remote sites and/or resource limited settings. One challenge with μPADs, however, 
has been achieving low detection limits with good selectivity due to a reliance on colorimetric 
detection. Electrochemical detection coupled with μPADs (or electrochemical paper-based 
analytical devices, ePADs) offers a good match for low cost detection while also providing high 
sensitivity and selectivity.  
Since the initial report by Dungchai et al. in 2009 10, ePAD development has continued at 
an exponential rate and is considered to be one of the most promising instrumented detection 
motifs for μPADs because of the availability of low cost of potentiostats and their ability to be 
integrated with common mobile phone platforms 7-9. Selectivity is also a strength of 
electrochemical detection, and can be achieved by controlling the detection potential and/or 
chemically modifying the electrode surface. Low detection limits and high sensitivity can also be 
achieved using electrochemical detection. For example, detection limits at or below 1 ppb have 
been demonstrated for heavy metal detection 11-13, and similar low detection limits have been 
achieved for biological molecules 14,15. This review is the first of our knowledge to summarize 
ePAD development. Electrode fabrication methods are covered first since the electrode shape and 
composition have arguably the greatest impact on ePAD performance. We next describe selected 
applications representing the range of published applications. In developing this review, we have 
relied on standard search engine tools including Google Scholar, PubMed, and SciFinder. We also 
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apologize for not covering all published articles, a task that is impossible within the confines of 
page lengths and given the large number of truly excellent ePAD papers published. 
2 ePAD Fabrication 
The first consideration for ePAD systems is electrode fabrication. In general, electrode 
material dictates available fabrication methods with common electrode materials being carbon and 
noble metals. Furthermore, electrode material typically dominates electrochemical behavior and 
functionality. This section discusses different electrode fabrication methods and the advantages 
and disadvantages of both material types used in ePADs. The most common fabrication techniques 
are presented in Table A2.1. 
Table A2.1 Summary of common electrode fabrication techniques 
Electrode 
Fabrication 
Equipment Electrode Material Disadvantage 
Screen-Printing Customized screen, 
applicator 
Ink/Paste 
carbon or metallic 




resolution, clogging of 
paper pores with 
electrode material 
Stencil-Printing Customized stencil, 
applicator 
Painting Stencil (optional), 
paintbrush 
Pencil/Pen Drawing Stencil (optional), 
pencil/pen filled with 
homemade lead/ink 







Metal Source Expensive and bulky 
equipment, expensive 
starting material 
Wire Application Tape or tweezers to 
manipulate wire 
Microwire 
metallic or carbon 











High reactivity can 





2.1 Carbon Electrodes 
Carbon is an attractive electrode material due to its low cost, ease of fabrication, simplicity 
of chemical modification, and wide potential window in aqueous solvents. Carbon was the first 
material incorporated into ePADs as working electrodes for these reasons 10. Subsequently, many 
examples of carbon electrodes and associated fabrication methods have been published; these 
fabrication methods are summarized here.  
2.1.1 Screen/Stencil-Printing 
Screen-printing was the first, and remains the most common, technique used for carbon 
electrode fabrication 10,16-19. Screen-printing uses a customized screen to pattern the ink onto paper, 
and an example screen-printed device is shown in Figure A2.1A and B. Several methods for 
making patterned screens are available online commercially and by making use of inexpensive do-
it-yourself materials. A common method makes use of photolithography to polymerize a 
photoreactive polymer coated screen around a mask. Another method relies on printing through a 
craft or laser-cut patterned solid film adhered to a silk screen. Simply laser cutting of polymer 
films to form an open mesh has also been demonstrated. The patterned screen is placed on top of 
the paper device and carbon ink (as well as reference electrode materials) is pressed through the 
open screen regions and onto the paper to create electrodes. Once the electrodes are dried they can 
be used as is or further modified for better sensitivity or selectivity. Common inks consist of a 
binder mixed with graphite and/or other conductive forms of carbon such as carbon nanotubes 
(CNTs) 12,20. The mixture can also include chemical modifiers to tune electrochemical detection. 
In the seminal ePAD paper, Prussian Blue (PB) was mixed into the ink as a chemical mediator for 
H2O2 detection 10. Dossi et al. printed a working electrode mixed with cobalt(II) phthalocyanine 
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(CoPC) to electrocatalytically detect thiols 21. Other examples have modified screen-printed 
carbon electrodes (SPCE) with nanoparticles (NPs) 22 or graphene to improve performance 17,23.  
 
Figure A2.1 Images of fabricated carbon electrodes in ePAD devices. (A) Schematic and (B) 
image of screen-printed carbon and silver ink electrodes on a paper-based device for the 
electrochemical and colorimetric detection of gold and iron respectively. Reprinted with 
permission from ref 24. Copyright 2014 American Chemical Society. Stencil-printed electrodes on 
tape with device (C) schematic and (D)image and used for Pb or glucose detection. Reproduced 
from ref 24 with permission of The Royal Society of Chemistry. (E) SEM images of cellulose fibers 
in paper (a) prior to and (b) after application of a drawn pencil lead electrode, and (F) the resulting 
final device for PNP detection with a pencil lead working electrode (WE) and pencil drawn 




Stencil-printing is a related fabrication method that creates masks from solid films such as 
adhesive tape (Example device shown in Figure A2.1C and D) 11 or transparency film 26 instead 
of traditional screen materials. Stencils can be created using low-cost methods such as craft 27 or 
laser cutters 11. Because the electrode material is applied through an open hole instead of a mesh, 
the ink may need to be more viscous to maintain pattern fidelity. The higher viscosity can improve 
electrode conductivity but can also reduce electrode durability and paper adhesion. Both screen- 
and stencil-printing rely on optimizing ink consistency and composition with mesh pore size or 
mask features. Inconsistent ink/paste application and low feature resolution are inherent technique 
limitations. 
  An advantage to using screen-printing for electrode fabrication is that it can be used for 
large-scale production. Currently, screen-printing is used to create electrodes used in commercial 
electrochemical test strips, such as those used in combination with a handheld glucometer 28. 
External electrodes screen-printed on polymer or ceramic materials fabricated in the lab 12,29 or 
purchased commercially 30,31 have also been used in combination with paper devices for 
electrochemical detection. Several options for commercially available modified SPCE on polymer 
are available, including PB modified, which has been used for ePAD detection 18. Metters et al. 
compared the use of SPCE on paper to commercially available SPCE on polyester 32. 
Electrochemical response depended on the type of paper used, and SPCEs on inkjet copy paper 
provided similar physical and measured electrochemical characteristics to commercially available 
electrodes.  
2.1.2 Pencil Drawing 
Another inexpensive and simple fabrication method relies on the use of graphitic pencil 
lead to create electrodes. Santhiago et al. first introduced the concept of incorporating pencil 
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graphite as electrodes for ePAD devices 25,33. Type H pencil lead was used due to low cost, high 
availability, and good electrochemical response (lower peak splitting and greater electrochemical 
reversibility). To make the electrode, the graphite was dipped into epoxy, polished, and then placed 
in contact with the paper device for detection. Pencil lead has also been used to draw electrodes 
on paper for both aqueous and non-aqueous medium detection 34. Figure A2.1E and F shows the 
use of both a pencil lead working electrode and a drawn pencil counter electrode. An SEM image 
of cellulose paper fibers before and after drawing electrodes on paper is shown in Figure A2.1E. 
Both Dossi et al. and Santhiago et al. found that soft lead (higher ratio of graphite to binder) worked 
best to draw conductive electrodes on paper 33,35. The binder material used by different companies 
can cause variability in electrode performance and needs to be considered on a case-by-case basis 
for optimization. Dossi et al. found that leads softer than 4B produced high background capacitive 
current, and a 3B pencil produced the highest redox signal to capacitive current ratio. Instead of 
relying on commercially available pencil leads, Dossi et al. also introduced the concept of 
fabricating pencil leads to control electrode composition 36. Using this method, the pencil lead was 
fabricated to change the binder composition and to incorporate additives such as 
decamethylferrocene or CoPC, to improve performance and to act as a mediator in electrochemical 
detection, respectively. Depending on application, fabricating pencil leads and doping them with 
additives would allow for more sensitive and selective detection. Although hand drawing is a 
simple, inexpensive method, difficulty in reproducible fabrication can occur due to unequal 
pressure application and differences between manufacturers. Pencil has also been used to fabricate 
electronics on paper and a recent review of pencil drawn, paper-based electronics has been 
published 37.  
2.1.3 Other Fabrication Methods 
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Painting carbon ink is an alternative technique that does not require masks or equipment 
aside from an applicator (typically an artist’s brush) for fabrication. Novell et al. used a paintbrush 
to apply a homemade CNT ink to filter paper 20. The paper was then cut into strips and used as a 
potentiometric sensor electrode by applying an ion selective membrane for the detection of 
potassium, ammonium, and pH. Ciniciato et al. was able to produce more reproducible electrode 
geometries by using pre-cut pieces of paper to define the area to be painted 38. The ink consisted 
of carbon black mixed with commercially available carbon inks. A bio-catalyst was added to create 
enzymatic cathode electrodes for use in biofuel cells. The enzymatic electrodes maintained a stable 
current density for over 12 hrs of use. However, while painting is simple, it can result in unequal 
ink application and variable electrode geometries. 
An interesting method of carbon electrode fabrication that does not require a binder was 
reported by Lei et al. 39. Vacuum filtration was used to pull carbon nanotubes (CNTs) through a 
mask to pattern electrodes on filter paper. CNTs were dispersed in DI water with a 1% solution of 
SDS surfactant to minimize aggregation. The CNTs were captured within the open regions of the 
mask on the paper surface in a defined sensor pattern that was then dried in an oven before use. 
By increasing the CNT mass deposited per electrode area, the electrode resistance decreased. The 
fabricated electrodes showed potential for monitoring solution pH, and increasing pH resulted in 
a measured decrease in electrode resistance. However, no information was given on electrode 
stability, adherence to the paper, or solution-based electrochemical performance. 
A similar fabrication method was presented by Wang et al. and relied on a printed wax 
barrier instead of a metal mask to confine a suspension of carboxylated CNTs within paper above 
a SPCE 40. Once the water evaporated a chitosan layer was added to the surface of the CNT coated 
fibers. Gluteraldehyde crosslinking was then used to functionalize the coated CNTs with captured 
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antibodies. The resulting device used the modified paper network as an extension of the SPCE to 
form a unique and high surface area working region for electrochemical sandwich assay detection.  
2.2 Metallic Electrodes 
Metallic electrodes offer different options for tuning electrochemical detection based on 
either inherent electron transfer processes or electrode modification processes. Several examples 
have been published on the fabrication and incorporation of metallic electrodes in ePADs. 
Traditional methods for metallic electrode fabrication including thin film deposition by sputtering 
and evaporation have been used, but many groups have sought to establish easier, lower cost 
fabrication methods.  
2.2.1 Thin Films 
Deposition of metals through evaporation, sputtering, or spraying through a mask have all 
been used to create conductive features on paper 41,42. Carvalhal et al. first presented the use of 
sputtered gold electrodes on polyester for ePAD detection 43. Paper-based flow and separation of 
a mixed ascorbic acid and uric acid sample was detected using amperometry at biologically 
relevant concentrations. Further work by Shiroma et al. used gold sputtered through a metal mask 
to create 200 nm thin film electrodes on the paper surface (Figure A2.2A and B) 44. These 
electrodes were used for the combined detection of paracetamol and 4-aminophenol from a single 
sample by using the paper substrate as a separation channel (Figure A2.2B). The type of paper that 
worked best for separation and subsequent detection was Whatman P81 cation exchange paper. 
Sputter-coating has also been used to fabricate platinum electrodes separately on solid substrates 
which are then placed in contact with the paper device for detection 45. The sputtered electrodes 
were used for the flow injection detection of glucose in urine. In urine samples, glucose reacted 
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with glucose oxidase to form hydrogen peroxide which is then detected amperometrically. While 
these methods yield high-quality electrodes, the fabrication processes require expensive thin film 
deposition equipment, increasing both fabrication complexity and device cost. Spraying 
conductive materials through a mask onto paper has been used to make paper-based circuitry, but 
has not been used for paper-based electrochemical detection 46. This method is of interest due to 
its low cost and capability for large-volume manufacturing. However, when compared to 
evaporation and sputtering methods, spraying suffers from lower resolution and conductivity of 
printed features 41.  
2.2.2 Wires 
Crooks and coworkers recently incorporated free-standing microwires into ePADs (Figure 
A2.2C) 47 following examples used in traditional microfluidic devices 48-50. Microwires have the 
advantage of being lower resistance when compared to carbon ink electrodes. They can also be 
cleaned and/or modified prior to incorporation. As an example Fosdick et al. cleaned gold 
microwires with piranha solution (a mixture of hydrogen peroxide and sulfuric acid) to improve 
electrochemical response 47. The electrodes were then modified to selectively react with positively 
charged analytes by using thiol-based chemistry to attach a self-assembled monolayer with a 
negatively charged terminus to the electrode surface. Using microwires, chemical modifications 
can be done in bulk prior to device incorporation, and chemical cleaning processes can be used 
that would not be possible with ink printed or thin film deposited electrodes on paper. Both single 
microwires and metallic mesh electrodes were incorporated and showed comparable results to 
simulation 47. Though there are many advantages to using prefabricated microwires including 
improved electrochemical response, cost can be a consideration when compared to inexpensive 




Figure A2.2 Images of fabricated gold electrodes in ePAD devices. (A)Image of sputter deposited 
gold electrodes on paper and (B) device schematic with example amperogram for chromatographic 
separation of paracetamol and 4-aminophenol. Reprinted with permission from ref 44. Copyright 
2012 Elsevier. (C) Gold microwire electrode in a hollow channel ePAD device. (a) Image of device 
and resulting (b) scan rate study in 1.0 mM FcMeOH and 0.1 M KNO3. Reprinted with permission 
from ref 47. Copyright 2014 American Chemical Society. (D) Inkjet-printed gold nanoporous 
electrodes on paper with (a,b) images of printed and subsequently grown nanoparticles into 
electrodes. (c) Resulting cyclic voltammetry curves in 0.1 M KCl and 5.0 mM K3Fe(CN)6. 
Reprinted with permission from ref 51. Copyright 2014 American Chemical Society. 
 
 
2.2.3 Other methods 
Pen drawing has been applied to the fabrication of metallic features and electrodes on 
ePADs. Tai et al. used a ballpoint pen filled with ink consisting of 20 wt % silver nanoflakes to 
draw conductive features on weigh paper 52. Ethylene glycol and 2-butoxy ethanol were used as 
co-solvents to promote uniform surface coverage and prevent the pen from clogging by 
suppressing the evaporation rate and controlling the surface energy. After application to weigh 
paper, the nanoparticles were sintered at 200°C for 20 min to form a continuous conductive track 
that maintained a constant low resistivity of 9.4 μΩ-cm for up to 49 days. Liana et al. used a 
calligraphy pen to apply a solution of 1% w/v AuNPs dissolved in ethanol to a nail polish coated 
region of paper 53. The nail polish served to concentrate the applied NPs at the surface of the paper. 
After drying, sintering was performed using a camera flash to remove the stabilizing molecules 
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and increase conductivity. The authors compared the calligraphy pen method to inkjet printing and 
drop casting and found that while inkjet printing automated the AuNP application, it required 
several layers of printing as well as a significant drying time between print cycles to create a 
conductive film. Drop casting into a mold formed cracks and voids that reduced conductivity. A 
pen-based fabrication method allows the user the freedom to draw designs directly, but is limited 
by low-throughput and irreproducibility in manufacturing. Drawing with stencils can help to 
improve device reproducibility. 
Inkjet printing for electrode fabrication is of interest because of its applicability to mass 
production. Silver electrodes and connections have been printed by Yang et al. and Fobel et al. 
using commercially available silver nanoparticle inks 54,55. Gold electrodes have also been printed 
using AuNPs (15 wt %) dispersed in xylene as the ink 56. The electrodes were cured and sintered 
using an IR drier for 10-15 s until the color of the electrodes changed from black to gold. Hu et al. 
printed multiple layers of AuNPs to increase the surface coverage while still maintaining print 
resolution (Figure A2.2D) 51. In this example, the deposited AuNPs were used as seeds for the self-
catalytic growth of the NPs from a plating solution. Lessing et al. compared the inkjet printing of 
three commercially purchased inks; silver nanoparticle ink, reactive silver ink (silver ink that forms 
silver particles upon drying 57), and carbon ink 58. Highly conductive wires (25 cm x 120 μm) were 
printed using 5 layers of printing on omniphobic paper to prevent ink spreading. The authors found 
that the reactive silver ink was the most conductive printed material (4 ± 1 Ω) followed by printed 
silver nanoparticles (10 ± 4 Ω), and with carbon ink showing the greatest resistance (76 ± 2 Ω). 
Inkjet printing has also been used to modify screen-printed electrodes with polyaniline (PANI) to 
enhance detection sensitivity 59. Although this technique has value in mass production, several 
layers of material are typically required to generate electrodes conductive enough for detection. 
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2.3 Other Electrode Types 
2.3.1. Microelectrodes 
While most ePADs have used macroscale electrodes, there is significant interest in 
fabricating devices with microelectrodes because of the enhanced signal-to-noise ratio that can be 
achieved with this electrode format. Santhiago et al. published the first example of carbon 
microelectrode fabrication for ePAD detection (Figure A2.3) 26. A technique similar to stencil-
printing was used, however, instead of printing directly onto the paper, 250-μm wide holes were 
laser etched into a transparency sheet and backfilled with carbon paste (Figure A2.3A). The 
backfilled hole created an elliptically shaped (due to the laser ablation process) microelectrode for 
electrochemical detection when placed in contact with a paper-based device. The use of multiple 
backfilled holes sharing a common electrical connection on the back of the transparency was used 
for microelectrode array detection. Increasing the number of microelectrodes in an array increased 
the limiting current for the sigmoidal cyclic voltammetry curves (Figure A2.3C). Because the 
microelectrodes were fabricated from carbon paste, a mediator, CoPC, could be directly mixed 
into the paste and used to catalytically detect cysteine. The use of CoPC resulted in a large 
measured catalytic constant, while increasing the number of connected microelectrodes resulted 




Figure A2.3 Carbon microelectrode fabrication. (A) Optical profilometry image of stencil-printed 
carbon electrodes in a four electrode array within a transparency film mask. (B) Final device image 
and (C) Linear scan voltammetry of one electrode or four electrode array in 5 mM Fe(CN)64– in 
0.5 M KCl. Reprinted with permission from ref 26. Copyright 2013 American Chemical Society. 
  
 
2.3.2 Nanoparticle Modification 
Deposition of NP’s to modify printed electrodes has been of interest as well. NPs have the 
advantage of adding conductive material capable of alternate chemical functionality and increasing 
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electrode surface area. Yang et al. electrodeposited PtNPs onto commercially available SPCE 60. 
The addition of Pt catalyzed the oxidation of hydrogen peroxide and increased the measured 
current response at the electrode surface. Cunningham et al. also used electrodeposition to form 
gold clusters on the working electrode surface 22. The gold served to increase the electrode surface 
area and enabled the attachment of capture aptamers using gold-thiol chemistry.  
As mentioned previously for carbon electrode fabrication, one method for electrode incorporation 
has relied on modifying cellulose fibers above a SPCE by adding conductive graphene or CNTs to 
form a working zone for detection 17,40. Further work conducted by Lu et al. deposited AuNPs 
from solution onto graphene modified cellulose fibers 14, The addition of AuNPs provided a 
sensitive and stable platform for DNA detection. Instead of using graphene or CNTs to coat 
cellulose fibers, Ge et al. grew AuNPs over the fiber surface to create a unique working electrode 
that formed an interconnected layer 61. Several variations to this process have been modified and 
published for detection 62,63. Other materials grown on cellulose include AuNPs with a PANI 
coating 64, nanoporous 65 or cuboid 66 AgNPs, gold nanorods 67, platinum nanospheres 68, gold and 
manganese oxide nanoparticles 69, and gold-palladium alloy nanoparticles 70. These fabrication 
methods provide high conductance and surface area electrodes for detection. In a unique example, 
Ge et al. incorporated a molecularly imprinted polymer onto the surface of porous AuNP coated 
cellulose fibers above a SPCE for the detection of gluconic acid 71. The device had a limit of 
detection of 0.2 nM, showed little interference from structurally similar species found in biological 
samples and had comparable results to HPLC for measured serum samples. 
2.3.3 Reference Electrodes.  
Reference electrodes play an important role in ePAD function. Devices commonly 
incorporate pseudo-reference electrodes using the same material as the working electrode (Figure 
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A2.1F and 5A). Ag or AgCl reference electrodes can offer a more stable and consistent potential 
for electrochemical detection and thus better response. Screen (Figure A2.1B) 10 and stencil-
printing (Figure A2.1D) 72,73, and ink painting 74 have been used to create Ag/AgCl reference 
electrodes on paper. Lan et al. incorporated stencil-printed silver electrodes in a unique device 
design to create a stable reference electrode shown in Figure A2.4 72. Because the reference 
potential relies on the concentration of chloride ions, a separate zone for the reference electrode 
was created (Figure A2.4A-C)). A reference solution with a known and constant concentration of 
Cl- was applied to this zone. Sample was added to a separate zone that contained the working and 
counter electrodes. Both the sample and reference zones were connected by a central channel that 
acted similar to a frit found in conventional reference electrodes. When the device was sealed with 
tape, a constant reference potential was maintained for ~1.5 hrs (Figure A2.4D). Recently, 
homemade pencil leads doped with Ag or AgCl were presented by Dossi et al. and also used to 
fabricate reference electrodes 75. Carbon powder was modified with Ag or AgCl and then mixed 
with sodium bentonite and sodium silicate to act as binding and hardening material, respectively. 
The drawn reference electrodes showed good reproducible performance when small amounts of 




Figure A2.4. More stable ePAD reference electrode design. (A) Schematic and (B) image of 
screen-printed carbon and silver ink electrodes on paper device. (C) Device design for continuous 
application of reagents and (D) the resulting constant potential cyclic voltammograms with time 
with 1 mM K3[Fe(CN)6] as the sample and 1M KCl as the reference solution. Reprinted with 
permission from ref 72. Copyright 2013 American Chemical Society.  
 
 
3 Applications of ePADs 
3.1 Environmental Applications 
3.1.1 Metals 
There has been a strong interest in developing point-of-need sensors as part of an effort to 
better combat the impact of pollution on the environment and human health. Environmental 
monitoring of metal pollution in both air and water is a specific area of increasing interest due to 
the adverse health and environmental effects associated with exposure. However, current detection 
methods are expensive, time consuming, and typically require use of a centralized laboratory 12. 
204 
 
Paper-based detection offers an alternative, fast, inexpensive analysis platform for metals det ction 
that can provide a better understanding of the correlation between disease and exposure. Detecting 
industrial exposure of metals within a workday or associated with a specific task, for example, can 
lead to better exposure mitigation and a safer workplace. Although colorimetric detection can rely 
on simple visual interpretation, electrochemistry offers an alternative, more sensitive and 
quantitative detection technique. The first examples of metal analysis were published by Nie et al. 
11 and Apilux et al. 24. Nie et al. used square wave anodic stripping voltammetry (SWASV) in 
stagnant solutions to detect Pb as a first report of this technique on paper from the Whitesides 
group (Figure A2.1C and D) 11. They found improved sensitivity for SWASV Pb detection when 
paper was used to wick the sample solution over the electrodes relative to stagnant solution. Apilux 
et al. combined electrochemical detection with colorimetric detection to allow for interfering 
species identification (Figure A2.1A and B) 24. Using a multiplexed paper-based device, Au(III) 
and Fe(III), both industrial waste products, were detected simultaneously using square wave 
voltammetry (SWV) and colorimetric detection respectively. Fe is an interfering species in the 
electrochemical detection of Au and colorimetric detection was used to screen for the presence of 
Fe levels that interfered with the Au analysis.  Expanding on Mentele et al. multiplexed 
colorimetric μPAD work 76 and Rattanarat et al. colorimetric Cr determination 77, Rattanarat et al. 
created a paper-based device that incorporated the advantages of both colorimetric and 
electrochemical detection for the measurement of six metals from a single sample (Figure A2.5) 
78. The device separated detection modes on different layers, allowing for unique chemistries to be 
incorporated for enhanced selectivity and sensitivity. The colorimetric detection layer contained 
detection regions with reagents for the separate and simultaneous detection of Fe, Ni, Cr, and Cu. 
The electrochemical detection layer modified the electrode with ferricyanide and bismuth prior to 
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detection to minimize Cu interference on Cd detection and to form an amalgam, respectively, 
without interfering with the colorimetric detection. SWASV was used to simultaneously detect Pb 
and Cd at the transparency film-based SPCE. Detection limits as low as 0.25 ng for Pb and Cd and 
0.75, 0.75, 0.75, and 0.12 μg for Fe, Cu, Ni, and Cr were achieved for electrochemistry and 
colorimetry, respectively. Aerosolized metals eluted from filter punches were detected as proof-
of-concept. Shi et al. detected Pb and Cd using SWASV at SPCEs with Bi added 29 for application 
to water samples. A strip of paper continuously wicked sample across the electrodes causing an 
increase in metal accumulation relative to stagnant samples. Detection limits as low as 2.0 and 2.3 
ppb were obtained for Pb(II) and Cd(II) , respectively, and real samples including artificially 
contaminated ground water and soda water were successfully measured. ePAD analysis of heavy 
metals is of continued interest due to the inherent low cost and ease of use that can be achieved. 
Further applications covering metals like Zn, Tl, and other highly toxic species are of particular 





Figure A2.5. Combined colorimetric and electrochemical paper-device for metals detection. (A) 
Device design scheme with screen printed carbon electrodes on transparency film below the 
colorimetric detection top layer. (B) Scheme for filter punch for analysis of aerosol metals and 
example resulting SWV electrochemical detection and colorimetric detection. Reprinted with 
permission from ref 12 Copyright 2014 American Chemical Society. 
 
 
3.1.2 Other Environmental Applications 
Toxic environmental contaminants such as pesticides and insecticide can be found both on 
food and in water samples. Santhiago et al. developed an ePAD device for the detection of p-
nitrophenol (PNP), as an example biodegraded pesticide product (Figure A2.1E and F). Using a 
graphite pencil electrode, PNP was directly detected using differential pulse voltammetry (DPV) 
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and a detection limit of 1.1 μM was obtained. In a unique use of technology, a quick response (QR) 
code, shown in Figure A2.1F, was also incorporated into the device to provide the user with rapid 
access to device and PNP information. Results showed efficient recovery from spiked water 
samples. 
Environmental contamination is not the only area of ePAD development, and the detection 
of antioxidants found in food products has been of increasing interest, due to the role they play in 
reducing oxidative damage and disease control. Tee-ngam et al. published the detection of ferulic 
acid, an antioxidant found in plants that has a long lifetime in the blood 79. DPV was used to detect 
the oxidation of ferulic acid with a detection limit of 1 ppm. Detection of ferulic acid in complex 
samples such as corn cider, milk and cosmetics found comparable results to HPLC without the 
need for expensive instrumentation. Antioxidant and pesticide detection are only a few examples 
of environmental application. Aside from metals detection, however, little work has been done on 
the detection of other environmental contaminants of interest, and remains an area of future ePAD 
research. 
3.2 Bioanalytical applications 
3.2.1 Metabolites 
Metabolites are not only key indicators of health and disease monitoring, but also play an 
important role in drug discovery and metabolism. The first ePAD device developed simultaneously 
detected glucose, uric acid, and lactate, all metabolites used in clinical testing, from serum samples 
(Figure A2.6A) 10. The device was multiplexed to wick sample from an inlet to three separate wells 
containing PB-modified SPCEs (PB-SPCE) and reagents specific for detection of each metabolite. 
The PB-SPCEs were used to amperometrically measure oxidase enzymatic activity in the presence 
of each species. Paper-based devices made to mimic commercially available ceramic test strips 
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have been used for detecting glucose, lactate, and ethanol (Figure A2.6B) 28. This work presented 
by Nie et al. shows the feasibility of moving ePADs into point-of-care settings using existing 
technology. In an attempt to create a device without the need for an external power source, Liu 
and Crooks created an all-in-one battery-powered device for glucose detection (Figure A2.6C) 80. 
The device consists of an electrochromic display created from the deposition of a PB spot on an 
indium-doped tin oxide (ITO) thin film. The addition of urine introduces both analyte and 
electrolyte. Glucose oxidase simultaneously reacts with glucose and reduces Fe(CN)63- to 
Fe(CN)64-. The Fe(CN)64- then reduces at the ITO electrode and causes the PB to react and change 
to a colorless product. No color change occurs when no glucose is present. A similar reaction 
scheme using horseradish peroxidase (HRP) was also presented, but instead reacted to cause the 
indicator spot to appear (turn blue) in the presence of H2O2. Although the device uses colorimetric 
detection in the form of an electrochromic display, this paper shows the use of incorporating a 
built in battery for simple and inexpensive power and subsequent detection. While paper-based 
batteries are of significant interest for powering ePADs, this review does not cover their 






Figure A2.6. Biological ePAD devices. (A) Multiplexed device with PB modified working 
electrodes for the enzymatic detection of glucose, lactate, and uric acid. Reprinted with permission 
from ref 10 Copyright 2009 American Chemical Society. (B) ePAD test strip designed to work with 
a handheld glucometer. Reprinted with permission from ref 28 with permission of The Royal 
Society of Chemistry. (C) Battery powered ePAD device for glucose or hydrogen peroxide 
detection, depending on reagents used. Reprinted with permission from ref 80 Copyright 2012 
American Chemical Society. 
 
 
Paper devices provide the added benefit of being able to incorporate layers of functionality. 
Electrochemical glucose detection from whole blood must be done in serum due to interference 
from hemoglobin and the cellular consumption of glucose, both of which change the measurable 
glucose content. Noiphung et al. presented an ePAD device that incorporated blood separation 
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zones made from VF2 membranes, where whole blood could be placed 31. S rum was then wicked 
from these regions to a detection zone. The detection zone contained glucose oxidase and was in 
contact with a PB modified SPCE for the electrochemical detection of glucose. 
Aside from enzymatic detection, the direct detection of metabolites such as uric acid and 
ascorbic acid using amperometry was reported by Carvalhal et al. 43. Both these species, however, 
are detected at the same potential, and without separation would not be distinguishable when 
measuring mixed samples. Chromatographic separation of the two species was detected at gold 
electrodes sputtered on polyester in contact with Grade 1 Chromatography paper. Detection limits 
as low as 0.02 mM were obtained; however, no real samples were analyzed. While the time for 
analysis was found to be similar to conventional HPLC analysis times, the paper-based method 
had the advantage of not needing expensive instrumentation. As an alternative, Dossi et al. used 
pencil drawn electrodes on Whatman #1 filter paper to simultaneously detect paracetamol or 
dopamine mixed with ascorbic acid without the need for separation, thus shortening analysis 82. 
Two working electrodes were used in a flow channel and the comigration of both species was 
detected using oxidation detection at the first electrode. Ascorbic acid has nonreversible 
electrochemical behavior, and once it is oxidized at the first electrode, only the second species is 
detected using reduction at the second electrode. Detection limits as low as 5 μM and 6 μM for 
dopamine and paracetamol were obtained. However, issues with interference from ascorbic acid 
at high ratios can occur. While analysis of biological samples for dopamine would not be practical 
based on this ratio, the ratio of paracetamol to ascorbic acid found in drugs does not affect 
detection. Kit-Anon et al. also selectively detected ascorbic acid in the presence of uric acid using 
a PANI modified SPCE 59. A detection limit of 30 μM ascorbic acid was obtained using 
amperometry with no interference from uric acid; however, acetaminophen was found to interfere 
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at concentrations above 140 μM. While good sensitivity was accomplished using this device 
compared to more traditional electrodes, the authors suggest that doping the PANI layer could 
improve performance further. 
3.2.2 DNA and Proteins    
Immunoassays to detect macromolecules such as proteins on ePADs have been of interest 
to meet the inexpensive, sensitive, and fast requirements for point-of-care testing 16,83. Zang et al. 
first combined the use of electrochemical immunoassays with paper-based devices for the 
detection of protein cancer markers within a multiplexed device 84. Antibodies bound to 
chitosan/CNT modified cellulose fibers in contact with a SPCE were used to capture -fetoprotein 
(AFP), carcinoma antigen 125 (CA125), carcinoma antigen 199 (CA199) and carcinoembryonic 
antigen (CEA). HRP labeled antibodies were then used to label the captured proteins. A total 
incubation time of only 4 minutes was used to generate enough 2,2’-diaminoazobenzene, which 
was subsequently detected using DPV at -0.57 V vs Ag/AgCl. Limits of detection for AFP, CA125, 
CA199, and CEA in standard solutions were 0.01ng·mL-1, 6.0 mU·mL-1, 8.0 mU·mL-1, and 5.0 
pg·mL-1, respectively. Later work by Wu et al. used an alternative tag to amplify signal response 
and increase detection sensitivity. Silicon dioxide nanoparticles modified with multiple HRP 
enzymes bound to the surface were used to amplify the consumption of substrate per tagged protein 
antigen, and sub pg·mL-1 detection limits were obtained using this tag. As discussed in the 
fabrication section, several methods for increasing sensitivity by using NPs to modify the cellulose 
network above a SPCE have been published for detection of both protein cancer markers 
64,66,69,70,85,86 and whole cancer cells themselves 87-89. In combination with these methods, several 
different tags have been presented as alternative detection techniques or to enhance 
electrochemical immunoassay detection. For example, the dual detection of CEA and AFP was 
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presented by Li et al. using nanoporous AuNPs functionalized with chitosan to adsorb metal ions 
65. Pb2+ and Cu2+, absorbed to tags for CEA and AFP respectively were then used to simultaneously 
detect both species captured on AgNP modified cellulose fibers using SWV. Detection limits as 
low as 0.06 and 0.08 pg mL-1 were obtained and no significant difference was found from the 
reported content in tested serum samples. As a way to preconcentrate analyte, Scida et al. used a 
magnet behind the working electrode to pull magnetic beads bound to tagged analyte (AgNP-
biotin-streptavidin-magnetic bead complex) to the electrode surface 90. The AgNP tag was then 
used for the quantitative and nonenzymatic detection of the analyte using SWV with a low 
detection limit of 767 fM. 
Aside from antibodies, aptamers for small molecules 91, protein 22, DNA 22, and cellular 
detection 68 have also been studied. Liu et al. used aptamers to selectively bind cancer cells to PtNP 
modified cellulose fibers above a SPCE 68. The release of hydrogen peroxide from the cancer cells 
due to apoptosis was then catalytically detected at the PtNP surface using cyclic voltammetry. It 
was found that current increased linearly with the number of captured cells and various drugs used 
to induce apoptosis were applied to the cells as a proof of concept. Cunningham et al. showed the 
use of target-induced conformational switching using aptamers attached to AuNP modified SPCE 
22. Using either an aptamer specific to thrombin or a stem-loop aptamer specific for a DNA 
sequence, the presence of the target analyte moves the methylene blue redox probe away from the 
electrode surface, resulting in a decrease in signal. Detection limits as low as 16 nM and 30 nM 
were achieved for ssDNA and thrombin detection, respectively. Similarly, instead of aptamers, Lu 
et al. incorporated the use of a ssDNA probe bound to AuNP-graphene modified cellulose fibers 
to detect the complimentary sequence from solution 14. The captured DNA strand was then reacted 
with a second complimentary DNA sequence bound to thionine labeled AuNP. The tagged DNA 
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was subsequently detected using DPV to measure the thionine content and a 2 x 10-19 M detection 
limit was achieved. DNA sensors such as these could have many applications including forensics, 
genetics, clinical diagnostics, and environmental monitoring. 
3.3 Other Applications  
3.3.1 Potentiometric Detection 
Potentiometric detection of ions in solution using commercially available ion selective 
membrane (ISM) electrodes has found use in clinical testing, environmental monitoring, and 
quality control. Recent work has incorporated paper as a lower cost and disposable platform for 
one time use tests 20,92. Szucs et al. created a unique system using ISMs to detect immunoglobulin 
E quantitatively in paper 93. Spot tests of IgE were incubated with immunoglobulin E aptamer 
conjugated AuNPs, followed by the deposition of silver onto the AuNPs. The application of 
hydrogen peroxide oxidized the silver to form Ag+ ions that were subsequently detected using a 
silver ISM electrode in contact with the paper. Lisek et al. used traditional ISM electrodes in 
contact with sample saturated paper for the detection of Cd(II), Pb(III), and Cl- 94. Results showed 
that ionic interactions with the paper influenced detection and would need to be taken into 
consideration for further device development. Despite some limitations this technique showed 
application toward detection in samples with high solid impurities content, such as in food or 
water. A fully paper-based device was presented by Lan et al. 92. Screen-printed silver electrodes 
on paper coated with an ISM layer have also been used for the potentiometric detection of ions. 
The devices have the advantage of being disposable and inexpensive, therefore, lowering the risk 
of cross-contamination. While the detection of Cl−, K+, Na+, and Ca2+ is possible in biologically 
relevant concentrations, the device suffers from some drift in electromotive force that results in 
larger detection variability when compared with conventional ISM detection. 
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3.3.2 Electrophoresis and Isotachophoresis 
Electrophoresis has been extensively studied within glass and polymer devices for the 
separation and subsequent detection of ions and macromolecules. While there are advantages to 
using these platform materials, paper brings its own inherent advantages and has also been used 
for separation. Recently both proteins 95 and small molecules 96 have been separated using paper-
based devices. Metal ion complexes have also been detected and their electrochromatographic 
separation in a paper-based device was presented by OuYang et al. 97. The device used two wires 
on opposite ends of a separation channel to apply potential and cause different metal ion complexes 
to separate in the channel. Although no detection scheme aside from visual color band formation 
of colored metal products has been merged with this device, it shows promise for electrochemical 
detection of multiple metal species in a paper-based channel. Isotachophoresis in paper was also 
presented as a pretreatment step to concentrate analyte and amplify detection signal (Figure A2.7) 
98,99. As a proof-of-concept, Moghadam et al. used focused a fluorescent dye between a leading 
and trailing electrolyte with higher and lower effective electrophoretic mobilities, respectively, in 
nitrocellulose. A 900-fold increase in signal was measured using this method with a sample 
extraction efficiency ranging from 60% from a 100 μL solution or up to 90% with smaller sample 
volumes. A disadvantage to both of these techniques is the need for an external, bulky, and 
relatively expensive power supply. Chen et al. recently developed a paper-based battery capable 
of producing the several mW of power necessary for electrophoretic separation 100. As a proof of 
concept, anionic methylene blue was separated and concentrated from solution in a Y-shaped 
device. At present, no work has yet been published incorporating electrochemical detection with 





Figure A2.7. Isotachophoresis in paper. (A) Image of device (B) concentration of analyte from 
sample due to an applied potential with time. Reprinted with permission from ref 98 Copyright 
2012 American Chemical Society. 
 
 
4.0 Summary and Outlook 
In the years since the initial publication of ePAD devices for glucose, lactate, and uric acid 
detection, the field has grown tremendously. Creative methods for fabricating electrodes have 
allowed for an array of materials to be incorporated with a resulting increase in applications and 
performance. At present, performance of these systems has begun to rival many traditional 
electrochemical sensors with the added advantage of providing a self-pumping microfluidic 
network for fluidic transport and sample pretreatment. Despite these advances, however, much 
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remains to be done. Examples of fully integrated systems that either take care of all sample 
preparation steps or are connected to simplified electronic systems are limited to a handful of 
papers. At the same time, the future for this field lies in this direction and could produce substantial 
impacts for areas as diverse as in-home medical diagnostics and citizen science. There is also a 
continued need for fundamental improvements in the devices themselves, with an emphasis on 
how we can combine the unique advantages of self-wetting porous networks with the power of 
electrochemistry to address applications outside of the normal domain envisioned for 
electrochemical sensors. To this end, devices combining electrochemical detection with unique 
separation capabilities might provide unique opportunities to address problems in complex 
environmental and biological sample analysis. Ultimately, however, the success in this field will 
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APPENDIX 3. INDEPENDENT RESEARCH PROPOSAL: SWEAT PATCH  
 





Maintaining a proper balance of protein/amino acids in the diet is a key factor to ensuring 
a healthy lifestyle. Muscle development in athletes for example relies on the proper dietary intake 
and production of amino acids (AAs) to improve muscle recovery and maintain optimal 
performance.1 Endurance and strength training athletes require large amounts of protein (1.2 to 1.7 
g of protein per kg of body weight) to maintain optimal health.2 T is range is 150 to 250% (0.66-
0.78 g/kg/d) greater than what the Unites States Recommended Dietary Allowances (RDA) 
recommends for the average adult person.3 While recommended protein intake can be met by diet 
alone, protein/amino acid supplements have become one of the most popular dietary supplements 
for athletes and non-athletes as well.4 However, the consumption of too much protein has been 
linked with several negative health problems including; bone and calcium homeostasis, renal and 
liver function disorders, and an increased risk of cancer.5 While in the opposite direction, too little 
protein/AA intake can result in its own deficiency disorders.6,7 Muscle degeneration for example 
is a common problem in older adults (>55 yrs), and some studies have indicated that the RDA for 
older adults may be too low to maintain skeletal muscle.8,9 Aside from individuals developing 
disorders from improperly balanced AA/protein intake, patients can be born with AA metabolism 
disorders such as phenylketonuria (PKU). While these disorders are relatively rare (~1/5000 births) 
they require treatment and specialty lifelong diets.10,11 
Although AAs play a significant role in our lives and have shown promise as indicators of 




Alzheimer18), detection of these species has been limited to laboratory-based testing from blood 
and urine samples. Sweat offers a non-intrusive and painless method for detecting and has been 
used for the simple and painless detection of cystic fibrosis based on sweat patch detection of 
elevated chloride levels.19 However, sweat has not been tested for correlation with AA 
abnormalities and concentration trends related to disease state to the best of our knowledge. 
Currently, no personal monitoring methods are available for the detection of AAs in sweat, and 
detection relies on the use of large, expensive, and complex equipment for detection. Correlation 
of AA content with other species such as lactate and uric acid, both of which are found in sweat, 
could prove insightful and more comprehensive in understanding proper diet, exercise, disease 
profiles. Developing a low-cost wearable sensor would allow broad-based testing to determine 
what correlations exist, if any, between AA levels in sweat and disease states. Both lactate and uric 
acid have been detecting using more portable, inexpensive, and simple to use detection schemes 
with microfluidic paper-based devices (μPADs). This same technology has the potential as a 
platform for AA detection. Recent advances in personal health monitoring via wearable or portable 
detection methods (i.e. heart rate and pressure, glucose, temperature, steps, breathing, etc.) are 
leading to improved health awareness and the ability to detect and treat individual patient needs. 
While a few companies and published papers have developed sensors for sweat rate 
monitoring,20,21,20 few have looked into detecting analytes within sweat using wearable or portable 
detection methods, and μPADs have the potential to fill the gap. 
Our hypothesis is that μPADs can be developed into disposable, personal sweat monitoring 
devices for the semi-quantitative determination of sweat rate and AA, lactate, and uric acid content 





Aim 1:  Develop multi-layer, single analyte paper-based spot tests for the enzymatic 
detection of individual AAs, total AA content, and uric acid and lactate 
concentrations. Wax-printed paper devices will be used to detect analytes from neat 
sweat-mimicking solutions using specific enzymes and reagents drop-cast into individual 
wells. Color pallet comparison and both cell-phone and flatbed scanners in combination 
with image analysis software will be used to semi-quantitatively determine colorimetric 
response within biologically relevant ranges. 
Aim 2. Develop a sweat rate monitoring patch with wax defined detection regions 
using a radio frequency identification (RFID) tag to monitor the rate of sweat 
saturation within the device. Using stencil-printed and commercially available RFIDs in 
contact with the paper-based device, changes in paper saturation will be monitored by 
measuring the resulting RF changes of the antennae. 
Aim 3: Validate the performance of the μPAD device from subjects, and compare 
results to HPLC detection and urine and plasma results. Trained and non-trained 
individuals will conduct sedentary activity to strenuous exercise while wearing the sweat 
patch with periodic measurements taken for sweat rate. The resulting dried sweat patch 
will then be measured colorimetrically and results will be validated using HPLC from 
punches taken from the patch as well as corresponding samples taken from both urine and 
plasma samples. 
Aim 4: Use the sweat patch to determine variations and profiles of sweat AAs, lactate, 
and uric acid concentrations in patients with disease. Patients with Type 2 diabetes, 
Type 2 diabetes with cardiovascular disease, and cardiovascular disease patients only will 




The development of an inexpensive and disposable device that meets the above aims will 
provide a greater understanding into the sweat rate and content of healthy trained and untrained 
individuals. The current study provides a baseline for detecting defects of key markers found in 
the sweat of diseased patients and healthy patient controls. This technology would also allow both 
individuals and healthcare professionals/researchers to easily follow long term variability and 
patterns in nitrogen cycle and hydration losses and corresponding overall health. Due to the cost 
restrictive nature, size and complexity of the current detection methods for sweat, few studies have 
been done on healthy and disease profiles of sweat, especially as it applies to the development or 
progression of a disease. With this new technology, a basis for developing possible early detection 
of diseases or disorders that are reflected in molecular imbalances within sweat is possible. 
Background and Significance 
The most common biological sample used to measure health biomarkers and health status 
of an induvial is blood. Blood, however, requires a painful sampling method, and because it results 
in a breach of the epidermal layer, complications can arise due to infection or contamination of the 
patient’s blood and surrounding tissues. While urine is a less painful sampling method, it can be 
difficult for the patient when a catheter is used or to obtain on a timely basis. Sweat is a complex 
biological matrix that contains many of the same biomarkers used for detecting the health status 
of an individual that are found in blood and urine. Current studies on sweat constituents have 
linked molecular imbalances in sweat with cystic fibrosis,19 levels of fitness training,12 as well as 
alcohol and drug use.23-25 Sweat offers a simple and painless alternative sampling technique that 
is currently accomplished by either directly collecting sweat into containers or by use of a weat 
patch. It can be difficult to obtain enough sweat to directly collect into a container, so sweat patches 




holding the solution within the porous matrix, and maintaining a seal to prevent contamination 
until ready for removal and analysis. Several markers in urine and blood including AAs, lactate,26 
and uric acid, have been found to correlate with disease or health status, but have not been 
extensively studied in sweat. This is probably due to detection limitations for using sweat as a 
method for health monitoring. 
Current Sweat Assessment Techniques are Expensive, Lack Portability, and are Time Intensive. 
The most common techniques used to assess constituents such as AAs or drugs within 
sweat are large bulky instruments that are expensive and require specially trained personnel to run. 
Gas chromatography-mass spectrometry (GCMS), liquid chromatography-mass spectrometry 
(LCMS), high performance liquid chromatography (HPLC), and ion-exchange chromatography 
(IEC) have all been used to separate out individual components found within sweat for 
detection.25,27,28 Because sweat samples must be sent to a laboratory for analysis, it can take a long 
time to get results or to monitor analytes multiple times for long periods of time making it highly 
inefficient and expensive. 
Proposed Technology Benefits.  
The proposed μPAD technology relies on the easy, pain-free sampling and reaction of 
analytes using paper-based enzyme reactions that can be detected within a short period of time 
after sampling (<30 min reaction times) on location. These reactions are selective, sensitive and 
result in a visual color formation that can be detected using portable visual comparison to a color 
chart or image analysis software, and without the need for expensive personnel or instrumentation. 
Because the paper is self-wicking, no external pumps are needed, and reaction volumes are 






The proposed technology will allow for the first time, individuals to monitor key health 
markers from sweat using a noninvasive, simple and easily accessible sampling technique when 
compared to more traditional blood, urine, and fecal sample analysis. The current methods for 
sweat analyses of AAs relies on large expensive instrumentation, specialized facilities, and trained 
personnel for detection. This results in a significant decrease in cost and makes testing available 
to individuals on a disposable platform.  A key feature to this system will be the ability to use an 
RFID and portable detection to easily measure sweat rate and correlate results with the enzymatic 
determination of AAs on a paper-device platform for the first time. This system will be correlated 
with standard detection techniques and will give insight into diet and exercise profiles and the 
nitrogen cycle for individuals by measuring once a day or several times a day, depending on 
activity, for long periods of time. Beyond healthy individuals this will give easier access to 
monitoring disease AA, lactate, and uric acid profiles in sweat. Increases in  phenylalanine and 
tyrosine have been linked with diabetes and cardiovascular disease development (CVD),16 but have 
not been studied in sweat. L-alanine has also net been studied in sweat and has been linked to high 
blood pressure, cholesterol, and BMI. Understanding changes in sweat profiles could lead to a 
simple and inexpensive method for preventative detection, and early disease diagnosis. 
Approach 
Aim 1:  Develop paper-based spot tests for the enzymatic detection of individual AAs, total 
AA content, and urea and lactate concentrations. 
Paper-based spot tests will be fabricated on filter paper substrates using a wax printer. Each 




optimized and calibrated in neat samples mimicking buffered sweat conditions using both a flatbed 
scanner and cell phone camera detection methods. 
 
Figure A3.1 A) Wax-printed paper-based device fabrication scheme and B) example printed 
device layout for multiplexed metals detection with C) colorimetric detection of metals from a 
single sample (B and C from Ref 41). 
 
Introduction to μPADs.  
Since 2007, when Whitesides and coworkers published the first example of μPADs for the 
multiplexed, colorimetric detection of glucose and protein in urine samples,29 there has been a 
steady growth in the use of paper as a platform for analytical detection.30,31 More traditional 
microfluidics materials such as polymers often require external pumps for fluid flow and can be 
bulky and expensive. Because paper is an inexpensive, easily modified, disposable and self-
pumping platform, it possesses the ideal characteristics necessary for this proposal as a wearable 
single-use test capable of detecting multiple analytes at once. Fabrication of paper devic s uses 
techniques to pattern hydrophobic materials, such as simple, fast, and inexpensive wax-printing 
and can be easily scaled up for mass production.32 Wax-printing patterns hydrophobic wax on the 
surface of the paper that is then melted through paper’s cellulose matrix to create a three-





without flow,33,34 or more complex flow designs with channels created horizontally35-37 or 
vertically through multiple layers of paper to create three dimensional devices with small footprints 
and capable of incorporating multiple layers of functionality and fluid manipulation.38-40 Figure 
A3.1B and C shows a one layer multiplexed device with wax-printed hydrophobic barriers that 
contains a central sample inlet with hydrophilic channels leading to sample treatment zones and 
then detection regions each containing unique combinations of reagents for detection of individual 
metal analytes.41 
Colorimetric Detection of Small Molecules.  
There are several approaches to detecting small biomarker molecules such as lactate, uric 
acid, and AAs from biological samples. While electrochemical,42,43 chemiluminescence,44,45 
electrochemiluminescence,46,47 and fluorescence48,49 detection are all possible and have their own 
advantages, colorimetric detection has been a preferred method for paper-based detection due to 
its simple application and easy to interpret and detect results.50-52 Colorimetric paper-based 
detection relies on either a visual comparison to a color chart53 or an image analysis software for 
quantifying color intensity relative to analyte concentration.54 Both lactate and uric acid have been 
detected on paper-based devices from serum and urine samples using colorimetric enzymatic 
reactions.51,52 Enzymatic assays provide selective and sensitive detection of small molecules and 
Figure A3.2 shows the enzymes reactions necessary for paper-based detection of lactate, uric acid





Figure A3.2 Enzyme reactions for each analyte. 
 
After reacting with a specific analyte oxidase enzymes produce hydrogen peroxide as a product 
that is then further reacted with a peroxidase enzyme (horseradish peroxidase, HRP). HRP will 
then convert a chromogenic substrate from colorless to colored. There are a few substrates that are 
available for use and will be tested to determine optimal substrates for each reaction (L-lactate, 
uric acid, and L-AAs) relevant biological concentrations and ranges found in sweat. The substrates 
include; 4-aminoantipyrine (DHBS) with 3,5-dichloro-2-hydroxy-benzenesulfonic acid (AAP) 
together create a red product, o-dianisidine (OD) forms a green-brown color; iodine forms iodide 
and is yellow brown in color.51 L-amino acid oxidase (AAO) doesn’t react with all AAs, but it 
gives a relative idea of total AA content. Paper-based detection limits for L-lactate and uric acid 
using oxidase colorimetric detection systems have been as low as 0.5 mM51 and 43 μM52 
respectively, and are well below or close to the expected biological range found in sweat (3.7-50 
mM and 0.0042-4.8 mM)55  Dehydrogenase reactions use the oxidized form of nicotinamide 
adenine dinucleotide (NAD+) as a reactant and form the reduced form of nicotinamide adenine 
dinucleotide (NADH). The NADH is further reacted with a tetrazolium salt to again form NAD+ 
and a colored formazan dye. A previous study for L-phenylalanine in serum using phenylalanine 




210 μM).55 While, L-alanine dehydrogenase has been used in the literature with the formazan dye 
formation reaction,57 no detection limit was calculated, but the biological range of L-alanine found 
in sweat is sufficiently high to not be of concern (0.267-7.104 mM)12 
Task 1: μPAD Device Fabrication.  
A commercially available wax printer (Xerox ColorQube 8870) will be used to print 
hydrophobic barrier designs onto filter paper. Designs are quickly and easily developed using a 
drawing program, such as CorelDraw, so that each device design can be tested within the same 
day, and an optimal design (such as channel geometry, well diameter, etc.) can be determine 
quickly. Figure A3.1A shows the general fabrication process using a wax printer.  
Figure A3.3 Sweat patch device layers and incorporation with the detection layer device. 
Detection wells have a control and test spot for each enzyme reaction. 
 
A few filter paper-types will be tested to optimize enzyme performance, stability and color 
formation detection. Current studies in the Henry lab are evaluating enzyme kinetics on different 
types of filter paper with varying pore size (11 μm, Whatman Grade 1; and 20-25 μm, Whatman 




will be used for fabrication. Because this is the first attempt to create a portable and multiplexed 
sweat detection system a design was proposed to minimize, temperature, humidity, and movement 
factors that could alternately hinder or alter enzyme reaction conditions and therefor provide 
varying results. The proposed design will use two separate devices; one for sampling and one for 
analyte detection. The sweat sampling device will be worn by the test subject and contain an RFID
layer for sweat rate monitoring. The second device will be a detection sleeve, that the sampling 
device can be slipped into and buffer can be added to flow analytes from the sampling pad to the 
reaction sleeve device containing pretreatment and detection zones. Figure A3.3 shows both design 
schematics and how each design will fit together for detection at the end of use. 
Task 2: Chemistry Optimization for Enzyme Reactions.  
Several chromogenic substrates are available for each type of enzymatic reaction and are 
listed in Table 1. First, simple spot tests on paper for each reaction will be tested and optimized 
for each of the corresponding enzyme assays. Optimal reaction conditions, including; enzyme 
concentration, buffer constituents, pH, reaction time, and chromogen concentration for the 
biologically relevant ranges will be developed. While sweat contains many constituents, simplified 
initial tests will first be conducted in a sweat mimicking standard that contains only a few major 
electrolyte components at average physiological concentrations (25 mM sodium chloride, 3 mM 
calcium bicarbonate, 3 mM potassium phosphate dihydrate) and pH (pH 5.3).58 Because all the 
enzyme reactions have successfully been performed in complex biological samples such as blood 
and urine, little interference is expected, however few of the assays have been performed in sweat 
and will be tested thoroughly. Optimized enzyme reactions will be analyzed for cross-reactivity 
and interferences by applying an artificial sweat solution containing known concentrations of all 




house.55,58 All enzyme systems are capable of detecting concentrations of analyte at biological 
levels, except possibly very low concentration of uric acid, which is below the linear range found 
in the literature for enzyme reactions on paper. This shouldn’t be an issue however, as the sweat 
patch can be worn for a longer period of time for collecting more analyte, and sealing adhesive 
strip can be made with a slightly perforated/permeable region only above the uric acid sampling 
region to help further dry and concentrate analyte within that region. 
Task 3: Optimizing Colorimetric Detection.  
Initial colorimetric detection will be performed using both a cell phone camera and a 
portable flatbed scanner. Previous work in our lab has shown that a flatbed scanner (Figure A3.4C) 
provides lower detection limits and higher reproducibility due to a more consistent light source 
and focal length when compared to a cell phone. A cell phone, however, is more portable and 
would be the ideal detection system since over 90% of the adult US population (≥18 years old) 
owns cell phones59 and 70% own a smartphone.60 While most cell phones contain cameras, internet 
access, and access to apps, smartphones in particular are capable of both detection with a camera 
and image analysis (given proper app development)61 or the ability to save/send the image to be 
analyzed to a laboratory.54 Each photo can be examined using free analysis software such as 
ImageJ on a computer or with an app such as ColorAssist,61 which converts the image to RYB and 
CMYK color values to determine the average intensity of color formation that can then be 
correlated with results from standard concentrations.62 An inexpensive, 3-D printed cell phone 
detection system will be fabricated as a simple black cylinder attachment with a phone cradle to 
ensure the repeatable cell phone placement, to control lighting conditions and to maintain a 
constant focal length (Figure A3.4B). Previous work by Yetisen et al. has determined algorithms 




will be used in this research for detection and calibration.63 shows a scheme of what the printed 
attachment will look like and how the device will be imaged within it. Once enzyme reaction 
conditions are optimized a color gradient comparison chart will also be developed and assessed 
for use as an instrument free detection options. A blind study will be conducted detection validity 
and users will be asked to determine unknown concentrations by comparing color formation 
against a color gradient chart (Figure A3.4A). 
 
Figure A3.4 Colorimetric detection by increasing complexity and accuracy (A to C). where B has 
a 3D printed lighting box. 
 
Aim 2. Develop sweat rate monitoring patch with an RFID printed circuit to monitor the 
rate of sweat saturation within the device. 
A μPAD sampling patch will be constructed to wick perspiration from the surface of test 
patient’s skin using an optimal filter paper substrate and commercial or inkjet-printed RFID tags 
to measure the rate of saturation within the paper in contact with the tag. Cell phone read distance 
and measured signal will be monitored with varying saturation rates and volumes. 
Task 1: Cellulose Pad Optimization. The maximum rate of perspiration on the thigh for 2 hours 
(0.039 mL/cm2/hr for high intensity activity)64 will be used as a benchmark for the total volume of 




saturated (2 mL total volume). Variations in 100% cellulose filter paper pore size and thickness 
are selected to determine the optimal paper grade (Whatman Grade 1 and 4, Pall Grade 165 and 
197).21 A 50 mM sodium chloride saline solution will be used to saturate each paper type and the 
final mass will be used to determine maximum saturation volume. The rate of wicking also plays 
a key role in optimal pad consistency. The pad will need to quickly wick solution away from the 
surface of the skin to keep glands from occluding and the flow rate as well as evaporation rate will 
be tested using 50 mM sodium chloride. After incorporation with the RFID the whole pad will be 
sealed with an adhesive strip to minimize sweat evaporation, keep the pad in contact with skin and 
to protectively seal and adhere the pad to the test subject. Tegaderm™ Holding Power (HP) 
transparent film dressing will be used as previously reported for sweat patches.21,65 
Task 2: Radio Frequency Detection.  
This task will be performed in collaboration with the engineering department to effectively 
and efficiently develop and measure RFIDs. Radio frequency detection will be performed using 
either a stencil-printed or a commercially available 13.56 MHz RFID from Texas Instruments ( 
RI-I11-110A-01). While previous work has used this commercial RFID for monitoring the sweat 
rate saturation of paper,21 No paper-based RFID tag has been used in contact with solution, and as 
such will need to be optimized and characterized to determine if it is a viable option for detection.66 
Paper-based RFIDs offer a flexible, inexpensive, and easily disposable alternative to plastic based 
RFIDs. Stencil-printing has been used to print silver ink RFID’s onto plastic, but will need to be 
characterized for detection on paper.67 This technique will be performed by creating stencils from 
transparency film using an Epilog™ 16 W Laser Engraver.  The stencil is used as a mask to print 
silver ink into an RFID circuit pattern onto the surface of the paper-substrate. A network analyzer 




center frequency, bandwidth, Q factor, and magnitude of reflective power losses by measuring the 
impedance spectrum of the tag (Figure A3.5).  
 
Figure A3.5 A) RFID communication where RFID Reader broad cast signal is emitted used to 
power the RFID chip (such as for sensing and memory) and return a signal with information back 
to the RFID Reader. A) Image of an RFID ship with a C) plot of measured return signal parameters 
from the chip. (image B taken from Ref. 21 and image C taken from www.digikey.com)  
 
The network analyzer works by transmitting a range of radio waves that are then reflected by the 
RFID tag back to the network analyzer for detection. Environmental changes in the dialectic 
constant between the antennae loops is affected by the  saturation and manifests itself as a shift in 
the  center frequency (fo). Changes in solution conductivity, pH, and pad saturation volume of 
saline solutions will be measured for each RFID type and the optimal measurement parameters 
will be determined for sweat rate detection. It is expected, based off of previous work using 
commercially available RFIDs that neither conductivity or pH, will significantly affect fo and can 




combination with a cell phone or computer to detect these changes and plot them with time. 
Collaboration with the engineering department will further optimize detection parameters, such as 
detection distance (current method is ~ 45 cm), and work on camera app development for wireless 
data acquisition and plotting/analysis in real time. 
Aim 3: Detection from sweat patches after sedentary activity or vigorous exercise, and 
correlate results based on punches taken from the sweat patch and analyzed using HPLC 
detection. 
Testing the μPAD device with real biological sweat samples and on actual test subjects 
will allow the devices to be further scrutinized for performance. Device functionality, accuracy, 
and precision can be determined and compared to controlled laboratory conditions where the need 
for further optimization can be assessed. Testing will be conducted in collaboration with the Health 
and Exercise Science Department where athlete and non-athlete volunteers will be analyzed using 
campus athletics and health facilities. Initial testing will be similar to a previously reported  
detection method that looked at the AA sweat content of healthy trained and untrained test 
subjects.12 Testing a similar test case will provide the study with a way to validate the μPAD 
technology with the literature and IEC detection method, and also provides a necessary baseline 
for healthy sweat constituent detection. Healthy volunteer test subjects will have measurements 
taken for physiology and baseline characteristics including, but not limited to; age, sex, ethnicity, 
body mass index (BMI), waist circumference, body composition, level of physical activity, heart 
rate, medications taken, and resting metabolic rate. Subjects will then be placed into trained or 
untrained categories based on the amount of reported physical activity normally carried out per 
week. Subjects that reported 1 hr of vigorous activity per week on average will be placed in the 




will be placed in the trained category. Both groups will be asked to continue this average weekly 
activity for a month. Physiological and baseline characteristics will be measured again prior to 
testing. Trained and untrained healthy test subjects will wear sampling devices for two hours while 
doing sedentary activity before removal and detection. However, if this initial test indicates a 
longer time necessary to generate enough sweat for detection, patches will again be worn for either 
8 or 24 hours with no vigorous exercise.  Subjects will then wear a new patch during two hours of 
vigorous exercise for detection. Analyte detection results will be measured using the optimal 
device design and detection schemes developed in Aim 1 in combination with the optimal RFID 
tagged sampling pad device. Sweat rate will be validated by measuring the change in mass of the 
sampling pad immediately before and after the allotted activity time. Based on previous literature, 
trained individuals had lower concentrations of AAs in sweat than untrained. 
HPLC detection will be conducted on punches taken from designated areas on the sampling 
pad. The sweat will be eluted from the punches and measured using a previously reported detection 
method for HPLC detection of AAs in plasma samples.27 Prior to real sample analysis initial tests 
will be performed to optimize the detection method for sweat and to calibrate the system using a 
sweat mimicking solutions directly and from solutions dried on filter paper. An internal standard, 
S-carboxymethyl-L-cysteine, will be used and added to the device HPLC detection region prior to 
punching out the detection zone to determine extraction efficiency. Serum samples will also be 
measured using HPLC detection of AAs before and after exercise using the same method. Lactate 
and uric acid will be measured from filter paper punches and serum samples using standard 
spectrophotometric assays and procedures from Pointe Scientific. 
Aim 4: Sweat patch detection of sweat AAs, lactate, and uric acid concentrations profiles in 




Based on previous results in plasma,16,17 patients with Type 2 diabetes, Type 2 diabetes 
with cardiovascular disease and patients with only cardiovascular disease patients will be 
compared with healthy patient controls. Phenylalanine and tyrosine have been shown to be a key 
indicator in the development of diabetes, and CVD. This will be the first time sweat will be 
analyzed as a potential marker for both disease detection and prevention of these two heavily 
prevalent diseases. All previous methodologies for healthy patient analysis in sedentary activity 
will be followed and used for comparison. HPLC and standard spectrophotometric assays will be 
again used for sweat and serum detection. 
Additional Pitfalls and Limitations 
This proposal is the first application of a paper-based device for the detection of AAs, and 
as such is dependent upon development and research from previous technologies and chemistries. 
While there may be risk associated with development, we feel the benefits of developing a novel 
sweat screening device for human diet, exercise, and early disease detection is well worth the risk. 
We have allotted extra time in the proposed timeline (Table 1) to cover any extra experimentation 
or optimization not covered within the current experimental plan that may be necessary to complete 
the task. Sweat is a highly complex and variable matrix that can have a wide range of pH and ionic 
strength. This variability could cause problems with enzymatic assays, however a few successful 
reports have used enzyme assays or immunoassays for the electrochemilumenescence detection of 
lactate68 and spectrophotometric detection of cocaine excretion in sweat, and we feel that it will 
not pose a significant threat.69 Biologically relevant concentration ranges for AAs, lactate, and uric 
acid in sweat are within detectable enzymatic limits already achieved on paper. 51 However, if 
certain AAs fall below the detectable range, the patch can be made to concentrate sweat in certain 




proof-of-concept detection of AAs is limited to 4 key species that have been found to correlate 
with athletic performance and cardiovascular disease development, future work would develop 
assays and detect more AAs for a more comprehensive sweat monitoring profile. Patch location 
and area specific detection will not be addressed in this work, but has been studied previously and 
would be interesting to see how sweat analyte concentrations vary by region and health.64 Nor will 
dye stability, temperature, humidity, or other potential interferences due to sampling sweat from 
test subjects outside of ambient conditions.  All test patient detection areas will be swabbed with 
rubbing alcohol to prevent previous or external contamination of skin and minimize assay 
interferences. Testing variations in these factors are not necessary for the scope of this initial 
development, but may be useful for future development. 
Project Management and Timeline 
 
While the Henry group offers key expertise into paper-based device development and 
chemistries, specifically enzyme chemistries in paper, the collaboration with the athletics, biology, 
and engineering departments will be key to the successful application of this device. Update 
meetings will be held weekly to determine and address realized or possible pitfalls that can occur 
during the device development and application stages. All proper training and safety will be 
followed regarding use of protective equipment, adherence to laboratory health and safety 
Table 1. Timeline for Proposed Research   
Aim Task    Month: 0       6 12 18 24 
1 Develop Single Analyte µPAD     
1 
1 
Optimize Detection Reactions 
Optimize Detection Conditions 
     
2 Develop Multi-Analtye µPAD       
2 RFID Calibration with Saturation       
3 
4 
Exercise Field Test 
Healthy vs Disease Test 




protocols, handling of hazardous materials and biological samples, and set HHS and NIH standards 
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